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CHAPTER I 

 

INTRODUCTION 

 

Overview 

 

Cholera toxin is a member of a family of bacterial toxins, known as AB5 toxins (Figure 1).  These toxins 

share a basic structural motif, consisting of an enzymatically active A subunit and a pentameric lipid binding B 

subunit.  In addition to cholera toxin, this family includes such toxins as pertussis toxin, Shiga toxin, and heat labile 

enterotoxin [1].  Together the diseases induced by these toxins account for a huge human health burden.  Cholera 

alone is estimated to cause approximately 100,000 to 120,000 fatalities annually [2].  Of the fatalities many are 

children, making cholera the second leading killer of children under 5 years of age [3]. 

Cholera toxin is produced by the gram-negative bacteria, Vibrio cholera.  Specifically it is the 01 and 0139 

serogroups which produce the toxin [4].  Vibrio cholera is passed from host to host through contaminated drinking 

water.  Once ingested the bacteria gains access to the large intestine.  There cholera toxin is endocytosed into the 

gut epithelial cells where it triggers a signaling cascade leading to dysentery.  This dysentery can persist for up to 

two weeks and causes death by dehydration.   

Current efforts to combat cholera are focused primarily on preventative measures and alleviating the 

symptoms, rather than combating the disease itself.  Vaccines are available for cholera.  However, these vaccines 

are not readily available in impoverished nations [4].  Additionally public works measures such as sewage and 

water treatment have dramatically reduced the prevalence of the disease.  For this reason, cholera has been 

almost eradicated in the United States and other developed countries.  However, in parts of the undeveloped 

world cholera remains a major health concern with cholera is still endemic in more than 50 countries [4].    



  

2 
 

Once cholera has been diagnosed the infection may be treated with antibiotics.  However, as with the 

vaccine for cholera, antibiotics are often unavailable in the hardest hit regions.  Furthermore, the change in cell 

signaling triggered by the toxin persists for many days after clearance of the bacteria.  Therefore, treatment with 

antibiotics can only have limited benefits.  A much more effective treatment method has been to counteract the 

dehydration caused by cholera through intravenous rehydration or oral salts.  If diagnosed early and treated for 

dehydration, the survival rate for a cholera patient improves from less than 50% to 99.8% [4].   

Even though public works measures and rehydration therapy have proven tremendously beneficial in the 

control and treatment of cholera, this does not mean that research into this disease is not worthwhile.  The 

retrograde trafficking regime utilized by cholera toxin is conserved across the AB5 family of toxins. Furthermore, 

the medical approaches of public sanitation projects and control of symptoms has been less effect in controlling 

diseases associated with other AB5 toxins (primary pertussis, E. coli borne dysentery and Shiga toxin induced 

haemolytic uremic syndrome).  Through better understanding of the workings of cholera toxin, we may build 

models which will serve to aid research into these diseases.  

Toxicity of AB5 toxins is dependent on cellular uptake and specific trafficking within the cells.   Once the 

bacterium has infected the host organism, the toxins they produce are targeted to the host’s cell.  This occurs 

through the toxin’s multimeric binding to gangliosides of the host cells plasma membrane (Figure 2).  Following 

binding, the toxins are endocytosed and trafficked retrograde to the trans-Golgi and endoplasmic reticulum (ER) 

[1, 5] (Figure 3).  It is only those toxins which have made it the ER that can stimulate pathogenicity leading to 

disease.  In this way, sorting of the toxin at the plasma membrane into specific class(es) of nascent endocytic 

vesicles and/or within the endosomal system is a primary factor in determining if the bacterial infection will lead to 

disease. 

This raises a major question: what is it about AB5 toxin that causes them to be trafficked to the trans- 

Golgi, as opposed to being recycled back to the plasma membrane or taken to the lysosome for degradation? In 

addressing this question, a large amount of attention has been focused on the idea that the toxins may be sorted 

through interactions of the toxin’s lipid receptors with lipid rafts, i.e. putative domains with cellular membranes  
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Figure 1. Molecular structures of AB5 toxins. The B-subunit is represented as a molecular surface. The A-
subunits of subtilase cytotoxin (SubAB), Ctx, heat labile enterotoxin (LT), Stx and pertussis toxin (Ptx) are 
shown in cartoon representation and colored according to the respective catalytic activity (light blue for 
subtilase activity, light green for ADP-ribosylase activity and purple for RNA N-glycosidase activity). The 
common structural element (helix A2) is colored red, and the level of sequence identity of the A-subunit inside 
a family is indicated (modified from [1]). 
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Figure 2.  Ribbon diagram of the structure of cholera toxin and its receptor, GM1. (A) Three-dimensional 
structure of cholera toxin. The A chain noncovalently associates with the central pore of the pentameric B-subunit 
via the rod-like A2-chain. (B) Top view of the homopentameric ring-like structure formed by CT B-subunit. Five 
binding sites (orange) for the GM1 receptor are formed by mutual contribution at the interface of neighboring 
subunits. (C) Molecular structure of the ganglioside receptor for CTxB, GM1. (modified from [5]) 
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Figure 3.  General pathway for CT entry into intestinal cells via lipid rafts. Cholera toxin binds to GM1 
localized in lipid raft domains (green) on the apical membrane via the B-subunit and is internalized into apical 
early endosomes.  CT is then trafficked to the trans-Golgi network (TGN) and bypasses the Golgi apparatus on 
its way to the ER.  Once inside the ER, protein disulfide isomerase (PDI) recognizes the cleaved form of the A1 
chain (shown in red), where it is unfolded and dissociated from the B-subunit (in blue).  The A1-chain is then 
retro-translocated to the cytosol, presumably by the Sec61 channel. CT can also recycle between the Golgi and 
ER via anterograde and KDEL-dependent COPI-mediated pathways (dotted arrows).  Once in the cytosol, CT A-
chain then induces chloride secretion by increasing cyclic AMP (cAMP) levels via adenylate cyclase (AC) by ADP 

ribosylating Gs (from [5]). 
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generated by weak lipid-lipid interactions.  The lipid raft model proposes that rafts contain specific lipid 

compositions and that  proteins  partition  preferentially   into   membrane   domains   of  specific  lipid  

compositions.      By   sorting  components important for performing a specific task, such as signal transduction 

across the membrane or endocytosis, it is thought that rafts exercise a functional control over these processes [6].  

 In the case of cholera toxin, its association with plasma membrane rafts may function as a means to target 

the toxin to specific classes of nascent endocytic vesicles and thus regulating CTxB uptake [7-9].  Similarly, raft 

mediated sorting may have a role in sorting the toxin inside the early endosomes [7, 10, 11].  The concept that the 

toxin associates with lipid rafts originates from early work on rafts in which biochemical extraction of rafts, from 

non-raft membrane, was attempted.  This work quickly identified cholera toxin as a putative raft associated 

protein [12].  Later, work in model membranes discovered cholera toxin to be highly enriched in putative raft-like 

regions within model membranes [13].  However, attempts to directly visualize rafts in live cell membranes have 

been largely unsuccessful, suggesting that rafts are too small and/or too dynamic to be imaged with current 

techniques.  To overcome this obstacle the field has turned to microscopy based biophysics techniques (such as 

fluorescence recovery after photobleaching (FRAP), Förster resonance energy transfer (FRET) and fluorescence 

correlation spectroscopy (FCS)) to indirectly detect rafts.  However, such biophysical approaches have yielded 

mixed results when it comes to detecting and characterizing lipid rafts. 

 An alternative approach to studying rafts has been to look at the functional consequences of cellular 

treatments predicted to perturb lipid rafts.  Biochemical extraction and model membrane work has long indicated 

that cholesterol is necessary for raft formation [14], and so the consequences of cholesterol depletion on cellular 

processes has become the primary technique used to examine possible roles of lipid rafts in cells.  For example, 

clathrin independent endocytosis is especially sensitive to cellular cholesterol and can be inhibited with acute 

cholesterol depletion, leading to the assumption that these are raft based mechanisms [15].  In fact, cholera toxin 

was one of the first cargo molecules observed to be using clathrin independent endocytosis [16, 17].  Additionally, 
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it has been shown that cholesterol depletion impairs the endocytosis of cholera toxin [18].   While these studies 

make a correlative argument for the involvement of rafts in toxin endocytosis, they leave much unanswered. 

While evidence supports the idea that CTxB labels, and even aggregates, lipid rafts, how these rafts 

modulate CTxB dynamics and endocytosis remains unclear.   My work has addressed these issues in two ways: by 

focusing on the membrane organization of CTxB and by examining the uptake of CTxB by cells.  First, by examining 

the diffusional properties of cholera toxin at the cell surface, I tested specific models of membrane organization in 

an attempt to detect diffusional properties consistent with (or contradictory to) previously published models of 

membrane organization, including lipid rafts.  An abundance of literature exists to point to cholera toxin as a raft 

marker, and some studies indicate that CTxB cross-links rafts.  Based on my research into CTxB, I cannot comment 

on the validity of CTxB as a raft marker, although I found no clear evidence that CTxB is cross-linking rafts.  I did, 

however, find that the diffusion of CTxB is governed by actin.   

Second, through live cell studies of the uptake of cholera toxin, I tested a very specific mechanism for the 

endocytosis in which toxin-stabilized rafts are absolutely necessary for uptake, a model henceforth referred to as 

“toxin-induced endocytosis”.  As with the FRAP work, my research into toxin-induced endocytosis demonstrates 

that this process is not-dependent on raft cross-linking by toxin; as previously proposed [19, 20].  Rather, this is an 

endogenous process which does not require the toxin at all.   Most importantly, we have established a novel role 

for cytoplasmic dynein and microtubules in bending the plasma membrane.  Once published, our work will be only 

the second report indicating a role for dynein in endocytosis, and the first to show a role for this protein in 

microendocytosis (as the first involved a role in macropinosomes formation [21]).  Furthermore, the toxin induced 

model has previously been implicated in the uptake of other lipid binding toxins and viruses.  Therefore, our work 

on CTxB may prove important for a wide variety of diseases in addition to cholera. 

 

 



  

8 
 

Cholera toxin 

 

Cholera toxin is secreted by the bacteria Vibrio cholerae.  The toxin itself is a member of the AB5 class of 

bacterial toxins, and as such is comprised of a homopentameric B subunit and an enzymatically actively A subunit.  

The B subunit of the toxin is responsible for binding of the toxin to the host cells.  It does this through 5 lipid 

binding sites located at the cleft between each subunit (Figure 2) [22, 23].  The toxin is generally considered to 

bind the ganglioside lipid GM1, although other possible binding partners do exist [24-26].  

 The A subunit of cholera toxin is a single peptide comprised of two domains, A1 and A2.  The A1 domain 

contains the catalytic domain while the A2 domain tethers the A subunit to the B subunit [1].  The A subunit 

functions as an ADP-ribosyltransferase that constitutively activates the Gs-protein [27].  This activation of Gs- 

results in activation of adenyl cyclase and elevation of cAMP levels, which results in mass chloride and water 

excretion [5].  When this processes occurs in the gut of the host organism the elevated chloride and water 

excretion results in dysentery.  

 

Lateral membrane organization 

 

Membrane organization of cholera toxin 

Cholera toxin has become a popular tool for the study of the plasma membrane organization because of 

its common association with lipid rafts.  The lipid raft model defines rafts as regions of cellular membranes 

containing a unique composition brought about through lipid-lipid interactions [6].  These lipid-microenvironments 

are thought to be preferential for specific proteins and not for others, leading to the lateral organization of lipids 

and protein in the membrane.    
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It was the observation that CTxB associates with DRM’s that provided the initial evidence supporting an 

association between CTxB and lipid rafts [12, 28, 29]. Later in vitro studies collaborated this designation as 

fluorescently tagged toxin associates with raft-like, liquid ordered (Lo) membrane regions in GUV’s and GPMV’s 

[13, 30, 31].    

While biochemical analysis and studies in model membranes indicate CTxB associates with lipid rafts, its 

interaction with rafts in live cell studies have been more difficult to demonstrate.  In live cell microscopy studies, 

cholera toxin appears to be uniformly distributed at the cell surface [32, 33].  Lipids generally diffuse much faster 

than transmembrane proteins within the membrane [33], and so one would expect that a lipid bound protein 

would diffuse quickly like a lipid.  However, biophysical studies of cholera toxin diffusion in live cells have revealed 

that its diffusion is slower than many other lipid anchored proteins [33, 34].  One plausible explanation for this 

slow diffusion is that CTxB may be associated with large immobile rafts.   

One example of a class of large, immobile rafts is caveolae.  These are flask shaped invaginations found on 

the plasma membrane (for more on caveolae see the “Nascent endocytic vesicles” and “Caveolae-mediated 

endocytosis” sections below).  Since caveolae are known to be immobile in the plane of the membrane [35], the 

association of CTxB with caveolae seems like a likely explanation for the slow diffusion of CTxB.  In fact, at least two 

studies have found that knocking down caveolin-1 resulted in increased mobility of CTxB at the cell surface [36, 

37].  Further evidence for caveolae slowing CTxB comes from work investigating the intra-endosomal mobility of 

CTxB [7]. In this study, cholera toxin diffusion was examined enlarged endosomes were generated by expressing 

the constitutively active Rab5 Q79L mutant.  This mutant form of Rab5 generates enlarged early endosomes, such 

that membrane domains can be visualized in the early endosomes.  In Rab5 Q79L expressing cells, Caveolin-1-GFP 

was immobilized within enlarged endosomes, whereas CTXB was not.  However, when cells were incubated in the 

presence of NH4Cl to neutralize endosomal pH, CTXB became diffusionally restricted at sites enriched in caveolin-1-

GFP [7].  These findings suggest that CTxB diffuses slowly at the cell surface as the result of its interaction with 

caveolar domains at neutral pH [7]. 
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CTxB may not only report on membrane organization but also has the capacity to remodel membranes. 

CTXB binding has been shown to modulate the phase behavior of Lo/Ld mixtures in model membranes [13].  Giant 

unilamellar vesicles consisting of phosphatidylcholine, phosphatidylglycerol, sphingomyelin, cholesterol, and GM1 

that are doped with fluorescent probes that preferentially segregate into the Lo or Ld fractions showed one 

homogenous bilayer at the resolution of fluorescence microscopy.  However, following CTXB treatment clear 

segregation of the membrane into two phases was seen [13].  A similar result was recently reported where CTxB 

induced large scale separation of raft and non-raft associating fluorescent probes in cytoskeleton-free plasma 

membrane vesicles, which were still attached to live cells [30].  To more directly test the role of crosslinking of 

CTxB, a recent study evaluated the toxicity and diffusion at the plasma membrane of a chimeric mutant cholera 

toxin containing 0, 1 or 2 functional binding sites for GM1, as compared to wild type holotoxin's 5 GM1 binding sites 

[28].  Since only those toxins having functional binding sites adhere to the cells, it is the 1 and 2 binding chimeras 

that were actually studied.  The chimeric toxin exhibited some toxicity, although with reduced potency compared 

to wild type.  Endocytosis was also reduced.  However, the mutant toxin had Mf and D values similar to wild type 

CTxB, as assessed by confocal FRAP [28].  This suggests that pentavalent binding of GM1 by CTXB is important for 

efficient toxin uptake, but that it cannot explain the slow diffusion of the toxin while at the cell surface.  

 In addition to modulating the lateral organization of the cell surface, CTxB may also deform membranes.  

X-ray scattering studies have reported that CTxB binding increases the tilt angle of GM1 within lipid monolayers 

and bilayers [38, 39], which could create a depression in the membrane under the toxin.  In one extreme case CTxB 

binding to planar lipid monolayers caused the monolayers as a whole to transform into a series of tubules defined 

by negative membrane curvature, a state known as hexagonal membrane phase [38].  This repositioning of lipids 

and apparent bending of the membrane, can be seen in studies on GUV’s where vesicles developed invaginations 

following labeling with fluorescent-conjugated CTxB [40].   
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Cortical actin corrals 

One prominent model for membrane organization is known as the “picket and fence” model.  In this 

model, the actin cytoskeleton forms fences along the inner leaflet of the plasma membrane [41-44].  These fences 

form corrals that can separate membrane regions, restricting the movement of transmembrane proteins as well as 

proteins anchored on the inner leaflet. In addition to physically impeding the movement of some membrane 

components, other proteins are bound directly to the actin cytoskeleton.  Transmembrane proteins that are 

anchored directly to the actin cytoskeleton form pickets along the fences and impede the movement of molecules 

in both leaflets of the bilayer [45].  While the corrals separated by pickets and fences segregate the plasma 

membrane, molecules are not completely confined to these corrals.  For instance, hop diffusion, where a molecule 

jumps out of one corral into another has been recorded with single particle tracking [45].  

 

Lipid rafts 

Lipid rafts are putative structures within the plasma membrane brought about by lipid–lipid interactions 

[6].  The discovery of lipid rafts was motivated by the question of how GPI-anchored proteins and 

glycosphingolipids are sorted to the apical surface of polarized epithelial cells [46, 47].  Brown and Rose showed 

that fractionating membranes with detergent results in the solubilization of much of the membrane and the 

isolation of GPI and sphingomyelin enriched membrane sections [48].  These fractions became known as detergent 

resistant membranes (DRM’s), and are proposed to be held together primarily by lipid-lipid interactions.  The idea 

that lipids could interact with one another is supported by work in model membranes.   

In protein free model membranes containing unsaturated phospholipid, sphingomyelin and cholesterol, 

the lipids can spontaneously segregate into two distinct phases.  In one phase, the lipids assume a liquid 

disordered state (Ld) characterized by both highly flexible acyl chains and highly mobile lipid molecules.  In the 

other phase, sphingomyelin and cholesterol molecules are tightly packed and exhibit more restricted motion.  This 

phase has been called the liquid ordered or Lo phase [49].   These Lo phases produced in model membranes, as 

with DRMs, have been equated with lipid rafts [50].  Membrane proteins are, in turn, hypothesized to 
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preferentially associate with either Lo or Ld regions of the membrane.  While these model membrane systems may 

be convenient tools, they are extremely simple and may not accurately reflect rafts in native membranes. 

Biochemical detergent extraction and biophysical studies in model membranes have generated an 

enormous body of literature detailing the function of lipid rafts and physical mechanisms underlying their 

formation.  Yet, with few notable exceptions [31, 51, 52], most attempts to visualize large-scale phase separation 

in vivo have been unsuccessful.  Even some biophysical measurements with a spatial resolution of better than 100 

Å have shown that the majority of raft proteins appear to exist as monomers and only a few in clusters [33, 53-55].  

This has led to the conclusion that if rafts exist in vivo they are generally small and also likely highly dynamic.  

In a hallmark paper, Saffman and Delbruck described diffusion within a lipid bilayer as inversely 

proportional to the hydrodynamic radius (analogous to the area at the surface of the membrane) of the diffusing 

particle, the viscosity of the membrane and the thickness of the membrane [56].  With the advent of the lipid raft 

model many years later, it was evident from Saffman and Delbruck’s equation that raft markers have slowed 

diffusion through two mechanisms.  First, since rafts lipid are thought to more highly ordered and more densely 

pack than non-raft lipids, the viscosity inside the rafts should be greater than the viscosity outside the raft.  

Therefore, raft particle will display slower diffusion as they move through rafts as compared to non-raft particles 

diffusing in the less viscous non-raft regions of the membrane.  The second means by which rafts may alter 

diffusion is based on the principle that rafts are complexes of lipids and proteins.  As complexes they should have 

effective hydrodynamic radii much larger than the hydrodynamic radius of a single lipid or protein.  This enlarged 

effective hydrodynamic radius will in turn slow the diffusion of the raft as compared to non-raft particles, which 

diffuse as single entities.   Based on these two lines of thinking, a wide range of models has been proposed to link 

diffusion to rafts [33, 57, 58].  While the idea that rafts should impact diffusion has been a promising one, 

experimental data has been less than decisive and even at times contradictory.  A number of models have been 

put forth in an effort to reconcile the sometimes conflicting data on raft structure and dynamics [59-63].  

Interestingly, the diffusion of CTxB is abnormally slow [33, 34], and while many factors could account for this slow 

diffusion, the putative association of CTxB with rafts makes raft modulated diffusion an interesting possibility.   
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Actively maintained domains 

 The classical model of lipid rafts is that their components dynamically partition into the rafts from the 

bulk membrane.  This model implies that as the number of raft components in the membrane increases the 

number of raft molecules inside each raft should also increase [64].  However, cases have been reported where 

increasing the concentration of putative raft proteins resulted in the formation of more microdomains, while the 

number of proteins within each microdomain remained constant [53, 64, 65]. As this phenomenon is contradictory 

to the laws of mass action, it has been proposed that the cells must be actively regulating microdomain size and 

composition. Thus, I will refer to these domains as “actively maintained domains”.  It is important to note that 

while this model implies that energy expenditure by the cell is required to maintain these domains, this has never 

been directly tested. 

  Similar to lipid rafts, the formation and maintenance of actively maintained domains is thought to be 

dependent on cholesterol and sphingolipids [53, 64].  However, it appears that actin plays a major role in the 

maintenance of these domains.  Initial evidence for this comes from the observation that these domains dissipate 

under actin disruption [64].  This is supported by the observation that plasma membrane blebs devoid of F-actin do 

not contain actively maintained domains [66].  Interestingly, conventional rafts do not dissipate but rather 

coalesce in the absence of cortical F-actin [31], highlighting the opposing effects of actin on these two classes of 

microdomains.  Furthermore, actively maintained domains are dependent on myosins as treatment with 

blebbistatin causes them to dissipate [66].   Together, this characterization has led to a model for the formation of 

actively maintained domains which recently appeared in Cell [67].  This model proposes that small asters of cortical 

actin contain myosins which link the actin asters to the plasma membrane.  The power stroke of the myosins leads 

to convection of the plasma membrane.  During convection specific lipid species become trapped in small regions 

devoid of these short actin filaments [67].   
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Microtubules 

There is very little known about the impact that microtubules may have on diffusion within the plasma 

membrane.  However, a recent Cell paper by Jaqaman et al., used particle tracking to following the diffusion of 

receptors at the cell surface revealed such an interaction [68].  The authors found that the diffusion at the plasma 

membrane of one receptor in particular, CD36, was confined by cortical actin.  However, unlike the corrals 

identified previously [69, 70], which have a semi-symmetrical shape, CD36 was confined in long rectangular actin-

defined regions [68].  Furthermore, while delineated by cortical actin, these rectangular regions appeared to align 

with microtubules near the cell surface.  Based on this finding, Jaqaman et al. proposes that the microtubules may 

indirectly influence the plasma membrane architecture by patterning cortical actin.  Furthermore, they suggest 

that CTxB, like CD36, may also become trapped in these microtubule-induced corrals [68].  While an exciting 

observation, much more work needs to be done to understand the possible roles of microtubules in determining 

plasma membrane structure and function. 

 

Caveolae 

 The plasma membrane serves as a physical barrier between the cell and the outside environment.  

Therefore, in order for many proteins to gain access to the cell they must be actively endocytosed by the cell.  It is 

thought that nascent endocytic vesicles docked at the plasma membrane can arrange the plasma membrane by 

concentrating or depleting specific membrane components.  While this is potentially true for all forms of 

endocytosis, the role of caveolae in membrane organization is the most studied. 

 Caveolae are large (60-80 nm), flask like invaginations on the plasma membrane composed of caveolin 

proteins, cavin proteins, and EHD2 [71-78].  Furthermore, they have specific lipid composition and require 

cholesterol for their formation [71, 79-83], potentially making them one form of lipid raft [6].  These invaginations 

spend large amounts of time stably docked at the cell surface with their lumens open to the fluid phase outside of 

the cell [84].  Eventually they separate from the membrane as caveolar vesicles to facilitate trafficking (see the 

“Caveolin Mediated Endocytosis” section for more on caveolin mediated endocytosis).  While docked at the cell 
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surface caveolae are laterally immobile [35, 84].  A large body of work has examined the potential role of these 

docked caveolae on the lateral organization of membrane molecules [85].   At least two studies have linked CTxB 

diffusion with the presence of caveolae [36, 37]. 

 

Mechanisms of endocytosis 

 

General process of endocytic uptake  

 Endocytosis is a general term that describes the vesicular mechanisms that cells use to take up cargo from 

the plasma membrane or fluid phase outside of the cell.  Endocytosis serves a number of important functions for 

the cell, such as the facilitating the uptake of nutrients, regulation of receptor availability at the cell surface, and 

regulation of plasma membrane volume.  Endocytic mechanisms are generally divided into two classes; macro- and 

micro-endocytosis.  Macroendocytosis involves the uptake of large particles and/or large volumes of fluid phase, 

such as occurs during pinocytosis and phagocytosis (figure 4) [86].  Microendocytosis, on the other hand, refers to 

the wide variety of endocytic mechanisms that internalize smaller volumes of cargo (Figure 4).  Formation of 

vesicles in macroendocytosis is mediated primarily by actin and is a stimulated event [86]. Vesicles formed through 

microendocytosis are widely thought to form by proteins binding to and bending the plasma membrane, and not 

directly through cytoskeleton mediated processes.    Furthermore, microendocytosis can occur via stimulated (via 

receptor mediated cell signaling) or constitutive mechanisms.  Pathways which fall under this form of endocytosis 

include clathrin-mediated endocytosis, as well as caveolar endocytosis, CLIC/GEEC, Arf6, and toxin induced [86, 

87].  Although the word “endocytosis” specifically refers to both macro- and micro-endocytosis, it is often used in 

the field interchangeably with “microendocytosis”.  I will follow this implied meaning of the word “endocytosis” for 

the remainder of the document.   

While the specifics of how endocytosis is performed in each pathway vary, the process can be broken 

down into five general steps.  First, endocytosis must be initiated.  Often this means that receptor-mediated 
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signaling initiates endocytosis although some endocytosis is constitutive.  Second, the cargo must be sorted into 

the forming vesicle.  This is necessary such that the proper membrane lipids and receptors must be organized 

laterally such that the newly formed vesicle endocytose the proper material.  Third, the plasma membrane must 

be deformed into an invagination.  The order of these first three steps is not conserved and can be performed in 

different orders or simultaneously.  Once a nascent vesicle has formed it must be scissioned from the plasma 

membrane.  And lastly, the new vesicle must be trafficked to the appropriate site inside the cell.   

 

Endocytic trafficking of cholera toxin 

The endocytosis and retrograde transport of cholera toxin is vital for the protein to induce a toxic host 

response.  However, the exact mechanism of endocytosis and sorting in the endosomal network which results in 

the toxin reaching the Golgi and ER remains unclear.  Part of this uncertainty probably arises from the fact that the 

toxin is very pervasive in its utilization of endogenous endocytic pathways.  Cholera toxin has been reported in the 

literature to utilize clathrin coated vesicles, caveolae, Arf6-positive vesicles, and the GEEC/CLIC pathway; including 

flotillin and GRAF-1 positive vesicles [88-93].  Additionally, in the last few years a model has been put forward that 

CTxB, along with other AB5 bacterial toxins, may assemble their own endocytic vesicles by remodeling the plasma 

membrane [20, 40].    

 

Clathrin-mediated endocytosis 

Many of the endocytic mechanisms are not well understood.  However, one mechanism, clathrin-

mediated endocytosis, has been extensively studied and therefore is well characterized.  Clathrin mediated 

endocytosis occurs constitutively or can be induced through receptor activation and cell signaling [94].  Following 

receptor activation, a signaling cascade is initiated which leads to the recruitment of a series of lipid binding 

proteins to the plasma membrane [95-97].  These proteins contain special membrane binding domains (such as  
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Figure 4.  Multiple mechanisms exist to facilitate endocytosis. Large particles can be taken up by 
phagocytosis, whereas fluid uptake occurs by macropinocytosis. Both processes appear to be triggered by and 
are dependent on actin-mediated remodeling of the plasma membrane at a large scale. Compared with the 
other endocytic pathways, the size of the vesicles formed by phagocytosis and macropinocytosis is much 
larger. Most internalized cargoes are delivered to the early endosome via vesicular (clathrin- or caveolin-
coated vesicles) or tubular intermediates (known as clathrin independent carriers (CLICs)) that are derived 
from the plasma membrane. Some pathways may first traffic to intermediate compartments, such as the 
glycosyl phosphatidylinositol-anchored protein enriched early endosomal compartments (GEEC), en route to 
the early endosome (modified from [86]). 
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Bin–Amphiphysin–Rvs (BAR) domains) which bend and/or stabilize curved membranes.    These proteins arrive at 

the site in a dedicated order with those mediating the shallowest bend arriving first, followed by those having 

increasingly sharper angles [87, 98].  In this way these proteins are capable of mechanically deforming the planar 

membrane into the nascent endocytic vesicle.  One protein recruited during formation is adaptor protein 2 (AP2) 

which recruits clathrin to the membrane.  Clathrin is actually a complex of two proteins, clathrin light chain and 

clathrin heavy chain.  Clathrin is organizes in the cytoplasm structures known as clathrin triskelion, containing 

three clathrin light chains and three clathrin heavy chains.  It is clathrin in this triskelion conformation that binds to 

AP2 on the inner leaflet of the plasma membrane.  As clathrin is the primary scaffolding protein for the 

stabilization of the endocytic vesicles, it is considered the “coat” protein for this pathway.  As new clathrin 

triskelions arrive they interlock with one another to produce an invagination covered in clathrin.   

After the clathrin coat has stabilized as a spherical, nascent vesicle the invagination must be scissioned.  

Scission of clathrin coated pits is facilitated by the GTPase dynamin [99]. Three distinct dynamin proteins exist.  

Dynamin 1 and 3 are found in a very limited number of tissues, while Dynamin 2 appears to be ubiquitously 

expressed [100].  Dynamin homooligomerizes around the neck of the invaginations and uses GTP hydrolysis to 

power a conformational change that scissions the nascent vesicle from the plasma membrane [101].  This scission 

event coincides with a buildup of F-actin between the nascent vesicle and the plasma membrane [102].  This actin 

has been proposed to aide both in the scission of the vesicle and in the early trafficking of the vesicle [103].  

However, it is important to note that in most mammalian cells types, F-actin alone cannot scission clathrin vesicles 

from the plasma membrane [104, 105].   

 

Caveolin-mediated endocytosis 

 After clathrin-mediated endocytosis the next best characterized form of endocytosis is caveolin-mediated 

endocytosis.  This pathway is mediated by flask like invaginations of the plasma membrane known as caveolae.  

Three classes of proteins have thus far been identified as stable components of caveolae; the caveolin proteins, 

the cavin proteins and EHD2 [75, 106, 107]. The caveolin family has three members; Cav-1, Cav-2 and Cav-3.  
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Caveolin-1 and Caveolin-2 are ubiquitously expressed throughout the body while Cav-3 is found primarily in 

muscle.  Cav-1 or Cav-3 must be present for caveolae to form [72, 108].  Caveolin-2 incorporates into caveolae but 

appears to not be necessary for caveolae formation [109].   

Additionally, caveolae have specific lipid compositions, as they are enriched in sphingolipids, cholesterol 

and GPI-anchored proteins [110].  Caveolae require cholesterol for their formation [84, 106, 111, 112].  This 

specific lipid composition and dependence on cholesterol has led to caveolae being considered a specific type of 

lipid raft [6].   

Unlike clathrin coated vesicles which acquire their coat after membrane deformation and lose it following 

scission from the plasma membrane, caveolae are stable complexes which retain their coat proteins.  They 

assemble as complexes in the Golgi apparatus [84] and then bud and fuse with various membranes in the cells to 

facilitate intracellular trafficking.  When they traffic to the plasma membrane the caveolin-containing vesicles dock 

at the cell surface with their lumens open to the fluid phase.  Caveolae spend considerable amounts of time 

docked like this before scissioning and again trafficking cargo [35, 84, 113].  The scission of caveolae is mediated by 

dynamin [114].  Furthermore, EHD2 has recent been reported to play a role in scission of caveolae as well [75].   

Although for many years it was though that caveolae traffic to a dedicated early endosome, dubbed the 

“caveosome”, it now appears that the caveosome does not exist [112].  Rather, most cargo entering cells via 

caveolin vesicles is transported direct to classical early endosomes [112]. 

 

Arf6 endocytosis 

 One example of a less well characterized clathrin independent endocytic mechanism is the Arf6 endocytic 

pathway.  This endocytic pathway was first discovered by Julie Donaldson’s group at the NIH, when they identified 

the Arf6 G protein trafficking from the plasma membrane in vesicles that were neither clathrin nor caveolae [115].  

In addition to Arf6 a large number of cargo proteins have been associated with Arf6 endocytosis including CTxB, 

MHC-Class I, and H-Ras [93, 116, 117], among others [118, 119].  
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As of yet, no coat proteins have been associated with this endocytic mechanism.  Furthermore this 

pathway is dynamin independent [120], although a scission mechanism has not been clearly established.  

Furthermore, very little research has been done into the mechanism responsible for early movements of Arf6 

vesicles.  One paper does however indicate that intact microtubules are necessary for Arf6 endocytosis [93].  

 

CLIC/GEEC pathway 

 An alternative clathrin independent pathway has been described which specifically internalizes GPI-

anchored proteins, a pathway commonly referred to as the CLIC/GEEC pathway (clathrin independent carriers and 

GPI enriched endocytic compartments) [121].  Endocytic vesicles in this pathway, known as CLIC’s, are tubular and 

are thought to fuse together to generate a unique early endosomes, the GEEC [108].   GEEC’s go on to acquire the 

endosomal markers Rab5 and EEA-1, and merge with the conventional Rab5/EEA-1 early endosomes [122].   

It was initially reported that CLICs are uncoated [108], but more recent studies indicate the presence of 

two coat proteins, GRAF-1 and flotillin, on CLICs [90, 92].  GRAF-1 is a Rho GEF which contains both a dynamin 

binding site and a BAR domain [92].  As a BAR domain protein GRAF-1 labels tubular CLICs inside the cell [92].  

Work with this protein suggests that it homooligomerizes around tubular vesicles, which under EM appear 

morphologically similar to CLICs [90].  Furthermore, GRAF-1 positive tubules colocalize with a model GPI-AP, GFP-

GPI [92].  The second coat protein which may associate with CLIC’s is flotillin [90, 91].  This protein was originally 

identified in the low buoyancy fractions of DRM and thought to be a component of caveolae [123]. However, it was 

later shown that flotillin can act as a coat separate from caveolae, to facilitate endocytosis of GPI-anchored 

proteins [91].  While flotillin is most commonly observed as puncta at the fluorescence microscopy level [91], 

flotillin has also been found on tubular vesicles thought to be CLICs [90].  While recent data indicates that GRAF-1 

and flotillin coated vesicles are the same class of structure, the data come primarily from one recent paper [90] 

and to what extent CLIC’s, GRAF-1 positive, and flotillin positive vesicles overlap remains unclear.   
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 The exact mechanical process which leads to the formation of CLIC’s is not well understood.  However, a 

number of cellular factor have been identified as being important to the process.  First, endocytosis of GPI-AP’s is 

sensitive to both cholesterol and sphingolipid depletion [124, 125], suggesting that lipid rafts play an important 

role in CLIC formation.  Furthermore, actin is extremely important to GPI-AP uptake as uptake is impaired by actin 

disruption (with Lat A or Cytochalasin D) or actin stabilization with Jasplakinolide [124].  It has been shown that the 

role of actin in CLIC endocytosis is regulated through Arf1 signaling [126].  This G protein regulates the GTP/GDP 

cycle of the Rho family GTPase, Cdc42 [126].  Cdc42 is a major signaling regulator of the F-actin nucleating protein, 

N-WASP, and thus it is thought that interfering with Cdc42 impairs N-WASP and alters actin dynamics [124].  

Additionally, expression of dominant negative Cdc42 (myc-Cdc42(N17)) reduced the number of GEEC’s [121].  

While actin is clearly important to the formation of CLIC’s it is currently unclear if actin’s role in the process is in 

membrane organization, membrane deformation or scission.   

Along these same lines there is uncertainty about the role of dynamin in the scission of CLIC’s from the 

plasma membrane.  Endocytosis of GPI-AP’s is insensitive to dynamin inhibition [121].  However, GRAF-1 

specifically binds to dynamin and dynamin is responsible for the scission of GRAF-1 positive tubules from the 

plasma membrane [92]. 

 

Toxin-induced endocytosis 

While the evidence suggests that cholera toxin will utilize almost any available constitutive endocytic 

mechanism [88-93], a model has emerged in recent years proposing that the toxins may also induce the formation 

of endocytic vesicles [19, 20].  Evidence for toxin-induced endocytosis comes primarily from work with another 

AB5 bacterial toxin, Shiga toxin B subunit (STxB) [20].  More recently data has emerged supporting the concept 

that this form of endocytosis is also utilized by the CTxB and the SV40 virus, which also binds multiple GM1’s [40].   

This form of endocytosis is based on the initial observation that STxB is found in plasma membrane 

invaginations under ATP depletion, actin disruption, dynamin inhibition and cholesterol depletion [20] (Figure 5).  
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These data have been interpreted as showing that these treatments inhibit the scission of endocytic vesicles from 

the cell surface and the invaginations therefore represent nascent endocytic structures.  An intercalating 

membrane dye, FM4-64, was not seen in invaginations under ATP depletion in the absence of STxB, suggesting 

that the toxin is required for the formation of these invaginations [20].  Furthermore, the fact that these 

invaginations appear in ATP depleted cells, indicated to the authors that the mechanical force deforming the 

membrane must be coming from the toxins, and not from an endogenous, energy dependent processes [20].  

Confirming this interpretation was the observation that GUV’s labeled with STxB contain invaginations, showing 

that toxins are intrinsically capable of deforming membranes [20].  This ability to deform the membrane is 

dependent on multivalent binding of the Gb3 by STxB, as a mutant form of STxB with a reduced number of 

functional lipid binding sites could not generate tubules in GUVs [20].  Interestingly, the multivalent binding of Gb3 

by STxB can induce formation of large, toxin-enriched membrane domains [127].  It is thought that these patches 

may form through the cross-linking and stabilization of subresolution Gb3 positive lipid rafts [128].  The model in 

the literature for invagination assembly proposes that the toxin reorients Gb3 in the membrane to generate 

negative curvature under the protein.  Cross-linking of membrane microdomains allows the depression under each 

individual toxin to become exaggerated over the entire domain until a membrane invagination is created [19, 20, 

128].  The fact that these invaginations grow under cholesterol depletion, actin disruption, ATP depletion, and 

dynamin inhibition has been interpreted as evidence that each of these factors is important for scission from the 

plasma membrane.  If scission is inhibited, additional toxins cluster at the invaginations and “push” the 

invagination deeper into the cell [20].  

Although it has been proposed that toxin-induced tubules represent a novel class of endocytic structures, 

there is conflicting evidence about their relationship to known endocytic pathways. Stalled STxB invaginations 

formed in ATP depleted cells lack clathrin [20]. However, tubules formed in the absence of STxB under actin 

disruption appear to be derived in part from clathrin-coated pits as the invaginations contain the canonical CME 

marker, transferrin receptor [129].  STxB positive tubules formed under ATP depletion were initially shown to lack 

caveolin-1 and form in caveolin-1 KO MEF’s, indicating that they are not caveolar in origin [20].  A separate group 

has found caveolin on STxB positive invaginations under ATP depletion [76].   Additionally, in an extensive study of 



  

23 
 

CTxB positive invaginations under actin disruption, the invaginations were positive for Caveolin-1  [130].  A variety 

of endocytic mechanism beside clathrin and caveolin based uptake are known to exist including Arf6 and 

CLIC/GEEC pathways.  There is currently no data in the literature to establish whether or not toxin-induced 

endocytosis is related to these pathways.   

Additionally, nothing is known about the potential role of other cellular machinery in generating these 

tubules.  In fact the current model proposes that AB5 toxins are sufficient to generate membrane invaginations, 

without involvement from endogenous proteins.  This said, a rigorous search for endogenous proteins which may 

be involved in the formation of toxin-induced invaginations has not been carried out.  

 

Cytoskeleton and endocytic trafficking 

  

Actin and myosins 

 Once an endocytic vesicle has been formed it must be trafficked to its target organelle.  Regardless of 

where the vesicle is going, microfilaments are required to move the vesicle to its destination.  The literature 

indicates that the movement of endocytic vesicles from the plasma membrane is largely an actin-based process.  In 

yeast, clathrin coated and uncoated vesicles can clearly be seen moving along actin cables to the early endosomes 

[131, 132].  This movement along actin filaments would imply that actin motors, myosins, are providing the 

physical force for movement.  In fact, in mammalian cell one specific myosin species, myosin VI, has been closely 

tied to endocytosis.  This myosin has been shown to colocalize with endocytic vesicles in the cell periphery.  Also, 

impairing myosin VI through the overexpression of its tail domain leads to the accumulation of uncoated, 

transferrin positive vesicles near the cell surface.  And, overexpression of the tail domain slows the accumulation 

of transferrin in early endosomes [133]. In summation, this data provides evidence for a dependence on myosin VI 

in clathrin mediated endocytosis, and supports a model of endocytic trafficking along actin cables in mammalian 

cells.  
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Figure 5.  STxB accumulates in plasma membrane invaginations under ATP depletion.  HeLa cells were ATP 
depleted with 2-deoxy-glucose and sodium azide for 30 minutes prior to labeling with Cy3-STxB.  Under continued 
ATP depletion conditions at 37°C, the toxin can be seen in plasma membrane invaginations (modified from [20]).  
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Figure 6.  Model for the induction of plasma membrane invaginations by the B subunit of Shiga toxin. The 
pentavalent Shiga toxin B binds to up to 15 Gb3 globosides.  This binding in predicted to cluster and stabilize lipid 
rafts, enriched in the toxin.  Repositioning of Gb3 within the membrane of the membrane leads to localize 
membrane deformation, which becomes exaggerated when the toxins are clustered in a raft.  Under cellular 
perturbations that inhibit scission these invaginations elongate from the cell surface, but it has been proposed [20] 
that in the absence of these perturbations the cells would recognize the invaginations, scission them and thus 
form endocytic vesicles  (modified from [128]). 
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Alternatively, actin may nucleate behind the vesicle to “push” the vesicle into the cell.  It is well documented that 

the listeria bacteria, once endocytosed, utilizes actin polymerization to force the bacteria containing vesicle 

through the cytoplasm [134].  These actin comets have recently been shown to originate at partially formed 

clathrin coated pits on the vesicles [135], suggesting that actin polymerization is being driven through a clathrin 

associated process.  Similarly, there is a growing body of evidence to indicate that new F-actin polymerization is 

important for conventional clathrin mediated endocytosis.  It has been observed that there is a build-up of actin at 

clathrin coated vesicle which temporally coincides with the movement of vesicles from the plasma membrane.  

This same study reported that this movement could be blocked with actin disrupting drugs [136].  A similar process 

may be involved in early movement of caveolae [137]. 

  

Microtubules and microtubule motors 

 Microtubules are intracellular filaments composed of polymerized - and -tubulins.    In non-dividing 

cells, microtubule originate primarily from -tubulin containing complexes at the microtubule organizing center 

(MTOC) and Golgi complex, with a very small number also originating at the primary cilia [138-141].  The growth of 

microtubules is polarized, with the minus end at the nucleating site and the plus tip at the distal end.    

 Microtubules serve as tracks along which intracellular trafficking occurs.  This occurs through microtubule 

motor proteins which bind membrane associated protein complexes and use ATP to walk along microtubule tracks.  

The motors fall into two basic classes, kinesins and dynein.  Kinesins comprise a family of over 40 motor proteins 

[142].  The movement of kinesin is restricted in that they typically walk from the minus to plus tip of the 

microtubule (i.e. away from the Golgi or MTOC).  Cytoplasmic dynein is only a single protein, and is the primary 

microtubule motor to facilitate minus-end directed vesicle movement towards the Golgi or MTOC.   

 There is very little evidence that microtubule motors are directly involved in the early stages for 

endocytosis. It is thought that kinesin-1 may facilitate endocytosis of focal adhesions [143], the site where plasma 
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membrane proteins bind the cell to its substrate.  Since dynein’s function is to move cargo from the cell periphery 

inward, it seems like a likely candidate for facilitating movement of endocytic vesicles.  However, the major 

consensus in the field is that dynein plays no direct role in endocytosis, as one recent review of endocytosis stated 

that no evidence exists for dynein mediated movement of endocytic vesicles [144].  However, there is in fact one 

paper, supporting a primary role for dynein in pinosome trafficking and even formation [21].  This paper found that 

disruption of dynamin has no effect on transferrin uptake but significant decreased the uptake of the fluid phase 

marker, dextran.  Furthermore, there is limited evidence some kind of microtubule involvement in caveolae, 

clathrin, and Arf-6 endocytosis [93, 129, 130].  However, these studies did not examine the mechanism through 

which microtubules were involved, so whether cytoplasmic dynein is important for the processes remains unclear.  
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CHAPTER II 

 

METHODS 

 

Cells and reagents 

 

COS-7 cells, HeLa, caveolin-1
+/+

 mouse embryonic fibroblasts (MEF), and caveolin-1
-/-

 MEFs were acquired 

from ATCC (Manassas, VA).  BSC-1 cells were a kind gift from Ramiro Massol (Harvard University).  RFP--tubulin 

stably expressing HeLa lines were a kind gift from Paul Chang (M.I.T).  COS-7, MEF, and BSC-1 cell lines were 

maintained in Dulbecco’s modified Eagle medium (DMEM) containing 10% fetal bovine serum at 37ºC and 5% CO2.  

HeLa cells were maintained in Roswell Park Memorial Institute medium (RPMI) containing 10% fetal bovine serum 

at 37°C and 5% CO2. RFP-tubulin HeLa were grown at 37°C and 5% CO2 in RPMI containing 10% fetal bovine serum 

and G418.   Cells were plated on coverslips or MatTek dishes two days prior to experiments.  Hela and COS-7 cells 

were transfected using Fugene6 (Roche).  BSC-1 cells were transfected with Xfect (Clontech).  All transfections 

were performed 24 hours prior to imaging or fixation. 

Cholera toxin B subunit from Vibrio cholerae (Sigma-Aldrich, St. Louis, MO) was labeled with Alexa546 

using an Alexa546 fluorophore protein labeling kit (Invitrogen, Carlsbad, CA). Cy5-CTxB was produced using Cy5 

monoreactive dye packs (Amersham Bioscience, Piscataway, NJ).  Alexa488-CTxB, Alexa555-CTxB and DiIC16 (1,1'-

dihexadecyl-3,3,3',3'-tetramethylindocarbocyanine perchlorate) were obtained from Invitrogen (Carlsbad, CA).  

Rhodamine phalloidin was from Invitrogen-Molecular Probes (Carlsbad, CA).  Yellow fluorescent protein (YFP) 

tagged versions of a model GPI-anchored protein (YFP-GL-GPI) and a model transmembrane protein (YFP-GT46) 

have been previously described [145-147].  Alexa488-STxB and a plasmid encoding Gb3 synthase [148, 149] were 

gifts from Dr. Ludger Johannes (Institut Curie, Paris, France).  Plasmids containing EGFP-HRas and EGFP-381 

(consisting of GFP fused to the C-terminal 10 amino acid residues of HRas) were provided by Mark Philips (NYU 
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School of Medicine) [150].  GFP-UtrCH [151] was a gift from Matt Tyska (Vanderbilt University).  GFP-F-tractin [152] 

was provided by John Hammer (NIH).  The mCherry--tubulin plasmid was provided by Irina Kaverina (Vanderbilt 

University).  GFP-EB3 [153] was a gift from Anna Akhmanova (Utrecht University).  CC1-dsRed and GFP-p50 [154, 

155] were gifts from Trina Schroer (Johns Hopkins).  mCherry-Rab11a and mVenus-Rab11a generated from 

previously reported Rab11a fusion proteins [156] were provided by Jim Goldenring (Vanderbilt University).  Mouse 

anti-GFP antibody was acquired through Invitrogen-Molecular Probes (Carlsbad, CA). 

mCherry-LAMP-1 provided by Mike Davidson was constructed by fusing the mammalian expression 

plasmid for mCherry to rat lysosomal membrane glycoprotein 1 (LAMP1; NM_012857; gift from George Patterson, 

NIH).  The following primers were used to PCR amplify LAMP1: forward (with XhoI restriction enzyme site): GGA 

CTC AGA TCT CGA GCG CCA CCA TGG CGG CCC CGG GCG CCC GG; reverse (with BamHI restriction enzyme site): 

GTC ACG CGG GCT ATC AGA CCA TCT CGG AAT TCG GCT CCA CCG GCT CCA CCG GCT CCA CCG GCG CGG ATC CAC 

CGG TCG.  The PCR product was gel-purified and sequentially digested with XhoI and BamHI and ligated into a 

similarly digested mCherry-N1 cloning vector to produce mCherry-LAMP1 with a 20-amino acid linker separating 

mCherry from LAMP1.  

D(+)glucose, sodium azide, 2-deoxyglucose, bovine serum albumin (BSA), trichloroacetic acid, Latrunculin 

A, nocodazole, dynasore and HPI-4 (ciliobrevin A) were purchased from Sigma Aldrich.  Jasplakinolide was 

purchased through Invitrogen (Carlsbad, CA).  Taxol was from Alexis Biochemical (San Diego, CA).  HEPES and TAE 

buffers were purchased from Mediatech, Inc (Manassas, VA). 

 

Treatments 

 

Exogenous cell labeling 

Cells were rinsed twice with imaging buffer (composed of phenol red-free DMEM supplemented with 25 

mM HEPES (Sigma-Aldrich), and 1 mg/ml albumin bovine serum (Sigma-Aldrich)), and then incubated for 5 minutes 
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at room temperature with the indicated concentration of CTxB (1 nM - 1 µM), 5 µg/ml DiIC16 or 75 nM STxB.  Cells 

were then rinsed twice with imaging buffer and imaged.   

 

Phalloidin staining of F-actin 

For phalloidin staining, cells were fixed in 3.7% PFA for 15 min at RT. They were then washed, 

permeabilized with 0.1% saponin in PBS containing 1 mg/ml bovine serum albumin for 15 min at room 

temperature (RT), and labeled with rhodamine-phalloidin (1:40) for 30 min at RT.  Next cells were washed with 1x 

PBS and mounted in Fluoromount G (Southern Biotech, Birmingham, AL) supplemented with 25 mg/ml DABCO (1,4 

diazabicyclo[2.2.2]octane) (Sigma-Aldrich) and allowed to solidify overnight prior to imaging. 

 

ATP depletion 

ATP depletion was performed by pre-incubating cells at 37C and 5% CO2 for 15 min in ATP depletion 

medium, composed of phenol-red free DMEM containing 50 mM 2-deoxy-D-glucose (Sigma-Aldrich), 0.02% sodium 

azide (Amersham Pharmacia Biotech), 25 mM HEPES (Sigma-Aldrich), and 1 mg/ml bovine serum albumin (Sigma-

Aldrich)), as described in [157].  Control cells were incubated in ATP control medium (composed of phenol-red free 

DMEM with 50 mM D-(+)-glucose (Sigma-Aldrich), 25 mM HEPES, and 1 mg/ml BSA).  Cells were then washed with 

their respective medium, incubated for 5 minutes in 1 µM Alexa546-CTxB, 5 µg/ml DiIC16 or 75 nM Alexa488-STxB 

(in either ATP depletion or control medium), washed again, and imaged in the continued presence of ATP 

depletion or control medium. 

 

Actin disruption 

For actin disruption by Latrunculin A, cells were first washed with imaging buffer, incubated for 5 minutes 

in either 1 µM Alexa546-CTxB or 5 µg/ml DiIC16 in imaging buffer, and washed again.  Actin depolymerization was 
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then performed by incubating the cells at 37C for 5 min in imaging buffer containing 1 µM Latrunculin A (LatA) 

(Sigma-Aldrich).  Control cells were incubated in imaging buffer containing 0.1% DMSO.  Cells were maintained in 

their respective buffer during imaging and all imaging was performed within 30 minutes of treatment.  

Alternatively, they were fixed and labeled with rhodamine phalloidin as indicated above. 

 

Actin stabilization 

  Cells culture media was replaced with complete imaging buffer containing 250 nM Jasplakinolide or 

DMSO and incubated at 37C and 5% CO2 for 30 minutes. Cells were then labeled with 100 nM Alexa-FL CTxB for 5 

minutes at RT in complete imaging buffer containing 250 nM Jasplakinolide or DMSO.  Cells were rinsed and 

imaged in complete imaging buffer containing 250 nM Jasplakinolide or DMSO. 

 

Dynamin inhibition 

Dynamin 2 was inhibited using the small molecule inhibitor, dynasore [158].  Cells culture media was 

replace with freshly made serum free DMEM + 25 M HEPES supplemented with 80 M dynasore or DMSO.  Cells 

were incubated in dynasore or DMSO at 37C and 5% CO2 for 30 minutes. Cells were then labeled with 100 nM 

Alexa-FL CTxB for 5 minutes at RT, rinsed and imaged in DMEM + 25 M HEPES supplemented with 80 M 

dynasore or DMSO. 

 

Cholesterol depletion 

Cells culture media was replaced with serum free imaging buffer alone or supplemented with 10 mM 

MCD.  Cells were incubated with or without MCD at 37C and 5% CO2 for 30 minutes. Cells were then labeled 

with 100 nM Alexa-FL CTxB for 5 minutes at RT, rinsed and imaged in serum free imaging buffer alone or 

supplemented with 10 mM MCD. 
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Microtubule disruption 

Cell culture media was replaced with imaging buffer (phenol red-free DMEM, 10% BSA, 25 mM HEPES, 

and 1 mg/ml BSA) containing 16.7 M nocodazole or DMSO and incubated at on ice for 15 minutes.  Cells were 

then shifted to 37C and 5% CO2 for 1 hour.  The media was then replaced with ATP depletion media or Jasplak 

(250 nM) containing imaging buffer, supplemented with 16.7 M nocodazole or DMSO and incubated at 37C and 

5% CO2 for 15 (ATP depletion) or 30 minutes (Jasplak). Cells were then labeled with 100 nM Alexa-FL CTxB for 5 

minutes at RT, rinsed and imaged in the continued presence of both agents.  Alternatively, following the 5 minute 

incubation with nocodazole or DMSO, cells were labeled with 100 nM Alexa-FL CTxB for 5 minutes at RT for 5 

minutes in imaging buffer with 16.7 M nocodazole or DMSO.  The cells were then rinsed twice and imaged in 

imaging buffer containing 16.7 M nocodazole or DMSO along with 1 mM Latrunculin A. 

 

Microtubule stabilization with taxol 

Cell culture media was replaced with imaging buffer containing 1 M taxol or DMSO and incubated at 

37C and 5% CO2 for 4 hours.  Cells were then rinsed twice with ATP depletion media or ATP control medium 

containing 1 M taxol or DMSO and incubated at 37C and 5% CO2 for 15 minutes. Cells were then labeled with 

100 nM Alexa-FL CTxB for 5 minutes at RT, rinsed and imaged in ATP depletion media or ATP control medium 

containing 1 M taxol or DMSO. 

 

Microtubule stabilization with nocodazole 

Short incubations with low doses of nocodazole is an alternative method to taxol for the stabilization of 

microtubules.  Cell culture media was replaced with imaging buffer containing 150 nM nocodazole or DMSO and 

incubated at 37C and 5% CO2 for 5 minutes.  The media was then replaced with ATP depletion media or Jasplak 
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(250 nM) containing imaging buffer, supplemented with 150 nM nocodazole or DMSO and incubated at 37C and 

5% CO2 for 15 (ATP depletion) or 30 minutes (Jasplak). Cells were then labeled with 100 nM Alexa-FL CTxB for 5 

minutes at RT, rinsed and imaged in the continued presence of both agents.  Alternatively, following the 5 minute 

incubation with nocodazole or DMSO, cells were labeled with 100 nM Alexa-FL CTxB for 5 minutes at RT for 5 

minutes in imaging buffer with 150 nM nocodazole or DMSO.  The cells were then rinsed twice and imaged in 

imaging buffer containing 150 nM nocodazole or DMSO along with 1 mM Latrunculin A. 

 

Inhibition of dynein motor activity 

For HPI-4 dose dependence curve, HPI-4 was diluted in DMSO and stocks were produced by serial dilution 

in DMEM + 10% fetal bovine serum.  Then cell culture media was replaced with medium containing HPI-4 or DMSO 

(matched to highest of volume used in the serial dilution) and incubated at 37C and 5% CO2 for 1 hour.  Cells were 

labeled with 100 nM Alexa-FL CTxB in HPI-4 or DMSO containing media for 5 minutes at RT.  Cells were rinsed and 

either fixed immediately or shifted to 37C and 5% CO2 for 30 minutes prior to fixation.  Fixation was performed 

with 3.4 % PFA at RT for 15 minutes and samples were mounted in ProLong Gold (Invitrogen).   

To determine the effect of HIP-4 on tubule formation, cell culture media was replaced with imaging buffer 

containing HPI-4 or DMSO and incubated at 37C and 5% CO2 for 1 hour.  Cells were then rinsed twice with ATP 

depletion media or ATP control medium containing HPI-4 or DMSO and incubated at 37C and 5% CO2 for 15 

minutes. Cells were then labeled with 100 nM Alexa-FL CTxB for 5 minutes at RT, rinsed and imaged in ATP 

depletion media or ATP control medium containing HPI-4 or DMSO.  Care was taken to protect HPI-4 from light 

throughout the experiment.  

 

Surface accessibility assay 

 To evaluate the surface accessibility of invaginations under ATP depletion, cells were ATP depleted for 15 

minutes as described above.  Cells were then labeled at room temperature for 5 minutes with 25 nM A555-CTxB in 
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ATP depletion media.  Cells were rinsed and shifted in ATP depletion media to the microscope at 37°C and given 

approximately  30 minutes to generate tubules.  While collecting time-lapse movies a highly concentrated solution 

of warmed A488-CTxB in ATP depletion media was injected into the chamber to bring the final concentration of 

A488-CTxB in ATP depletion media to 50 nM.  

 

Acid stripping 

 COS-7 cells plated on cover slips were transfected with EGFP or GFP-p50.  In order to quantify the cellular 

uptake of CTxB, cells were rinsed with cold imaging buffer and labeled with 100 nM A555-CTxB for 5 minutes on 

ice.  For quantification of transferrin uptake, cells were serum starved using DMEM + 25 mM HEPES for 1 hour at 

37°C and 5% CO2 to remove transferrin receptors bound to non-fluorescent transferrin in the serum from the 

plasma membrane   Serum starved cells were then rinsed with cold DMEM + 10% FBS + 25 mMHEPES and labeled 

with 5 g/ml rhodamine-transferrin for 5 minutes on ice.  Cells were rinsed with imaging buffer and shifted to 37°C 

and 5% CO2 for 10 minutes.  Three rounds of acid stripping was performed on ice by incubating cells with 2 ml of 

100 mM glycine, pH 2.0, for 5 minutes and then with HBSS, pH 7.4, for 5 minutes. All acid-stripped samples were 

subsequently incubated with 37°C HBSS, pH 7.4, for 10 seconds to promote release of remaining surface-bound 

toxin.  Cells were fixed in 3.4 % PFA at room temperature for 15 minutes and rinsed with 1x PBS.  Cells were 

labeled with an anti-GFP primary antibody and an Alexa488 secondary. Samples were mounted in ProLong Gold 

(Invitrogen).   

 

Quantification of cellular ATP levels 

Cellular ATP levels were quantified using the commercially available ENLITEN
®
 ATP assay kit (Promega, 

Madison, WI).  In brief, COS-7 and HeLa cell were split into 12 well plates with their appropriate growth medium.  

After 2 days, medium was removed and some cells were incubated directly in 500 μl ATP-extraction solution [1% 

TCA in Tris-Acetate-EDTA (TAE) buffer] to collect base-line ATP readings.  The remaining cells were rinsed twice 
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with ATP depletion media and incubated at 37C and 5% CO2.  At the indicated times after the initiation of ATP 

depletion, the depletion media was replaced with 500 μl ATP-extraction solution.  Cells were incubated in ATP-

extraction solution for 30 minutes at RT, as described before [159].  Aliquots of the cell extract were then moved 

to 96 well plates and diluted 10 fold in TAE buffer.  Reaction reagent containing luciferase was added to each well 

and the chemiluminescence was read on a Synergy H4 Hybrid Multi-Mode Microplate Reader (BioTek, Winooski, 

VT). 

 

Imaging 

 

Confocal FRAP experiments were carried out on a Zeiss LSM 510 confocal microscope (Carl Zeiss 

MicroImaging, Inc., Thornwood, NY) using a 40X 1.4 NA Zeiss Plan-Neofluar objective.  Cells were maintained in 

phenol-red free DMEM containing 1 mg/ml albumin bovine serum and 50 mM HEPES supplemented with the 

indicated drugs for live-cell imaging experiments.  Cells were maintained at 37C using a stage heater and objective 

heater.  EYFP and Alexa488 were excited using the 488 nm line of a 40 mW Argon laser, and Alexa546, Alexa555, 

rhodamine, or DiIC16 were excited at 543 nm of a HeNe laser and detected using filter sets provided by the 

manufacturer.  For presentation purposes images were exported in tiff format and brightness and contrast was 

adjusted using Adobe Photoshop, ImageJ or FIJI. 

 

Confocal FRAP 

For FRAP measurements, cells were imaged at 4X digital zoom with the confocal pinhole set between 1.01 

and 1.99 Airy units.  Full frame (512 x 512 pixel) images were collected for FRAP analysis of CTxB, YFP-GL-GPI, YFP-

GT46, and STxB.  For DiIC16 FRAP experiments, the imaging window was reduced to a 4.1 x 8.1 µm rectangle to 

speed image acquisition.  Photobleaching of a circular bleach region 4.1 µm in diameter was performed by 

repetitively scanning the bleach region 10 times using the 488 nm laser line or both the 488 nm and 514 nm laser 
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lines at full power.  Prebleach and postbleach images were collected at lower laser power (typically 3% 

transmission or less) with either no line averaging or with line averaging of 2.  FRAP measurements were carried 

out at 22C, or at 37C using an objective heater and heated stage insert.   

 

Image processing and data analysis 

 

FRAP analysis 

Confocal FRAP data analysis was performed using a recently described method that corrects for diffusion 

that occurs during the photobleaching event [160] assuming a free diffusion model (as opposed to anomalous 

diffusion or reaction-diffusion type behavior).  FRAP analysis was carried out essentially as described in [161], 

except that FRAP curves and post bleach intensity profiles were analyzed individually and that prior to fitting, FRAP 

curves were corrected for photobleaching during imaging by normalizing to the whole cell fluorescence over time 

as described previously [162].  Datasets in which endocytic vesicles were observed to pass through the bleach 

region were discarded.  Mobile fractions were calculated as described previously [147] using the average of the 

last three time points as F∞ and the average of the three prebleach images as Fo.  Statistics were calculated with a 

Student t-test using OriginPro 8.5 (OriginLab Corp; Northampton, MA). 

 

Tubule quantification 

To determine the percentage of a population of cells containing invaginations, full field (512 x 512) z-

stacks of fields of cells were taken at 1.7x zoom on a 40x objective, with line averaging of 4 and optimal overlay in z 

direction.  Z-stacks were collected consecutively for 50 minutes after labeling with toxin.  Cells were then scored by 

hand as displaying or not displaying invaginations.  For cells expressing a plasmid, i.e. CC1-dsRed, the cells were 
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scored in the CTxB channel with the experimentalist blind to which cells were expressing the plasmid and which 

were not. 

To determine the number and length of invaginations z-sections were taken of individual cells 

consecutively for 50 minutes after labeling with toxin.  The JFilament plugin (Dimitrios Vavylonis and Xiaolei Huang; 

Lehigh University) for ImageJ was used to trace individual invaginations in 2D.  The automated snake tracking 

feature was used to align the snakes with the invaginations.  Tracings were examined and corrected by hand.   

  

Particle tracking 

Particle detection and tracking were performed using spot detector and U-tracker software developed by 

Gaudez Danuser (Harvard University), as previously described [163].  Both programs were run using MatLab 7.11.0 

(Mathworks; Natick, MA). 

 

Kymographs 

 Kymographs were generated using the MultipleKymograph plugin (J. Rietdorf and A. Seitz) for FIJI ImageJ.  

In brief, line ROI’s 5 pixels wide were manually generated by tracing the invaginations.  The MultipleKymograph 

tool then generated the kymograph coinciding with the ROI.  

 

Dose response curves 

The HPI-4 dose dependence curve was generated by collecting full field (512 x 512) 16 bit images were 

taken on a 40x objective with line averaging of 8.  ROI’s were then drawn around the perinuclear space, flat 

membrane regions and background in ImageJ.  Perinuclear and membrane per pixel fluorescence were correct for 

background fluorescence and then divided to produce a perinuclear to membrane ratio per cell.   
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Microscopy-based CTxB binding assay 

To produce the cholera toxin binding curve, 1 µM stock of Alexa546-CTxB was first prepared in imaging 

buffer and lower concentration stocks prepared by serial dilution.   Cells were labeled with CTxB for 5 min at room 

temperature, washed, mounted live in imaging buffer, and visualized at 37°C.  Images were taken on a Zeiss LSM 

510 confocal microscope (Carl Zeiss Microimaging, Inc, Thornwood, N.Y.) with a 40X 1.4 NA Zeiss Plan-Neofluar 

objective at 0.7x zoom to acquire multiple cells per field.  Fluorescence was excited at 543 nm with HeNe laser and 

detected with a preset Cy3 channel filter set provided by the manufacturer.  The confocal pinhole was set at 2.17 

Airy units.  512 x 512 pixel images were collected in 8 bit with line averaging of 8.  Laser intensity and detector gain 

were set near pixel saturation for the 1 µM CTxB labeled cells and left unchanged across all concentrations.  For 

lower concentrations duplicate images of the same field were taken at higher detector gain to validate ROI 

selection.   Individual ROI’s were drawn for each cell and for the background region, for images at matched laser 

intensity and detector gain, and mean pixel intensities in the ROI’s collected using ImageJ (NIH, Bethesda, 

Maryland).    Cell fluorescence was background corrected and then the mean and standard deviations computed 

for all cells at a given concentration.  

 

Statistical analysis 

Chi-square tests were performed using Excel (Microsoft).  Student t-tests and Mann-whitney U-tests were 

performed using OriginPro 8.6 (OriginLab; Northampton, MA).  All graphs were prepared using OriginPro.
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CHAPTER III 

 

MECHANISMS UNDERLYING THE CONFINED DIFFUSION OF CHOLERA TOXIN B-SUBUNIT IN 

INTACT CELL MEMBRANES1 

 

Introduction 

 

The role of cholesterol-dependent membrane domains have been intensively investigated as a 

mechanism involved in the regulation of membrane trafficking and signaling in cells [164].  Initially envisioned to 

exist as stable platforms, such domains are now thought to consist of transient nanoscopic assemblies of proteins, 

glycolipids, and cholesterol [128].  As such, current models suggest that mechanisms that crosslink components of 

these domains may be important for facilitating their functions [128], as well as to alter membrane mechanics and 

deform membranes [165]. 

Bacterial toxins in the AB5 family, including Shiga toxin and cholera toxin, are an example of a class of 

proteins with the intrinsic capacity to crosslink glycolipids via their multivalent membrane binding B-subunits [13, 

20, 30, 166-170].  The ability of cholera toxin B-subunit (CTxB) and related molecules such as Shiga toxin B-subunit 

to cluster glycolipids and organize membrane domains has been linked to their functional uptake into cells by 

clathrin-independent, cholesterol-dependent endocytic pathways [20, 165, 171, 172].  Recently, it has become 

evident that the accessibility of glycolipids to toxin binding is itself regulated by cholesterol within both model 

membranes and cell membranes, as a significant fraction of glycolipids is masked and inaccessible to toxin binding 

[173, 174].   Thus, a picture is emerging in which the ability of toxin to bind glycolipids is controlled in a cholesterol-

dependent manner [173, 174] and the presence of bound toxin itself also leads to changes in underlying 

membrane domain structure [13, 30, 39, 165, 170].  

                                                                 
1
 This chapter previously appeared in PLoS One (Day and Kenworthy, 2012) 
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An important question raised by these findings is how the structure and dynamics of the complex formed 

upon binding of toxins to the accessible pool of their glycolipids receptors are regulated in cells.  For the case of 

cholera toxin, one striking feature of the CTxB/GM1 complex is that it diffuses extremely slowly within the plasma 

membrane compared to many other proteins and lipids [34, 36, 68, 147, 172, 175, 176].  This result is surprising 

given that lipids themselves typically diffuse rapidly in cell membranes, as do many lipid-anchored proteins [57, 

147, 177-181].  This suggests that the movement of the CTxB/GM1 complex within the plasma membrane is 

regulated by fundamentally different mechanisms than those that control the dynamics of other types of cell 

surface molecules under steady state conditions.   

The underlying mechanisms that contribute to the slow diffusion of CTxB are not yet fully understood.  

However, several factors could potentially account for this behavior.  For example, there is some evidence that 

CTxB is confined by actin-dependent barriers [34].  CTxB could potentially associate with nanoclusters that form via 

an energy- and actin-dependent process, similar to those reported for other lipid-tethered proteins [66].  CTxB has 

also been reported to associate with caveolae [7, 182-184], flask-shaped invaginations of the plasma membrane 

which themselves are immobilized within the plane of the membrane [137, 185].  The intrinsic ability of CTxB to 

cluster glycolipids could potentially lead to the formation of slowly diffusing CTxB/GM1 complexes.  If they became 

large enough, such complexes could also potentially impact the diffusional mobility of other molecules, by either 

forming barriers to their diffusion or by trapping them within the same domains [58, 186].  In the current study, we 

investigated the contributions of these various factors to the confined diffusion of CTxB within the plasma 

membrane of living cells using confocal FRAP. 
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Results 

 

Confocal FRAP assay and cell surface markers examined in this study 

To measure the diffusion of CTxB on the plasma membrane, we took advantage of a quantitative confocal 

FRAP-based assay that yields accurate diffusion coefficients for both rapidly and slowly moving molecules [160, 

161].  In FRAP, lateral diffusion is described by two parameters, the diffusion coefficient (D), reflecting the average 

rate of diffusion, and the mobile fraction (Mf), a measure of fraction of molecules that are free to recover over the 

time course of the experiment.  

To quantify the diffusional mobility of CTxB at the cell surface, COS-7 cells were labeled briefly with 

saturating levels of CTxB (1 µM) (Figure 7B), washed, and shifted onto the microscope stage.  We visualized a 

portion of the plasma membrane, and FRAP measurements were carried out using a circular bleach region (Figure 

7A).  Although CTxB was endocytosed to the perinuclear region in a time-dependent manner, a substantial fraction 

of CTxB remained associated with the plasma membrane over time, enabling measurements of its cell surface 

mobility by confocal FRAP over at least 30 minutes after shifting cells to the microscope stage at 37˚C.  Care was 

taken to exclude any FRAP data in which non-surface attached, mobile endocytic vesicles were inside the ROI at 

any time during the FRAP experiment.  The recovery curves were well fit by a pure diffusion model, implying that 

the recovery process is dominated by lateral diffusion (Figure 7C).  In addition, the diffusional mobility of CTxB 

remained constant over time, suggesting that the properties of the cell surface pool of CTxB do not change 

significantly even while some of the toxin is being actively endocytosed (Figure 7D).  

In order to understand what aspects of the regulation of CTxB’s diffusion are specific for molecules that 

cluster glycolipids, we examined of the diffusional mobility of several additional cell surface markers in parallel in 

our study: a representative GPI-anchored protein, YFP-GL-GPI [146], a single pass transmembrane protein, YFP- 

GT46 [145], and a fluorescent lipid analog, DiIC16 (Figure 7E).  Our rationale for studying these markers was several 

fold.  GPI-anchored proteins are linked to cell membranes via a lipid anchor, and also have been shown to 

associate with cholesterol-dependent nanoclusters [66, 187] that could potentially organize glycolipids as well.  We 
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Figure 7. Confocal FRAP assay. COS-7 cells were transfected with the indicated constructs or left untransfected 

and labeled with Alexa546-CTxB or DiIC16. FRAP was performed at 37uC using a 4.1 m diameter bleach spot. 

(A) Representative images of Alexa546-CTxB during a FRAP experiment. Bar, 10 m. (B) Average fluorescence 
intensity of Alexa546-CTxB labeling of COS-7 cells incubated with A546-CTxB concentrations ranging from 0.1 

nM to 1 M (mean 6 SD for 59–151 cells). (C) Example of a normalized recovery curve for a cell labeled with 1 

M Alexa546-CTxB after correcting for fluorescence decay during imaging, along with fitted FRAP curve. (D) 
Representative example of D for CTxB as a function of time after labeling.  Each value of D was obtained for a 
different cell on the same coverslip from a single experiment. (E) Representative whole cell images of YFP-GT46, 
YFP-GL-GPI, and DiIC16 in COS-7 cells. Single confocal slices are shown. The spotty appearance of DiIC16 on the 

background is due to the presence of dye aggregates. Bar, 10 m. (F) Representative FRAP curves for Alexa546-
CTxB, YFP-GT46, YFP-GL-GPI, and DiIC16 (n = 8–13 cells for each).  [32] 
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chose to study YFP-GT46 because transmembrane proteins are often subjected to different types of constraints to 

their diffusion than are lipid-anchored proteins [57, 177].  DiIC16 was selected for these studies to control for the 

fact that CTxB binds to a lipid receptor at the cell surface.  In general, lipids diffuse much more rapidly than 

proteins do in cell membranes [57, 177-180].  Because CTxB clusters multiple glycolipids, it would not necessarily 

be expected to behave like a simple reporter of lipid diffusion.   

Previous studies have shown that CTxB diffuses significantly more slowly than YFP-GL-GPI, YFP-GT46, and 

DiIC16 when directly compared in the same cell line [147, 181].  We confirmed this in control FRAP experiments 

(Figure 7F).  The fastest value of D was measured for DiIC16 (2.54 ± 0.78 µm
2
/s, mean ± SD).  D for YFP-GL-GPI (1.18 

± 0.49 µm
2
/s) was slower than for DiIC16 but faster than that of YFP-GT46 (0.54 ± 0.18 µm

2
/s), while CTxB diffused 

the most slowly of all (0.17 ± 0.12 µm
2
/s).  Mf was ~ 90% for YFP-GL-GPI, YFP-GT46, and DiIC16, and ~80% for CTxB 

(Table 1).  These data indicate the diffusion of CTxB is selectively constrained at the cell surface relative to these 

other classes of molecules.  We next investigated possible mechanisms underlying the slow diffusion of CTxB.  For 

the purpose of these studies, we focused on understanding the properties of CTxB bound to its accessible pool of 

glycolipid receptors [173, 174]. 

 

CTxB diffusion is confined by the actin cytoskeleton  

The actin cytoskeleton is a well-known barrier to the diffusion of a number of cell surface molecules [57, 

188-191].  Two previous observations suggest that actin may play a role in controlling the diffusional mobility of 

CTxB.  First, biochemical studies indicate that cholera toxin co-fractionates with actin [192].  Second, CTxB diffusion 

was shown to be enhanced following actin disruption [34].  However, the latter study did not evaluate how actin 

disruption affected the mobility of other proteins and lipids, leaving open the question of how specific this effect 

was.  We therefore sought to directly compare the impact of disrupting the actin cytoskeleton on the diffusion of 

CTxB relative to its effect on other proteins and lipids at the cell surface using latrunculin A (Lat A), which inhibits 

actin polymerization by sequestering monomeric actin.  
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In control experiments, we confirmed that Lat A treatment led to a loss of F-actin within cells as assessed 

by phalloidin staining of fixed cells, as expected (Figure 8E).   Disruption of actin has also been shown previously to 

lead to the formation of tubular invaginations of the plasma membrane [129].  We verified that similar tubules 

were apparent in living cells labeled with CTxB or DiIC16, as well as in cells expressing YFP-GL-GPI or YFP-GT46 

(Figure 8A-D).   

Next, we used confocal FRAP to measure the diffusional mobility of CTxB in Lat A-treated and mock-

treated cells incubated in media containing DMSO (Figure 8F).  For comparison, we monitored the effects of these 

treatments on the diffusional mobility of YFP-GL-GPI, YFP-GT46, and DiIC16 under identical conditions, avoiding 

regions where plasma membrane tubules were present in these measurements.  The results of these experiments 

showed D for CTxB was significantly increased by LatA treatment from 0.21±0.10 µm
2
/s to 0.35±0.18 µm

2
/s.  In 

contrast, the diffusion of YFP-GL-GPI, YFP-GT46, and DiIC16 was unaffected in the presence of Lat A (Figure 8F).  

These results suggest the diffusional mobility of CTxB is selectively slowed either directly or indirectly as the result 

of its interactions with the actin cytoskeleton.  However, even in cells in which actin was disrupted, the diffusion of 

CTxB was considerably slower than that of other cell surface molecules, suggesting additional factors are involved 

in slowing its lateral diffusion.  We therefore asked if the interaction of CTxB with other types of domains might 

impede its mobility. 

 

Diffusion of CTxB and a transmembrane protein, but not a GPI-anchored protein is enhanced in 

ATP-depleted cells 

Previous studies have reported that certain proteins associate with nanoclusters that maintain a fixed size 

and a fixed ratio of monomeric to clustered molecules over a wide range of concentrations, implying these 

domains are actively maintained and require cellular energy for their generation [64, 187].  GPI-anchored proteins 

are immobilized within these nanoclusters, indicating these domains have the capacity to impact the dynamics of 

cell surface molecules [66].  It is currently unknown if CTxB associates with actively maintained nanoclusters.  We 

reasoned that ATP depletion might disrupt the interactions of molecules with such structures, thereby leading to  
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Figure 8. CTxB diffusion is confined by the actin cytoskeleton. (A–D) Subcellular distribution of (A) Alexa546-
CTxB, (B) YFP-GL-GPI, (C) YFPGT46 and (D) DiIC16 in live COS-7 cells under control conditions or following Lat A 
treatment as described in the Material and Methods. A zoom of the boxed area in Lat A treated cells is shown 
on the right for each marker. (E) Rhodamine phalloidin staining in fixed COS-7 cells under control conditions or 

following Lat A treatment. Bar, 10 m. (F) COS-7 cells were treated with 1 M Lat A or mock-treated with 0.1% 
DMSO (‘‘control’’) for 5 minutes prior to imaging, and FRAP analysis was performed in the continued presence 
of Lat A. Diffusion coefficients were measured for Alexa546-CTxB, YFP-GLGPI, YFP-GT46 and DiIC16 in control 
and Lat A treated COS-7 cells at 37°C (mean 6 SD for 13–23 cells). ** p,0.01, Student t-test.  [32] 
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an increase in their overall diffusional mobility.  To test this, COS-7 cells were depleted of ATP by a 15 minute 

incubation with 0.02 % sodium azide and 50 mM 2-deoxy-D-glucose, or mock-depleted prior to labeling with CTxB.  

For comparison, we performed similar experiments in ATP-depleted cells expressing YFP-GL-GPI (which is 

predicted to associate with nanoclusters) or YFP-GT46, or labeled with DiIC16.   

 ATP depletion led to several marked changes in the morphology of the plasma membrane and the 

underlying cytoskeleton.  First, ATP depletion led to the formation of protrusions of the plasma membrane that 

were never observed in control cells (Figure 9A-E).  Some of these protrusions were localized to the edges of cells 

and may represent retraction fibers.  Needle-like protrusions were also seen projecting above cells into the media, 

as visualized in x-z sections.  These protrusions were labeled with CTxB and for the other cell surface markers such 

as YFP-GL-GPI (Figure 9B, C, E).  Second, in some ATP depleted cells tubular invaginations of the plasma membrane 

enriched in CTxB were observed (Figure 9C).  Similar invaginations have been proposed to correspond to sites of 

clathrin-independent endocytosis induced by Shiga toxin B-subunit binding that tubulate in an ATP independent 

manner but whose scission is ATP dependent [20, 169], and have also been reported to form in cells labeled with 

CTxB [193].  Tubular invaginations were only observed in cells labeled with CTxB and not other cell surface 

markers, although the extent of invagination formation varied between cells.  Because ATP depletion has been 

previously reported to increase levels of F-actin in cells [194-196], we also examined actin organization under 

these conditions by phalloidin staining.  We found that F-actin staining was markedly enhanced in ATP-depleted 

cells (Figure 10).  In addition, the plasma membrane protrusions also appeared to be enriched in actin, suggesting 

that the changes in actin organization that occur in response to ATP depletion may be responsible for their 

formation.  

We next performed confocal FRAP analysis in ATP depleted cells.  For these studies, we chose to bleach 

ROIs on regions of the plasma membrane that did not include visible membrane protrusions or invaginations. The 

results of these experiments showed no change in D for YFP-GL-GPI or DiIC16 in ATP depleted versus mock-

depleted cells (Figure 9F).  We did note however that the rate of diffusion of DiIC16 in both mock ATP depleted and 

ATP depleted cells was significantly higher than that of DiIC16 under any of the other conditions examined.  This 
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effect was reproducible across days, and therefore likely arises from differences in the media used for various 

treatments.   

In contrast to the lack of effect of ATP depletion on DiIC16 or YFP-GL-GPI, CTxB and YFP-GT46 both showed 

a significant increase in D in ATP depleted cells relative to controls (Figure 9F).  We also observed a small but 

significant increase in Mf for DiIC16 and CTxB, and decrease in Mf for YFP-GT46 in ATP-depleted cells (Table 1).  

Thus, diffusion of CTxB is normally confined by an ATP-dependent mechanism.  Because the diffusion of YFP-GL-

GPI, which is predicted to associate with nanoclusters, was unaffected under these conditions, it seems unlikely 

that the increased mobility of CTxB is due to disruption of its association with actively maintained nanoclusters.  

Instead, the enhanced diffusion of CTxB under these conditions may reflect the substantial changes in the 

organization of actin that occur in response to ATP depletion (Figure 10), allowing for it to decouple from CTxB.  

 

Diffusion of CTxB and other cell surface molecules is identical in the presence and absence of 

caveolae  

Caveolae are another structural feature of cell membranes with the potential to restrict the diffusion of 

CTxB.  CTxB is sometimes enriched within caveolae, suggesting it has a specific affinity for these domains [7, 182-

184].  Since caveolae are immobile within the plane of the membrane [137, 185], even transient interactions of 

CTxB with caveolae would be expected to constrain its lateral mobility.  In agreement with this possibility, several 

studies have reported that interactions of CTxB with caveolin-1 (Cav-1) itself slow the diffusion of CTxB both at the 

plasma membrane and within early endosomes at neutral pH [7, 36, 37].  However, these experiments either used 

a knockdown approach or examined the dynamics of CTxB in enlarged endosomes containing caveolin-1-GFP.  

Therefore, to more directly assess the effect of caveolae on CTxB mobility, we measured CTxB diffusion in Cav-1
-/-

 

and Cav-1
+/+

 mouse embryonic fibroblast (MEF) cells.   

All of the markers studied localized correctly to the plasma membrane in the Cav-1
-/-

 cells (Figure 11A).  

Levels of CTxB binding to the cell surface were also equivalent in the Cav-1
+/+

 and Cav-1
-/-

 MEFs, similar to previous 
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Figure 9. CTxB diffusion is confined by ATP-dependent barriers. (A–E) Subcellular distribution of Alexa555-CTxB 
and YFP-GL-GPI in control and ATP-depleted COS-7 cells. Images show the projection of a series of confocal 

slices through live cells. Arrows mark the position of an xz-section (shown below.) Scale bar = 10 m. (A, D) 
Typical morphology of cells labeled with Alexa555-CTxB or expressing YFP-GL-GPI under control conditions. (B, 
E) In ATP depleted cells, in addition to labeling the bulk of the plasma membrane, Alexa555-CTxB and YFP-GL-
GPI label protrusions of the plasma membrane found close to the coverslip, as well as protrusions projecting 
above the surface of the cells into the media. (C) Example of an ATP depleted cell in which CTxB accumulates in 
tubular plasma membrane invaginations in addition to protrusions. (F) COS-7 cells were ATP depleted or mock-
depleted (‘‘control’’) for 15 minutes prior to labeling and FRAP was performed in the continued presence of ATP 
depletion or control medium. Diffusion coefficients were measured for Alexa546-CTxB, YFP-GT46, YFP-GL-GPI or 

DiIC16 (mean 6 SD from 24–32 cells). Cells were labeled with 1 M Alexa546-CTxB. FRAP was performed at 37°C. 
** p,0.01, Student t-test. [32] 
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Figure 10. ATP depletion induces actin polymerization. Rhodamine-phalloidin labeling in mock-depleted and 
ATP depleted COS-7 cells (A) labeled with Alexa488-CTxB or (B) expressing YFP-GL-GPI. A single confocal section 
is shown for each. A zoom of the boxed area is shown on the right. The merged images show phalloidin staining 
in red and CTxB or YFL-GL-GPI staining in green. The spotty appearance of CTxB and YFP-GL-GPI is the result of 

fixation and permeabilization conditions. Scale bar = 10 m. [32] 
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reports [108].  Confocal FRAP analysis revealed there was no significant difference in D or Mf between CTxB in Cav-

1
+/+

 and Cav-1
-/-

 MEFs, suggesting that CTxB is not diffusionally trapped within caveolae (Figure 11B, Table 1).  

Furthermore, both the D and Mf values obtained for CTxB in MEFs were similar to those measured in COS-7 cells, 

which contain abundant caveolae, further suggesting that the slow diffusion of CTxB is not due to its interactions 

with caveolae.  Analysis of the cell surface dynamics of YFP-GL-GPI, YFP-GT46, and DiIC16 also showed no 

differences in Cav-1
+/+

 and Cav-1
-/-

 cells (Figure 11B).  These results suggest caveolae do not specifically confine the 

cell surface dynamics of CTxB, and also do not generally impact the diffusional mobility of other proteins or lipids.   

 

The diffusional mobility of other proteins and lipids at the cell surface is unaffected by the 

presence of bound CTxB  

In the experiments described above, we focused on how structural components of the plasma membrane 

modulate the dynamics of CTxB.  However, binding of CTxB to membranes could itself potentially alter the 

organization of the plasma membrane organization in a way that influences either its own diffusion, or that of 

other molecules.  For example, binding of CTxB to cells could potentially create crowding effects that cause it to 

diffuse slowly [197].  Alternatively, the addition of CTxB to cells could lead to the formation of sub-resolution 

domains that influence the distribution and dynamics of other proteins and lipids, by analogy to its ability to form 

macroscopic domains in model systems [13, 30].  Cellular proteins with affinity for these domains might become 

trapped within or transiently interact with these structures, consequently slowing their diffusion as well [186].  

Conversely, if such domains were sufficiently abundant and connected, other proteins could potentially become 

“trapped” within islands surrounded by a cluster of domains formed by CTxB binding [58].  Each of these models 

predicts that in the presence of CTxB, diffusion of other proteins and lipids should be slowed compared to the 

absence of CTxB.   
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Figure 11. Caveolae have little effect on CTxB diffusion at the cell surface. (A) Subcellular distribution of 
Alexa546-CTxB, YFP-GL-GPI, YFP-GT46, and DiIC16 in live Cav-1

+/+
 and Cav-1

-/-
 MEF cells. Bar, 10 mm. (B) 

Diffusion coefficients of Alexa546-CTxB, YFP-GL-GPI, YFPGT46 and DiIC16 in Cav-1
+/+

 and Cav-1
-/-

 MEF cells 

(mean ± SD from 22–47 cells). Cells were labeled with 1 M Alexa546-CTxB. FRAP was performed at 37°C. 
[32] 
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To test this, we measured the diffusional mobility of DiIC16, YFP-GL-GPI, and YFP-GT46 in the presence or absence 

of saturating levels of CTxB (Figure 12, Table 1).  Experiments were carried out at both 22C and 37C in order to 

test for the presence of temperature-dependent membrane percolation threshold [58].  Interestingly, the diffusion 

of both proteins (YFP-GL-GPI and YFP-GT46) was unaltered by the addition of CTxB at both temperatures.  DiIC16 

diffusion was also unchanged in the presence of CTxB at 37C, but was significantly increased at 22C.  This implies 

that if microdomains are formed upon binding of CTxB to the cell surface, they are not sufficiently abundant or 

large enough to influence the diffusion of our test proteins at physiological temperature.  However, they do appear 

to influence the mobility of DiIC16 at lower temperatures, raising the possibility that CTxB binding may impact the 

viscosity or order of the membrane at lower temperatures, perhaps by perturbing underlying lipid organization 

[39]. 

 

The diffusional mobility of AB5 toxins is not correlated with their capacity to cluster glycolipids 

Our findings raise the question of whether the confined diffusion we observed for CTxB is a general 

feature of proteins with the intrinsic ability to cluster glycolipids.  The B subunit of Shiga toxin (STxB) is another 

example of a bacterially derived toxin with a homopentameric structure that binds a glycolipid receptor (in this 

case, Gb3) [166].  While there is no apparent similarity in the amino acid sequences of these two proteins, their 

structures are highly homologous [166].  Importantly, STxB can bind up to 15 Gb3 molecules per homopentamer 

[198].  We therefore predicted that STxB would diffuse even more slowly than CTxB if the extent of glycolipid 

clustering is a major determinant of their cell surface dynamics. 

To test this, we initially sought to measure the diffusional mobility of STxB in the plasma membrane of 

unperturbed COS-7 cells.  We found that COS-7 cells normally label poorly with STxB.  Therefore, to enable STxB 

binding, COS-7 cells were transfected with Gb3 synthase [149].  We next attempted to perform FRAP analysis of 

STxB at the cell surface.  However, within minutes after labeling, STxB was rapidly internalized from the cell surface 

into numerous small, rapidly moving vesicles and tubular structures (Figure 13A), precluding FRAP analysis.  We 

therefore took advantage of the fact that ATP depletion, a condition we used to study the regulation of the  
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Figure 12. CTxB binding has little effect on the diffusion of other cell surface molecules. COS-7 cells expressing 

YFP-GL-GPI or YFPGT46, or stained with DiIC16 were labeled with 1 M Cy5-CTxB (YFP-GLGPI and YFP-GT46) or 
Alexa488-CTxB (DiIC16) for 5 minutes at room temperature and washed prior to FRAP studies. Diffusion 

coefficients were measured for YFP-GL-GPI, YFP-GT46, and DiIC16 in the presence and absence of 1 M Cy5 
CTxB (mean 6 SD for n = 16–32 cells). FRAP data were collected at both 20°C and 37°C. ** p,0.01, Student t-test. 
[32] 
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diffusion of CTxB (Figure 9), inhibits the internalization of STxB [20] and CTxB (this study) as a way to compare the 

dynamics of CTxB and STxB on the plasma membrane.   

 For these experiments, COS-7 cells expressing Gb3 synthase were preincubated in ATP depletion medium 

for 15 min prior to labeling with Alexa 488-STxB and subsequently imaged in the continued presence of ATP 

depletion medium.  In ATP depleted cells, STxB often accumulated in tubular plasma membrane invaginations 

(data not shown), similar to those reported previously [20].  In some cells, STxB could also be found in protrusions 

induced by ATP depletion (data not shown), similar to those observed for other cell surface markers.  Importantly, 

under these conditions, a substantial fraction of STxB remained trapped at the cell surface, enabling us to use 

confocal FRAP to assess the dynamics of the plasma membrane pool of the toxin. Remarkably, the cell surface pool 

of STxB diffused significantly faster than CTxB, with a characteristic D of ~0.5 µm
2
/s and Mf of 81±7%.  In fact, this 

was significantly faster than the diffusion of CTxB under any of the conditions we examined.  These data indicate 

that confined diffusion is not a general property of glycolipid binding toxins, and suggest that in cells, the 

diffusional properties of CTxB and STxB are not correlated in a simple way with their capacity for clustering 

multiple glycolipids.  

 

DISCUSSION 

 

In contrast to the highly dynamic properties of native lipid rafts, rafts stabilized by binding of CTxB to the 

plasma membrane of living cells diffuse extremely slowly.  In the current study, we used confocal FRAP to analyze 

the regulation of the dynamics of CTxB, with the goal of identifying mechanisms that confine its lateral diffusion. 

FRAP is an ensemble technique which reports on the average rate of diffusion of a large populations of particles 

across micrometer distances.  This is in contrast to single particle tracking and fluorescence correlation 

spectroscopy which report on the short range diffusion of a small number of particles at one time.  In certain  
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Figure 13. STxB, another homopentameric glycolipid-binding toxin, diffuses more rapidly than CTxB. (A) 
Subcellular distribution of CTxB and STxB in control cells approximately 5 minutes after labeling and shifting to 
37°C. (B) Diffusion coefficients of STxB vs. CTxB in ATP depleted COS-7 cells (mean 6 SD from 30 and 28 cells, 

respectively). Cells were labeled with 1 M Alexa546-CTxB or 75 nM A488-STxB. FRAP was performed at 37°C. 
** p,0.01, Student t-test. [32] 
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instance the ability of measure a few particles at once is useful as it allows for easy separation of populations 

having distinct diffusional behaviors.  However, in our current study all FRAP data was well fit by a single 

component diffusion model, indicating that alternative techniques are not necessary to understand the slow 

diffusion of CTxB.  Similarly, we have performed fluorescence correlation spectroscopy on CTxB in COS-7 cells at 

steady state and this data also fits a single component diffusion model (not shown).  Finally, previous diffusion 

measurements of CTxB collected by FRAP, fluorescence correlation spectroscopy, and single particle tracking have 

all reported that the diffusion of CTxB is highly confined [33, 34, 36, 68, 172, 175, 176], indicating that the barriers 

that restrict the long range motion of CTxB are likely conserved over the smaller spatial scales observed by 

fluorescence correlation spectroscopy and single particle tracking.   

Our results highlight several important differences in how the cell surface dynamics of CTxB are regulated 

compared to classical markers of lipid rafts such as GPI-anchored proteins, as well as other general classes of 

molecules such as transmembrane proteins or lipid probes.  For example, although previous studies have indicated 

that the dynamics of many raft-associated molecules are unaffected by disruption of the actin cytoskeleton [57], 

actin plays an important role in constraining the diffusion of CTxB.  The dependence of CTxB diffusion on actin 

organization may seem surprising given that CTxB binds a glycolipid receptor and thus lacks the ability to directly 

couple to actin.   However, the CTxB/GM1 complex could potentially interact indirectly with actin in several ways.  

The diffusion of CTxB could be impeded by the presence of transmembrane “post” proteins that are attached to 

actin-based corrals [188, 199].  Alternatively, crosslinking of GM1 by CTxB could initiate signaling events that in turn 

transiently connect the CTxB/GM1 complex to actin with the help of currently unknown transmembrane proteins, 

by analogy to how crosslinked GPI-anchored proteins are thought to interact with actin [200-203].  The formation 

of a “textured” lipid phase in response to CTxB binding may contribute to signaling across the bilayer leaflets [39].  

There is also evidence from freeze-fracture immunolabeling electron microscopy that GM1, the high affinity 

glycolipid receptor for CTxB, associates with actin-dependent clusters in cells [204].  Thus, GM1 itself may be 

coupled to actin, providing an indirect link between CTxB and the cytoskeleton.   

Our results also indicate the diffusion of CTxB is normally confined by ATP-dependent processes.  Initially, 

we set out to test the effects of this treatment as a way to assess the possible interaction of CTxB with actively 
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maintained nanoclusters, a class of domains previously shown to lead to the local enrichment and immobilization 

of GPI-anchored proteins [66].  Despite the known interaction of GPI-anchored proteins with such structures, ATP 

depletion had little influence on the overall mobility of a representative protein, YFP-GL-GPI.   We speculate this 

may be the case because only a relatively small fraction of GPI-anchored proteins associates with these domains 

[66].  However, ATP depletion also had a profound effect on actin organization and membrane structure.  In 

particular, we observed a dramatic increase in F-actin staining close to the plasma membrane in response to ATP 

depletion, accompanied by the formation of needle-like protrusions.  Based on these observations, we propose 

remodeling of actin to form longer filaments may increase the dimensions of the actin-defined compartments that 

normally confine protein and lipid diffusion at the cell surface [70], therefore increasing the mobility of CTxB in 

response to ATP depletion.  This model might explain why ATP depletion and LatA treatment have similar effects 

on CTxB dynamics, even though they have much different effects on overall actin organization.  Other changes in 

membrane structure and composition known to occur in response to ATP depletion, including inhibition of 

phosphoinositide synthesis and the release of some small GTPases from the plasma membrane [205], could also 

contribute to the shift in CTxB diffusion.  This multiplicity of effects of ATP depletion may also explain why diffusion 

of the transmembrane protein YFP-GT46 was enhanced following ATP depletion, but unaffected by actin disruption 

following LatA treatment. 

Caveolae have been shown to become enriched in and internalize CTxB, although they are not required 

for its endocytic uptake into cells [108].  We therefore tested for a potential role of caveolae in controlling the 

overall diffusion of CTxB at the cell surface.  We found that the absence of caveolae had no effect on the diffusion 

of CTxB, or for that matter on any of the other cell surface markers examined.  D was also very similar for all the 

molecules examined in COS-7 cells (which contain caveolae) and in caveolin-1
-/-  

MEFs, further indicating that 

caveolae per se do not strongly influence the mobility of the molecules examined here.  Taken together, we 

conclude from these studies that caveolae are not a major barrier to the diffusion of CTxB, and also do not function 

as general regulators of protein or lipid diffusion.  This does not rule out the possibility that specific proteins or 

lipids interact with caveolae, especially following crosslinking [202].  Caveolae could also potentially become 

saturated with CTxB, as CTxB has been reported to be selectively taken up by caveolae when present at very low 
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labeling concentrations [7].  The effects of caveolae and caveolin-1 on the diffusion of proteins like CTxB may also 

not necessarily be identical, since caveolin-1 can exist at the cell surface as small oligomers under conditions where 

caveolae per se are not present [36].  This may explain the difference between our current results and those of a 

previous study examining the effects of caveolin-1 on CTxB diffusion utilizing a knock down approach,that may 

have left these residual caveolin-1 oligomers on the cell surface [36, 37].  However, it is also formally possible that 

the role of caveolae and caveolin-1 in modulating the diffusion of CTxB are different in adipocytes and mammary 

tumor cells [36, 37] than in MEFs.   

For purposes of this study, caveolae are the only nascent endocytic vesicles we chose to examine, as 

previous work had identified caveolin-1 as a factor impacting CTxB diffusion [36, 176].  However, caveolar 

endocytosis is not the only endocytic pathway utilized by CTxB [88, 91-93, 193].  To the best of our knowledge the 

impact that these other pathways on the diffusion of CTxB has not yet been examined, and studies into the role of 

these pathways on CTxB dynamics are ongoing in our lab. Among these pathways, the possibility that CTxB 

diffusion is regulated by flotillin appears especially promising as flotillin has been shown to modulate the 

diffusional mobility of other sphingolipid-binding molecules [206].  

Because CTxB binding itself can potentially alter the organization of the plasma membrane, we 

investigated its effects on the diffusion of other proteins and lipids.  The results of these experiments showed very 

little change in protein or lipid diffusion in the presence of bound CTxB at physiological temperature.  This result 

immediately rules out the possibility that CTxB binding causes crowding effects that slow its own diffusion [197].  

They further imply that if CTxB forms small domains in intact cells, these domains do not incorporate other 

classical “raft”-associated proteins [186], and also are not sufficiently large to form barriers to the diffusion of non-

raft proteins or lipids [58].  Our observation that CTxB binding does not alter the diffusion of YFP-GL-GPI is 

consistent with a recent near field scanning microscopy study showing that GPI-anchored proteins are in close 

proximity to CTxB, but do not directly colocalize with CTxB-enriched domains [207].  They somewhat differ, 

however, from data reported by Pinaud and colleagues [208].  In that study, the effects of CTxB on the diffusional 

mobility of an artificial GPI-anchored protein consisting of avidin attached to the membrane via a GPI-anchor, Av-

GPI, were investigated in some detail using single quantum dot tracking [208].  A modest decrease in mobility of a 
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slowly diffusing population of Av-GPI was reported to occur in cells labeled with CTxB.  However, under steady 

state conditions, even the “fast” values of D reported for Av-GPI are almost two orders of magnitude slower than 

our measured D for YFP-GL-GPI (0.038 m
2
/s for Av-GPI versus ~1 m

2
/s for YFP-GL-GPI).  It thus seems likely that 

Pinaud et al. detected interactions of CTxB with a subset of partially immobilized GPI-anchored proteins, rather 

than a freely diffusing population of GPI-anchored proteins.    

Since hydrodynamic radius is a key regulator of diffusion within membranes we compared the diffusion of 

CTxB to that of STxB.  Given that STxB has the capacity to bind up to 15 Gb3 lipids, compared to CTxB’s 5 GM1 

binding sites, it could be predicted that STxB will experience more drag from its lipids which could lead to even 

slower diffusion than CTxB.  However, in ATP depleted cells we found that the diffusion of STxB is, in fact, 

significantly faster than that of CTxB, suggesting that the absolute number of lipid binding sites is not correlated 

with the cell surface mobility of either toxin.  This lack of correlation between the number of bound lipids and the 

rate of diffusion between these toxins, mirrors a previous study from our lab examining the role of cross-linking by 

comparing the diffusion of wild type CTxB to that of chimeric CTxB, made of a mixed population of toxins with one 

or two functional binding sites for GM1 [172].  In that study, we found no significant difference in the rate of 

diffusion between wild type and chimeric CTxB’s on the plasma membrane of COS-7 cells at steady state.  From 

these two studies it appears that the number of gangliosides crosslinked by CTxB has very little effect on the 

diffusion of the toxin.   

A number of hypothesizes could be put forward to explain the lack of direct scaling between the number 

of gangliosides bound by AB5 toxins and the rate of diffusion of the toxins.  One such possibility is that CTxB may 

be recognizing alternative binding partners.  While GM1 is the highest affinity binding partner identified for CTxB, it 

is well documented that CTxB also has a high affinity for other ganglioside species [24-26].  Furthermore, live cell 

studies have indicated that CTxB may recognize alternate binding partners in the plasma membranes of live cells 

[209, 210].  If one of these alternate binding partners were a glycosylated protein, this would explain the apparent 

disconnect between hydrodynamic radius of the toxin and diffusion.  Furthermore, this occurrence could explain 

both the slow diffusion of the toxin and would also lay out a clear model for the mechanism by which CTxB 

diffusion is sensitive to cortical actin.      
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Another possible factor that could be contributing to the slow diffusion of CTxB may be related to the 

subresolution topology of the cell surface.  It is well documented that certain membrane components localize to, 

or are excluded from, specific membrane regions based on the intrinsic curvature of that membrane region [211-

213].  Furthermore, the complex topology of the plasma membrane can impact the apparent diffusion of various 

markers [214].  To control for potential effects of membrane topology on diffusion, we endeavored to avoid 

photobleaching visible protrusions or invaginations produced by ATP depletion and Lat A treatment.  We cannot 

fully exclude the possibility that there may have been subresolution protrusions and invaginations in our bleach 

regions.  However, with the exception of plasma membrane invaginations formed in response to ATP depletion, 

which were selectively enriched in CTxB, all of the markers examined appeared to label membrane invaginations in 

LatA treated cells, protrusions in ATP depleted cells, and “flat” regions of the membrane to similar degrees.  This 

suggests that these markers have roughly equivalent affinities for convex, concave and flat plasma membrane 

regions.  Therefore, it seems unlikely that potential subresolution changes in cell surface topology accounted for 

the changes we observed in diffusion following these treatments; rather, we propose these differences in diffusion 

were the result of lateral heterogeneity not related to cell surface topology.  Further work is certainly needed to 

examine the interplay between membrane topology and lateral heterogeneity, as well as membrane topology and 

diffusion. 

Finally, it has been reported that many gangliosides in the plasma membrane are shielded against toxin 

binding.  This is supported by the observation that cholesterol depletion increases the level of CTxB binding to cells 

[215].  From this observation it may be argued that the raft associated glycolipids are the ones that are most 

heavily masked and therefore that CTxB is not reporting on lipid rafts.  However, treatments such as cholesterol 

depletion have multiple effects on membranes.  For example, in our own previous work we showed that 

cholesterol depletion leads to a systematic slowing of the diffusion of multiple cell surface markers, including CTxB 

[33].  Furthermore, it is worth noting that the only the propensity of CTxB to bind cells following cholesterol 

depletion has been examined.  This says nothing of the state of GM1 after CTxB binding and therefore, it remains 

unclear if GM1, once bound by CTxB, then interacts with cholesterol.  Therefore, while the observation that 

cholesterol depletion increases cholera toxin of cells is an interesting one, further work is required to regarding the 
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effects of cholesterol on toxin binding and also on the implications of ganglioside masking, if any, upon toxin 

organization and dynamics.   

In summary, our results are consistent with a model in which in cells, the diffusional mobility of CTxB/GM1 

complexes is restricted by F-actin dependent as well as ATP-dependent processes, which may also be linked to the 

maintenance of actin organization.  Coupling of these complexes to actin could potentially occur either with the 

help of currently unidentified transmembrane proteins, or by trapping of small CTxB-enriched domains within 

actin-defined corrals.  Indirect interactions of CTxB with the cytoskeleton could in turn provide a mechanism that 

facilitates toxin uptake by clathrin-independent endocytic mechanisms [169, 192].  This working model should 

provide a useful framework for evaluating the role that both crosslinking and the cytoskeleton play in assembling 

functional toxin-stabilized domains.  
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CHAPTER IV 

 

 DYNIEN PROVIDES MECHANICAL FORCE FOR MEMBRANE TUBULATION IN CLATHRIN-

INDEPENDENT ENDOCYTOSIS 

 

Introduction 

 

 Multiple clathrin-independent endocytic mechanisms are known to exist [86].  The physical mechanisms 

that deform the plasma membrane and give rise to endocytic vesicles in these pathways are poorly understood.  

One prominent model for the formation of clathrin independent endocytic vesicles states that these vesicles are 

mechanically generated by multivalent lipid binding toxins, including Shiga toxin and cholera toxin, in what is 

known as “toxin-induced endocytosis”.   

 This model is supported by the observation that fluorescently conjugated STxB and CTxB accumulate in 

long (multiple micrometer) invaginations of the plasma membrane under ATP depletion [20, 40].   As cellular 

machinery is thought to be in rigor under these conditions, the prominent thinking is that the toxins are imparting 

curvature on the membrane, an interpretation consistent with reports of AB5 toxins having the capacity to deform 

model membranes [20, 40].  The current model states that endogenous proteins appear to be function only in the 

scission of these invaginations, since induction and growth of these invaginations persist under ATP depletion.   

 Utilizing quantitative fluorescence microscopy approaches, we have further characterized the 

mechanisms that drive membrane deformation in toxin-induced endocytosis.  Employing a chimeric cholera toxin 

with a reduced number of functional GM1 binding sites, we tested the importance of receptor cross-linking on the 

production of CTxB enriched membrane invaginations under ATP depletion, and found that receptor cross-linking 

has very little effect on the formation of invaginations.  Furthermore we identified, for the first time, an 
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endogenously expressed membrane marker, HRas, colocalizing with CTxB on the invaginations.  Using GFP-HRas 

we uncovered that the membrane tubulation previously described as toxin-induced is in fact generated by an 

endogenous process, as the tubules could be identified in the absence of AB5 toxins.  While disruption of the actin 

polymerization and depolymerization cycle appears critical for the formation of long invaginations, actin- and 

actomyosin-based processes are not providing the force to deform the plasma membrane.  Alternatively, 

perturbations of microtubules and disruption of the dynactin complex significantly inhibited tubulation of the 

plasma membrane.  Using both a small molecule inhibitor of dynein’s ATPase activity to block membrane 

tubulation and particle tracking of lysosomal movements under ATP depletion, we confirmed that some dynein 

motor activity persists under previously published ATP depletion conditions.  Together, this research implicates 

microtubules, dynein and dynactin as capable of generating plasma membrane curvature as a precursor to 

endocytic vesicle formation. 

 

Results 

 

Tubule formation is not dependent on receptor cross-linking 

We took advantage of a previously described assay in which STxB and CTxB can be trapped in surface 

attached tubular invaginations under conditions that are permissive for tubule growth but that inhibit tubule 

scission [20].  In a recent study we confirmed that CTxB accumulates in surface-attached tubular invaginations in 

cells following actin disruption or ATP depletion [32].  However, actin disruption also led to the formation of 

plasma membrane tubules by a toxin-independent mechanism [32].  We therefore utilized ATP depletion as a 

model for stabilizing putative toxin-induced tubular invaginations in the current study (Figure 14, Figure 15).  We 

previously observed that ATP depletion also induces the formation of membrane protrusions that bear superficial 

resemblance to invaginations in single confocal sections (Figure 9) [32].  To differentiate between protrusions and 

invaginations in our experiments, we collected confocal z-stacks (Figure 14B, C).  Tubules labeled with low 

concentrations of red Alexa555-CTxB, quickly filled with green Alexa488-CTxB, indicating that the tubule 
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membrane is continuous with the plasma membrane (Figure 16).  Furthermore, the invaginations did not remain 

intact following fixation, so all experiments were carried out in living cells.  

First, we needed to verify that the CTxB-positive tubules were in fact, plasma membrane attached.  To do 

this ATP depleted cell were labeled with a low concentration Alexa555-CTxB and incubated on the scope until the 

toxin was readily observed in tubules.  A high concentration of A488-CTxB was then added and the rate of 

accumulation of this toxin in invaginations was recorded in real time.  Tubules acquired the A488-CTxB at a rate 

too fast to be the result of intracellular trafficking and more consistent with that of CTxB diffusion across the 

membrane, indicating that the tubule membranes are continuous with the plasma membrane (Figure 16).   

To test if toxin binding caused plasma membrane tubulations by compaction or reorienting multiple 

glycosphingolipids into a curved surface, we prepared a mixture of chimeric cholera toxins (CTx chimera) that bind 

0, 1, or 2 glycosphingolipid receptors (ganglioside GM1) instead of the usual 5 [172].  The 1- and 2-GM1 binding site 

mutants still bind to cell membranes, undergo GM1-mediated endocytosis, and caused intoxication, albeit with 

substantially decreased efficiency compared to wild type cholera toxin [172].  We hypothesized that the CTx 

chimera mutants should be defective in bending the plasma membrane if receptor crosslinking is essential for this 

process to occur.  We studied the uptake of the fluorescently-labeled CTx chimera in 3-dimensions by confocal 

microscopy of live cells and compared this to the uptake of wild type CTxB, which can bind five gangliosides at 

once.  Unexpectedly, we found that the mutant toxin was readily observed in tubular invaginations (Figure 17A).  

Compared to wild type CTxB, the mutant cholera toxin accumulated in invaginations in a slightly smaller 

percentage of cells (Figure 17B).  However, the average number of invaginations per cells and length of the 

invaginations were essentially identical (Figure 17C, D).  Thus, binding of cholera toxin to only 1 or 2 GM1 

molecules is sufficient to target the protein to tubular invaginations, implying that extensive crosslinking of its 

glycolipid receptor is not required for this process to occur. 
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Figure 14.  CTxB accumulates in plasma membrane-derived tubular invaginations. (A) Subcellular 
distribution of CTxB and STxB in control and ATP depleted COS-7 cells. (B-C) Confocal sectioning of ATP 
depleted COS-7 labeled with 100 nM Alexa555-CTxB show that CTxB accumulates in membrane derived 
invaginations and protrusions.  Examples of invaginations are marked with arrowheads and protrusions 
with arrows.  Invaginations and protrusions can also be distinguished in x-z-sections (below).  X-Z-sections 

shown were taken between the dashes in the above image. Bar equals 10 m. 
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Figure 15. CTxB and STxB label tubular invaginations in multiple cell types. (A) Alexa488-STxB 
accumulates in invaginations in ATP depleted COS-7 expressing Gb3 synthase and also in HeLa cells, which 
naturally express Gb3.  (B) Alexa555-CTxB labels plasma membrane invaginations in ATP depleted COS-7 
and MEF cells.  (C) Alexa488-STxB and Alexa555-CTxB accumulate in the same plasma membrane 

invaginations in ATP depleted COS-7 expressing Gb3 synthase. Bar equals 10 m. 
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Figure 16.  CTxB positive invaginations are readily accessible to new toxin.  Live, ATP depleted COS-7 cells were 
labeled with 25 nM A555-CTxB and incubated on the microscope at 37°C.  Following the visible formation of 
tubules containing A555-CTxB, a highly concentrated dose of A488-CTxB bringing the A488-CTxB concentration in 
the media to 50 nM.  The A488-CTxB quickly gains access to the tubules. 
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Figure 17.  1 or 2 GM1 binding sites are sufficient to target cholera toxin to plasma membrane invaginations, 
and toxin binding is not required for tubular invaginations to form.  (A) ATP depleted COS-7 cells labeled with 
chimeric CTx, comprising a mixed population of toxins with only 1 or 2 function GM1 binding sites.  Cells were 
labeled with 500 nM Cy3-CTx chimera. (B) Fewer cells labeled with CTx chimera displayed invaginations as 
compared to those labeled with wild type CTxB (mean ± SD from 117-119 cells). * p<0.05, chi-squared test.  (C) 
Cells labeled with Cy3-CTx chimera or Alexa555-CTxB show no difference in the average number of invaginations 
per cell (mean and SD of 42-46 cells). n.s., p>0.05; Student t-test.  (D) Invaginations positive for Cy3-CTx chimera 
or Alexa555-CTxB show no difference in length (mean ± SD from 219-332 invaginations). n.s., p>0.05; Student t-
test.  (E) GFP-HRas and a construct containing only the C-terminal 10 amino acids of HRas, GFP-HRas-381, both 
colocalize with A555-CTxB in plasma membrane invaginations in ATP depleted cells.  (F) In the absence of CTxB, 

GFP-HRas and GFP-HRas-381 label membrane invaginations under ATP depletion. Bar equals 10 m.   
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Membrane tubulation occurs in the absence of toxin 

An alternative hypothesis that could explain why STxB and CTxB accumulate in tubular invaginations is 

that tubules are generated through the action of endogenous cellular machinery and toxin is subsequently sorted 

into them.  This model predicts that it should be possible to visualize the presence of cellular plasma membrane 

markers in invaginations in the absence of bound toxin.  Consistent with this, we made the observation that the 

plasma membrane protein GFP-HRas strongly associated with tubular invaginations in ATP depleted cells either in 

the presence or absence of bound CTxB (Figure 17E, F).  The formation of these structures was not dependent on 

the GTPase activity of overexpressed HRas, as a construct consisting of GFP appended to the C-terminal 10 amino 

acids of HRas also associated with tubular invaginations in ATP depleted cells (Figure 17E, F).  Because these 

tubular invaginations do not require toxin binding to form, we conclude that endogenous cellular machinery must 

be responsible for mechanically deforming the plasma membrane under these conditions.  

 

Actin-mediated mechanisms are not providing the force for membrane tubulation 

It has previously been reported that STxB positive invaginations produced under ATP depletion align with 

F-actin in mCherry-Lifeact expressing HeLa cells [169].  Furthermore, we have observed that ATP depletion induces 

the formation of long F-actin filaments, many of which are oriented perpendicular to the plane of the plasma 

membrane (Figure 10) [32].  Based on these two observations we examined the possibility that an actin-based 

mechanism may be providing the force for membrane tubulation.  Initially, we quantified the percentage of ATP 

depleted cells showing CTxB positive protrusions or invaginations as a function of time after labeling and shifting 

the cells to 37°C.  This analysis revealed that the formation of protrusions is not correlated in time with the 

appearance of invaginations (Figure 18); indicating that these two events may not be related.  To further test the 

role of actin polymerization in membrane tubulation, ATP depletion induced polymerization of actin was inhibited 

by treating COS-7 cells with 250 nM Jasplakinolide to stabilize actin prior to ATP depletion.  Cells were then labeled 

with Alexa555-CTxB to assess plasma membrane topology.  While cells that had undergone ATP depletion with 

DMSO pretreatment displayed plasma membrane protrusions, those pretreated with Jasplak did not (suggesting 
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that Jasplak treatment had stabilized F-actin) (Figure 19).  Furthermore, actin stabilization did not prevent the 

formation of plasma membrane invaginations.  In fact, a significantly higher percentage of cells which had been 

pretreated with Jasplakinolide developed invaginations as compared to those which had only been ATP depleted. 

To confirm that actin filaments were not providing the force for membrane tubulation we next examined 

the alignment of toxin containing invaginations with F-actin under ATP depletion.  As fixation did not preserve 

tubules formed under ATP depletion, these experiments had to be performed in live cells expressing F-actin 

reporters.  COS-7 cells were transiently transfected with a plasmid encoding with either GFP-F-tractin or GFP-

UtrCH, both of which bind F-actin but not G-actin [151, 152].  The vast majority of Alexa555-CTxB-positive tubules 

did not appear to align with F-actin filaments in COS-7 cells expressing GFP-tractin or GFP-UtrCH.  To quantify this 

result, JFilament for ImageJ was used to generate 3D tracing of invaginations in the Alexa555-CTxB image channel.  

These tracings were then overlaid on the F-tractin channel and scored as having no alignment, partial alignment, or 

full alignment with F-tractin positive F-actin.  This method revealed that only 2.4 % of CTxB positive invaginations 

were aligned with F-actin, while 79.8 % showed no alignment.  Furthermore, repeating this analysis for F-actin in 

membrane protrusion we found that 92.4 % of protrusions were fully aligned with F-actin (Figure 20); consistent 

with our previous observations that protrusions are actin rich (Figure 10) [32].  Similarly, very small fraction of 

STxB-positives invaginations visually aligned with F-tractin positive actin filaments in HeLa cells (data not shown).   

 

Plasma membrane tubule formation is microtubule dependent 

We noticed that tubular invaginations often were directed toward the center of the cell in an orientation 

similar to that of the microtubule network (Figure 14A, 14B, 17A, 17E, 17F).  Furthermore, CTxB has previously 

been found to localize within tubular invaginations whose formation is dependent on microtubules [93, 130].  We 

therefore considered the possibility that tubulation of the plasma membrane in ATP depleted cells is facilitated by 

a microtubule dependent process.  To test this, we first asked whether the microtubule network is maintained 

under the conditions of our experiments.  In agreement with earlier studies [216], intact microtubules could be 

visualized in ATP-depleted cells (Figure 21A, 22).  Next, we asked if an intact microtubule network is required for   
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Figure 18.  Time course of protrusion formation is distinct from that of invaginations.  COS-7 cells were 
ATP depleted and labeled with 100 nM A555-CTxB at room temperature. Cells were then shifted to 37°C.  
Z-stack collected to identify protrusions and invaginations as a function of time after the temperature 
shift (n = 15 – 32 cells). 
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Figure 19.  Actin stabilization prevents ATP depletion induced actin polymerization, but does not block 
the formation CTxB positive invaginations.  (A) CTxB positive plasma membrane invaginations are 
evident COS-7 under ATP depletion and in COS-7 cells which were treated with 250 nM Jasplakinolide 
prior to ATP depletion.   (B) More cells pretreated with Jasplakinolide displayed invaginations as compared 
to those which had only been ATP depleted (mean ± SD from 55-65 cells). ** p<0.01, chi-squared test. 
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Figure 20.  Membrane protrusions, but not invaginations, align with actin filaments. (A, zoom in B) A555-CTxB is 
enriched in membrane protrusions and invaginations in COS-7 cells, expressing the F-actin marker, GFP-tractin.  (C) 
Classifying the protrusion and invaginations based on their alignment with F-tractin position actin filaments (n = 84 
invaginations and 276 protrusions). 
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Figure 21.  An intact microtubule network is required for the formation of tubular invaginations.  (A) 
Microtubules incorporating mCherry-tubulin persist in COS-7 cells following ATP depletion.  (B-G) Microtubule 
disruption but not microtubule stabilization prevents the formation of tubular invaginations.  (B, E) 

Pretreatment of cells with 16.7 M nocodazole prior to ATP depletion blocks the formation of plasma 
membrane invaginations (mean ± SD from 74 cells).  ** p<0.01, chi-squared test.  (C, F)  Stabilizing microtubules 
by pretreatment with 150 nM nocodazole prior to ATP depletion has no effect on the formation of plasma 
membrane invaginations. (mean ± SD from 135-169 cells).  n.s. p>0.05, chi-squared test. (D, G)  Stabilizing 

microtubules by pretreatment with 1 M taxol prior to ATP depletion has no effect on the formation of plasma 
membrane invaginations. (mean ± SD from 115-127 cells).  n.s. p>0.05, chi-squared test. (F) CTxB positive 
invaginations align with taxol stabilized microtubule tracks in stably expressing RFP-tubulin HeLa cells under ATP 

depletion. Bar equals 10 m.     



  

76 
 

tubular invaginations to form.  Remarkably, disruption of microtubules with nocodazole prior to toxin labeling led 

to essentially a complete loss of extended tubular invaginations (Figure 21B, E).  These findings establish a 

requirement for an intact microtubule network for growth of the invaginations to occur. 

We next considered how microtubules support tubulation of the plasma membrane.  One potential model 

is via a “search-and-capture” type mechanism [217, 218] in which the nascent plasma membrane invaginations are 

captured by dynamic microtubule plus ends.  Such a mechanism has previously been shown to drive the 

movement of organelles [219, 220].  This model predicts that both plus-end binding proteins and microtubule 

dynamics would be important for tubule formation to occur. 

To examine this possibility, we first used a GFP-EB3 construct to ask whether the plus-end binding protein 

EB3 remain associated with microtubule plus ends under the conditions where tubule growth occurs using a GFP-

EB3 construct [153].  Unlike in control cells where GFP-EB3 associated with rapidly moving microtubule plus ends 

(Figure 22), in ATP-depleted cells GFP-EB3 was no longer concentrated at the tips of microtubules, instead 

accumulating along their length (Figure 22).   These findings indicate that the enrichment of end binding proteins 

at the plus ends is not important for plasma membrane tubulation to occur.  They further suggested that 

microtubule dynamics might not be required for the formation of tubular invaginations.  We tested this possibility 

by inhibiting microtubule dynamics using taxol [221] prior to ATP depletion.  Taxol pretreatment had no effect on 

the percentage of cells positive for invaginations compared to mock-treated cells incubated with carrier (Figure 

21D, G).  Using short (5 minute) incubations with 150 nM Nocodazole to stabilize microtubules prior to ATP 

depletion, similarly had no effect on the prevalence of membrane invaginations (Figure 21C, F). Furthermore, 

tubules often aligned with taxol-stabilized microtubules, as visualized in cells expressing mCherry-tubulin (Figure 

21H).  We conclude that microtubule dynamics are dispensable for the growth of tubular invaginations.   
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Figure 22.  ATP depletion stalls microtubule polymerization.  COS-7 cells expressing GFP-EB3 were imaged at 
37°C under control conditions or under ATP depletion.  The + TIP marker, GFP-EB3, is enriched at the 
microtubule + TIP and can be seen tracking with tip as the microtubule grows.  Under ATP depletion, GFP-EB3 is 

dispersed along the length of the microtubules and no microtubule motion is present.  Bar equals 10 m.   
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Cytoplasmic dynein provides the pulling force to generate plasma membrane invaginations 

under ATP depletion  

Another mechanism by which microtubules could contribute to the growth of tubular invaginations is 

through the activity of microtubule-based motors [144, 222], for example via a sliding mechanism similar to that 

utilized to tubulate the endoplasmic reticulum [223].  Microtubule-based motility involves two classes of motor 

proteins, dynein and members of the kinesin family [142, 224].  Given that tubular invaginations often were 

oriented toward the center of the cell where microtubule minus ends are located, the minus-end direct motor 

dynein appeared was a likely candidate for contributing to the tubulation process.   

Because dynein is an ATPase [224], at first glance it seemed unlikely that dynein’s motor is active under 

conditions where cellular ATP is depleted.  However, recent results indicate that only a few dyneins are required to 

support long range endosomal motions [225].  Moreover, motor copy number is not thought to be a major 

determinant of motility [226].  These findings suggested that even a small number of active motors could 

contribute to the formation of tubular invaginations.  As an initial test of this model, we performed control 

experiments examining the trafficking of lysosomes, a dynein-dependent process [227], in cells expressing 

mCherry-LAMP1.  The motion of LAMP1-positive structures was substantially attenuated in ATP depleted cells 

compared to controls (Figure 23), consistent with the finding that ATP levels were decreased to approximately 2-

3% of control levels under these conditions (Figure 24).  However, a few long-range motions could be observed 

(Figure 23A), indicating that at least a fraction of motors remain active in ATP depleted cells.   

Based on these results it seemed possible that dynein might contribute to the formation of extended 

tubular plasma membrane invaginations in ATP-depleted cells. To test this idea, we visualized the formation of 

tubular invaginations containing CTxB over time (Figure 23H-Q).  Toxin containing tubules most often underwent 

preferential growth toward the nucleus (Figure 23H,K), but they were also observed to pause, or to undergo bi-

directional motions (Figure 23I,N-P) and branching events (Figure 23J,Q), suggesting they can switch tracks.  

Overall, the dynamics of the growth of CTxB tubular invaginations revealed complex motions consistent with the 

expected activity of membranes transported by microtubule motors.   
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Figure 23.  Live cell imaging of tubular invaginations in ATP depleted cells reveals complex motions including 
bidirectional motility and branching events. (A-C) A subset of lysosomes labeled with mCherry-LAMP-1 display 
long range directed motions in ATP depleted COS-7 cells. (B) Time lapse of zoomed in region of the cell in panel A.  
An example of a lysosome undergoing long-range directed motion is marked with the arrowhead. (C) Tracings of 
lysosome movement as detected by particle tracking analysis of the boxed region shown in panel B.  Each track is 
indicated by a different color.  (D-E) mCherry-LAMP-1 positive lysosomes display frequent long-range directed 
motions in COS-7 cells under control conditions.  (E) Tracings from particle tracking analysis of lysosome movement 
in the boxed region shown in panel D.  (F-G) mCherry-LAMP-1 positive lysosomes are immobile in PFA fixed COS-7 
cells.  (G) Tracings of lysosome movement as detected by particle tracking analysis of the boxed region shown in 
panel F.  The total observation times were 1960 s for the trajectories in C and 470 s in E and G.  (H, K, L, M) CTxB-
positive invaginations often grow in fluid directed motions. K shows frames from a time series zoomed in on the 
boxed region in panel I. L shows the ROI used to generate the kymograph in M.  (I,N,O,P) CTxB-positive 
invaginations also extend, retract, and regrow along the same axis.  N shows frames from a time series of the 
boxed region in panel I. O shows the ROI used to generate the kymograph in P. (J,Q) Occasionally, the CTxB positive 
tubules undergo branching events. Q shows a zoom of the boxed region in J. Time stamps are in minutes:seconds.  

Bar equals 10 m. 
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Figure 24.  ATP depletion results in an over 90% reduction in cellular ATP levels and is reversible. (A-B) 
Incubation in ATP depletion media (50 mM 2-deoxy-D-glucose and 0.02% sodium azide) results in a greater than 
90% decrease in cellular ATP levels from control (time 0) in COS-7 (A) and HeLa (B) cells.  (C) Alexa555-CTxB 
labels tubular invaginations after being ATP depleted for 45 minutes.  (D) To test the reversibility of ATP 
depletion, after 45 minutes in ATP depletion media, media was replaced in with fresh ATP depletion media or 

control media and incubated for an additional 15 minutes at 37C.  In the ATP repleted cells, CTxB was trafficked 

to perinuclear compartments, indicating the treatment is reversible.  Bar equals 10 m. 
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Having provided indirect evidence that residual motor activity is retained in ATP depleted cells, we next 

examined the requirements for dynein’s motor activity more directly.  In particular, we predicted that even in ATP 

depleted cells, the ATPase activity of dynein would be required for tubule formation.  To test this we took 

advantage of a newly described small molecule inhibitor of dynein, HPI-4 [228].  We first performed control 

experiments to establish conditions under which HPI-4 inhibits dynein-based trafficking in cells (Figure 25).  

Additionally, we utilized the knowledge that endosomal positioning is maintained by opposing forces of dynein and 

kinesins upon the endosomal membrane.  Therefore, inhibiting dynein would be predicted to reposition 

endosomes near the cell surface.  Using mCherry-Rab11 as a marker of the perinuclear recycling endosomes, we 

confirmed that dsRed-CC1, p50-GFP and HPI-4, each inhibited cytoplasmic dynein, allowing for repositioning of 

Rab11 positive endosomes (Figure 26). We next assayed for tubule formation in ATP-depleted cells pretreated with 

HPI-4.  We observed a decrease in the presence of tubular invaginations in cells treated with HPI-4 but not in 

control cells treated with carrier alone, suggesting that the ATPase activity of dynein is indeed necessary for the 

formation of tubular invaginations (Figure 27A, B).   

It is well established that dynein requires the dynactin complex for its function [224, 229].  We perturbed 

dynactin in two different ways as a further means to test for a role of dynein in tubulation of the plasma 

membrane. First, we interfered with dynein/dynactin binding by overexpression of a dsRed-tagged form of the N-

terminal coiled coil regions of the dynactin p150 subunit, CC1 [229] (Figure 27C, D).  Second, we overexpressed a 

GFP-tagged form of p50/dynamitin, which disrupts the dynactin complex [229] (Figure 25C, 26B).  Expression of 

either protein strongly inhibited the formation of tubular invaginations compared to surrounding untransfected 

cells or cells expressing GFP alone (Figure 27C-E).  We conclude that the dynactin complex is required to support 

tubulation of the plasma membrane (Figure 28), further implicating dynein in this process as well. 
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Figure 25.  HIP-4, CC1 overexpression, or p50 overexpression disrupt delivery of CTxB to perinuclear 
compartments.  (A) In COS-7 cells, CTxB normally accumulates in perinuclear compartments after 30 minutes of 

uptake at 37C.  However, pretreatment with 500M HPI-4 results in a dramatic reduction of the perinuclear 
delivery of CTxB.  (B) The accumulation of CTxB in the perinuclear space in inhibited in a dose dependent 
manner by HPI-4.  Cells were pretreated with HPI-4 for 1 hour then allowed to uptake CTxB for 30 minutes prior 
to fixation.  The extent of CTxB delivery to the perinuclear region was quantified as the ratio of the mean pixel 
intensity of an ROI in the perinuclear region to the mean pixel intensity of an ROI centered on the plasma 

membrane.  n = 36-108 cells and error bars are standard deviations.  Bar equals 10 m. (C) Cells expressing GFP-
p50 showed a block in the delivery of Alexa555-CTxB to perinuclear compartments after 30 min of uptake at 
37°C compared to non-GFP-p50 expressing cells.  (D) Likewise, expression of CC1-dsRed resulted in reduced 
Alexa488-CTxB accumulation in perinuclear compartments as compared to non-expressing cells.  Bar equals 10 

m. 
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Figure 26.  Control experiments demonstrate that HPI-4, CC1 overexpression, or p50 overexpression cause 

redistribution of recycling endosomes in COS-7 cells.  (A) One hour incubation in 500 M HPI-4 causes the 
redistribution of mCherry-Rab11a from the perinuclear space to the cell periphery.  (B) In EGFP expressing cells 
the mCherry-Rab11a positive recycling endosomes are located in the perinuclear region.  However, disruption of 
dynactin by GFP-p50 overexpression results in redistribution of recycling endosomes to the cell periphery.  (C) 
Venus-Rab11a positive recycling endosomes localize near the nucleus in mCherry expressing cells, but are found 

near the cell surface in CC1-dsRed expressing cells. Bar equals 10 m. 
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Figure 27.  The ATPase activity of dynein and an intact dynactin complex are required for the formation of 

tubular invaginations. (A-B) Inhibition of dynein ATPase activity with 500 M HPI-4 significantly reduces the 
percent of cells displaying tubular invaginations.  (mean ± SD from 95-122 cells). ** p<0.01, chi-squared test. (C-
D)  Expression of the dynactin disrupting protein, CC1-dsRed, significantly reduces the percent of cells with CTxB 
positive invaginations as compared to untransfected ce -64 cells). n.s., 
p>0.05; ** p<0.01, chi-squared test. (E) Similarly, expressing of a second dynactin disrupting protein, GFP-p50, 
reduced the prevalence of cells with invaginations as compared to untransfected cells. (mean ± SD from 42-101 
cells).  n.s., p>0.05; ** p<0.01, chi-squared test. (F) Previously proposed model in which toxin-driven compaction 
of glycolipid headgroups drives bending and tubulation of the plasma membrane. (G) Working model based on 
our current findings.  In this model, CTxB positive invaginations do not require the toxin to form.  Instead, the 
driving force for tubule formation is supplied by the microtubule motor dynein. 
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Figure 28.  Models of dynein function in endocytosis.  (A) Our data indicates that cytoplasmic dynein pulls at 
the plasma membrane leading to the membrane tubulation under inhibition of scission by ATP depletion.  (B) 
Furthermore, this provides evidence that cytoplasmic dynein has the capacity to aid in the formation of vesicles 
by deforming the plasma membrane in addition to facilitating the early movement of vesicles away from the 
plasma membrane. 
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Discussion 

 

Although the role of microtubules and motors in tubulating model membranes and intracellular 

compartments such as endosomes and the TGN is well recognized, until this report there has been little evidence 

that they can act at the plasma membrane directly [222, 230-236].  Based on our results, we propose a model 

wherein dynein and dynactin on the plasma membrane can interact with microtubules close to the cell surface to 

allow tubule extension (Figure 28).  Dynein might drive tubule formation by sliding the membrane along 

microtubules, albeit only slowly under conditions where ATP is limiting.  Alternatively, the plasma membrane may 

be locked onto microtubules using dynein/dynactin as a tether, and slow microtubule depolymerization or 

rearrangements within the cell may cause the tubules to form.  Other minus end directed motors such as kinesins-

14 might also contribute to these processes.  These microtubule-based mechanisms may function cooperatively 

with the membrane reorganizations and bending induced by the AB5 toxins binding to their sphingolipid receptors 

[20, 40], but this is not required.  Motor-driven tubulation of the plasma membrane may additionally facilitate 

recruitment of curvature-sensing proteins [237], including curvature-sensitive cargo molecules such as CTxB itself 

[238]. 

The exact mechanism by which the combination of dynein and dynactin bind the plasma membrane and 

how this process is regulated remains to be determined.  This could potentially involve recruitment to sites of local 

membrane bending induced by endogenous cellular factors, similar to that previously described for retromer 

[233].  The mechanism of attachment of dynein/dynactin to the plasma membrane may alternatively be related to 

those involved in positioning of the mitotic spindle [239].  Indeed, microtubule-dependent plasma membrane 

invaginations have been reported to form in C. elegans embryos at cortical sites where spindle poles are tethered 

[240].  Caveolae could also potentially serve as a preferential site for dynein/dynactin recruitment to the plasma 

membrane, as caveolin-1 has been observed in long, toxin-positive tubules under conditions that inhibit 

endocytosis [76, 241].  

In our experiments, ATP depletion was used as a tool to inhibit membrane scission and facilitate trapping 

of CTxB in surface-attached tubules.  Although it is not yet entirely clear why ATP depletion is permissive for tubule 

growth, dynamic cycling between F- and G-actin is thought to be necessary for their scission [169], suggesting that 

alterations to actin dynamics may allow for tubule elongation.  Consistent with this possibility, we previously 

observed that ATP depletion induces substantial cortical actin rearrangements [32].  Changes in cortical actin may 

also decrease plasma membrane tension, favoring the formation of long invaginations by microtubule-dependent 

pulling.  Alternatively, cortical actin may act as a physical barrier between microtubules and the cell surface.  
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Reorganization of cortical actin either through endogenous processes or in response to actin perturbing agents 

[129] may then permit microtubules access to the plasma membrane and thus upregulate membrane tubulation.  

Importantly, microtubule-dependent plasma membrane tubules containing CTxB have also been observed 

under basal physiological conditions [93], suggesting this is a normal cellular phenomenon and not an artifact of 

ATP depletion.  Microtubules, dynein and dynactin may thus contribute in a significant way to the induction of 

curvature and general reshaping of the plasma membrane that allows for the formation of clathrin-independent 

endocytic carriers.  

 

 

 

 

 

 

 

 

 

 

 



  

89 
 

CHAPTER V 

  

CONCLUSIONS 

 

Summary 

 

Cholera toxin has become a popular tool for the study of cell biology both as a putative raft marker and 

cargo molecule for clathrin-independent endocytic pathways; two phenomena which have not been well 

characterized.  The lipid raft hypothesis states that the plasma membrane is organized into domains through lipid-

lipid interactions.  While model membrane studies provide compelling evidence for existence of lipid rafts, 

identifying them in live cells has proven challenging.  One technique cell biologist have turned to is diffusion 

studies, as clear predictions can be made regarding the impact of rafts on lateral diffusion at the plasma 

membrane. However, rafts are not the only mechanism that may perturb diffusion at the cell surface. 

Using confocal FRAP on live cells I sought to elucidate the cause of the slow diffusion of CTxB at the 

plasma membrane; which has previously been proposed to be the result of CTxB confinement in laterally 

immobilized, toxin-stabilize rafts [30, 36, 37].  My work in this area revealed no evidence to support raft cross-

linking or raft mediated slowing of CTxB diffusion, although that possibility cannot be fully ruled out.  Furthermore, 

I uncovered a role for actin in restricting the diffusion of CTxB.  This was unexpected as CTxB is bound to lipids on 

the outer leaflet of the membrane and therefore cannot come in direct contact with actin.  Precisely how actin 

inside the cell could be sensed by CTxB on the outer leaflet remains unclear. 

CTxB was one of the first cargo molecules identified entering cells through clathrin independent endocytic 

mechanisms.  Much about these pathways is not well understood, including how the membrane is deformed to 

generate the endocytic vesicles.  Through live cell studies of cholera toxin, I tested a model from the literature for 
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a specific mode of endocytosis which proposes that SV40, STxB, and CTxB mechanically deform the plasma 

membrane to generate clathrin and caveolin independent endocytic invaginations at the plasma membrane.  Using 

a mutant form of the toxin, predicted to be highly impaired in its ability to bend membrane, I uncovered evidence 

that the toxin may not be bending the membrane.  This finding was supported by the identification of HRas on 

tubular intermediates of toxin-induced endocytosis; where it is found in both the presence and absence of toxin.  

The presence of HRas on these tubules in the absence of bound CTxB indicates that these tubules form by 

disruption of an endogenous process, as well as helps shed light on possible connections between the supposedly 

“toxin-induced” endocytosis and other endocytic pathways.   

The most important finding to come out of my research is not that the previous model was incorrect, but 

rather that cytoplasmic dynein can tubulate the plasma membrane to aid in clathrin-independent endocytosis.  

Currently, the formation of endocytic vesicles and early trafficking events are seen as two distinct events.  Vesicles 

are thought to form primarily by the deformation of the membrane by proteins whose primary function is to bind 

membranes such that they may induce and stabilize curvature.  Once endocytic vesicles have formed, they are 

moved away from the plasma membrane by actin-mediated processes.  Yet our data suggests that both steps in 

the biogenesis of endocytic vesicles can be facilitated by a single protein, cytoplasmic dynein.  Dynein and 

microtubules are already known to be capable of tubulating membranes in intracellular compartments such as 

endosomes and the trans-Golgi network [144].  The involvement of cytoplasmic dynein in endocytosis is a novel 

finding for the field as demonstrated in a recent review which states “Microtubule motors assist in carrier 

biogenesis, with the exception of endocytic carriers” [144].  Therefore, the finding that microtubule motors are 

involved in the biogenesis of endocytic vesicles will mark an important advancement our understanding of 

endocytosis.  
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Future directions 

 

Mechanisms for confined CTxB diffusion 

 My work with membrane dynamics revealed no direct evidence to support the model of CTxB cross-

linking lipid rafts (Figure 12).  Alternatively, CTxB diffusion could be slowed by transient confinement within docked 

endocytic vesicles at the plasma membrane.  Such a model has been proposed previously for CTxB confinement 

within caveolae [36, 37].  My research tested this model, and found no effect of caveolin-1 on CTxB diffusion in 

MEF cells (Figure 11).  However, other classes of endocytic vesicles may confine diffusion of particle at the plasma 

membrane [206].  These forms of confinement were not examined but may be worth testing in future studies.  

While CTxB diffusion was insensitive to Cav-1 expression, the diffusion of CTxB was sensitive to actin disruption by 

Lat A (Figure 8).  Furthermore, ATP depletion increased the rate of CTxB diffusion (perhaps because of the actin 

remodeling that ATP depletion induces) (Figure 9, 10).  How CTxB, which is bound the extracellular leaflet of the 

plasma membrane by lipid, can sense actin is not immediately clear.  Also the effect of actin, while significant, 

appears to be too small to fully account for the diffusion of CTxB, suggesting other mechanisms are also 

contributing to slow CTxB diffusion.  

 One hypothesis that we did not explore is that CTxB binding to the plasma membrane may not be specific 

for GM1.  Ganglioside GM1 is the highest affinity receptor for CTxB known.  Yet CTxB may be binding more than just 

GM1 in live cells, as FACS sorting of mouse embryonic neuroepithelial cells by CTxB surface density found that CTXB 

binding did not coincide with GM1 expression levels, suggesting alternative receptors are present [210].  This 

alternative receptor may be another ganglioside as surface plasma resonance (SPR) studies have found that CTxB 

has affinities for the lipids GM2 and GD1a 1:10
th

 that of CTxB’s affinity for GM1 [24].  Additionally, this and other 

studies have found that CTxB has an affinity for many additional gangliosides species [24-26].  This is an especially 

important observation given that CTXB is often used in cell biology studies at concentrations at or near the 

saturation of the plasma membrane.   
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While it is not immediately clear how the binding of CTxB to lipids other than GM1 may account for the 

slow diffusion, but if CTxB is binding a glycoprotein this could easily explain many of the characteristics of CTxB 

diffusion.  For, example, transmembrane proteins generally diffuse much slower than lipid anchored proteins.  In 

fact, the rate of CTxB diffusion is consistent with the rate of diffusion of many transmembrane proteins [33].  

Furthermore, anchorage to transmembrane proteins, would provide a mechanism for the sensing of cortical actin 

by CTxB, as indicated in my own research [32].  While GM1 is commonly accepted as the only receptor for CTxB, 

biochemical evidence is beginning to emerge to support the existence of glycoprotein receptor as well. 

At least one study suggests that CTxB is binding a glycoprotein at the cell surface [209].  In this study the 

binding of CTxB to T cells was only partially inhibited in cells that had been treated with a small molecule inhibitor 

of GM1 synthesis.  Interestingly, trypsin incubation significantly reduced CTxB binding, suggesting that CTxB is 

binding to a protein [209].  And an earlier paper found that CTxB could bind a protein known a sucrose-isomaltase 

[242].  Additionally, Jennifer Kohler’s lab at UT Southwestern has isolated both GM1 and a glycoprotein as binding 

partners of CTxB in T-84 and Caco cells (unpublished).  Ongoing work in her lab is aimed at identifying the protein 

and determining its impact on lateral diffusion of CTxB in the plasma membrane (personal communication with 

Jennifer Kohler).  

My published FRAP data [32] was collected at labeling concentrations of CTxB above saturation for the 

receptor(s) at the cell surface.  However, I did examine the diffusion of CTxB as a function of concentration in COS-

7 cell (Figure 29) and found a strong inverse correlation between CTxB labeling concentration and the rate of 

diffusion.  One possible explanation for this concentration dependence is that that CTxB is binding distinct species 

with different binding affinities.  The binding affinity of CTxB for GM1 is extremely high [25].  If CTxB has a second 

binding partner, say a glycoprotein, for which CTxB affinity is lower than that of CTxB for GM1, this would explain 

why at low labeling concentrations CTxB diffuses quickly and slows to a rate consistent with that of 

transmembrane proteins at high labeling concentrations.  An alternative explanation for concentration dependent 

diffusion is that CTxB cross-linked rafts grow in size as a function of concentration.  In this case as the lipid rafts 

expand in size they become increasingly trapped in actin defined corrals.  Both models are consistent with the 

actin dependent diffusion we reported [32], since transmembrane proteins could directly come in contact with 



  

93 
 

actin and large rafts have been predicted to become trapped inside actin corrals [243].  Therefore, at this time I 

cannot determine which model is more compelling, but the observation of concentration dependence for CTxB is 

novel and in fact showed the strongest effect on diffusion of any of the variables I examined.  Therefore this is an 

avenue of research that I think is very promising. 

 

Role of ATP depletion and actin disruption on diffusion 

 My FRAP work indicates that ATP depletion and actin disruption both lead to an increase in CTxB diffusion 

at the plasma membrane.  Additionally, both perturbations allow for the formation of plasma membrane 

invaginations.  The formation of invaginations may or may not be related to altered diffusion under these 

treatments, although it is an interesting coincidence.  (The possible mechanism through which actin could be 

involved will be discussed in detail elsewhere.)   

How actin disruption could be having the same effect on CTxB diffusion as ATP depletion, which leads to 

actin polymerization, is an interesting problem.  Two possible explanations come to mind.  First, as established in 

my PLoS One paper [32], ATP depletion triggers massive polymerization of actin near the plasma membrane 

(Figure 10).  However, phalloidin staining of these cells indicates that many small actin filaments are being replaced 

by a small number of long filaments.  This indicates that actin corrals are becoming larger under ATP depletion.  

Additionally, I have observed that over time the protrusions formed by actin polymerization under ATP depletion 

become floppy and the cell body begins to ball up.  Both observations are consistent with breaks in the actin 

filaments at later time points after ATP depletion, an observation previously characterized [244]. If this is occurring 

it would mean that the longer the cells are maintained in ATP depletion media the more breaks in the actin corrals 

occur and the faster CTxB could diffuse.   
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Figure 29.  A555-CTxB diffusion is dependent on cell labeling concentration.  (A) Averaged FRAP curves of 
Alexa555-CTXB at different labeling concentrations in COS-7 at 37°C.  (B) Diffusion coefficients of Alexa555-CTXB 
at different labeling concentrations.  (Bars are averages and standard deviations of 22-26 samples; ** p < 0.01; * 
p < 0.05; Student t-test). 
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Comparison of tubular invaginations across perturbations 

As part of my dissertation research, I tested a model for the endocytosis of CTxB and STxB, known as 

“toxin induced endocytosis.”  This putative form of endocytosis is commonly studied under perturbations allow for 

the tubulation of what are presumably trapped nascent vesicles at the plasma membrane.  The initial paper 

proposing the toxin induced endocytosis model used four methods to trap membrane tubules, namely, cholesterol 

depletion, dynamin inhibition, actin disruption, and ATP depletion [20].  In a follow up paper from the same group, 

actin stabilization was added to the list of perturbations under which tubular invaginations form [193].  While it is 

strongly implied in these papers that the tubules formed under each treatment represent the same class of 

structures, I find no experimental evidence in the literature to support that idea.  This is a major drawback to the 

toxin induced model and an assumption that I think deserves considerable attention.  In the course of my research 

I have tested all five treatments (cholesterol depletion, dynamin inhibition, actin disruption, ATP depletion, and 

actin stabilization) previously reported to induce membrane tubulation.  While I cannot completely dismiss the 

idea that they are all the same, in my hands I see distinct differences between the tubules formed by some of the 

treatments, leading me to believe that they are not all equivalent structures.   

Using MCD to deplete cellular cholesterol prior to CTxB labeling, we see almost no toxin positive tubules. 

Under this treatment the cell bodies retract and most of the toxin remains trapped at the cell surface as 

endocytosis and cellular trafficking are clearly impaired by cholesterol depletion (Figure 30).  The small amount of 

CTxB which is endocytosed accumulates in bright puncta (resembling early endosomes) around the cell periphery 

and never reaches the Golgi complex.   

I am also not convinced that the tubules I observed under dynamin inhibition are the same as those 

formed by ATP depletion, actin disruption and actin stabilization.  In the study by Romer et al. STxB positive plasma 

membrane invaginations were identified in HeLa cells when dynamin 2-mediated membrane scission had been 

blocked with either the small molecule dynamin inhibitor, dynasore, or with the dominant negative mutant 

dynamin 2 K44A [20].  I have not worked with dynamin K44A, but I did perform a large number of experiments 

with dynasore.  In COS-7 cells which had been treated with dynasore prior to CTxB labeling, I observed the 
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formation of CTxB positive tubules (Figure 30).  Visually, these tubules appeared to originate inside the cell and not 

at the plasma membrane.  Furthermore, their dynamics were very distinct from that of the tubules formed under 

all other treatments.  Tubules which appear under dynamin inhibition wave back and forth at their leading tip as 

they elongate.  This waving continues until the leading edge of the tubule makes contact with another tubule and 

stops growing.  Through this process tubules became highly branched until they appeared to assemble a single 

branching network throughout the cytoplasm. The experiment was repeated Cy3-STxB in HeLa cells and the same 

types of tubules were seen.  These structures did not resemble the STxB positive invaginations shown in Romer et 

al [20].  However, another paper out of Rob Parton’s lab has reported the formation of CTxB positive tubules under 

dynamin inhibition [108].  These structures were proposed be formed from GEEC’s and ARF6 related endosomes.  

Since the tubules reported in this paper are highly branched, it seems most likely that the structures I observe 

using dynasore are the same as those observed by the Parton lab. 

As demonstrated in Chapters III and IV, we were able to observe tubular, CTxB positive structures under 

ATP depletion, actin disruption (with Lat A) and actin stabilization (with Jasplak).  While we cannot at this time be 

confident that all three treatments were tubulating the same class of structures, multiple lines of evidence suggest 

that that they are comparable.  First, tubules formed under each of these three treatments treatment were 

morphologically very similar.  In each case, they were many micrometers in length with few branches (particularly 

as compared to highly branched structures formed under dynamin inhibition).   

Furthermore, tubules formed under ATP depletion, actin disruption and actin stabilization all appear to 

originate at the plasma membrane (Figure 30).  However, I must acknowledge that I have only tested surface 

accessibility for tubules formed under ATP depletion (Figure 16).  It is important to acknowledge that some of the 

tubules formed under Jasplak and to perhaps a greater extent under Lat A are mobile.  In both cases, the tubules 

appear to elongate from the plasma membrane before scissioning and moving towards the center of the cell while 

retaining their tubular shape.  Tubules formed under ATP depletion elongated over time but were almost never  
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Figure 30.  Comparative morphology of CTxB positive structures under cholesterol depletion, dynamin 
inhibition, actin disruption, ATP depletion and actin stabilization.  COS-7 cells under cholesterol depletion with 

MCD, dynamin inhibition with Dynasore, actin disruption with Latrunculin A, ATP depletion with 2-deoxy-
glucose and sodium azide and actin stabilization with Jasplakinolide were labeled with FL-CTxB and imaged live 

at 37°C.  Bar equals 10 m.   
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released from the plasma membrane, which may mean that ATP depletion is a more efficient inhibition of scission, 

or that ATP depletion is impairing the physical act of moving (or both). 

Under ATP depletion, we identified HRas as a novel marker of plasma membrane invaginations.  

Furthermore, H-Ras labeled invaginations under ATP depletion in the absence of CTxB (Figure 17).  To determine if 

the invaginations present under actin disruption or stabilization may represent the same class structures as those 

studied under ATP depletion, we tested for H-Ras localization.  Consistent with our result under ATP depletion, 

membrane invaginations produced under both actin disruption and stabilization contained both GFP-HRas and 

A555-CTxB (Figure 31).  Furthermore, these tubules persisted in the absence of CTxB (Figure 31), suggesting that 

the same class of structures may be tubulating under all three perturbations.   

In our PLoS One paper (chapter III) we reported that under Lat A treatment GL-GPI, GT46, and DiIC16 

appear in plasma membrane invaginations, while no invaginations were observed with these three markers under 

ATP depletion.  This observation was made concurrent with the collection of FRAP data.  However, I have recently 

revisited ATP depletion and DiIC16 and did see plasma membrane tubules.  I now speculate that tubules formed 

under both treatments are probably equivalent, and that my lack of seeing them may be the result of three 

scenarios.  First, the invaginations can be very difficult to identify, especially when labeled with markers that are 

enriched in internal compartments as well as at the plasma membrane. Both GT46 and GL-GPI are enriched in the 

Golgi complex and recycling endosomes as well as the plasma membrane, and therefore invaginations may have 

been difficult to discern in the presence of the bright fluorescence of internal pools of these proteins.  My ability to 

identify the invaginations also improved over time.  Third, the treatments themselves may have some effect on the 

sorting of plasma membrane components into or out of invaginations.      

To determine if the formation of invaginations under actin disruption and actin stabilization is 

microtubule dependent, cells were pretreated with the nocodazole prior to incubation with Lat A or Jasplakinolide.  

Treating cells with nocodazole to disrupt microtubule prior to actin disruption prevented the formation of CTxB 

positive membrane tubules (Figure 32).  Interestingly, when both treatments were combined, there was an 

extremely elevated formation of large vesicles.  These vesicles morphologically appear to be pinosomes, although I  
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Figure 31.  Tubules formed under actin disruption and actin stabilization contain H-Ras and are not dependent 
on CTxB binding.  (A) GFP-HRas colocalized with A555-CTxB in plasma membrane invaginations in actin 
disrupted cells.  (B) GFP-H-Ras labels membrane tubules in actin stabilized COS-7 cells.  (A) GFP-H-Ras 
colocalized with A555-CTxB in plasma membrane invaginations in actin stabilized cells.  (B) GFP-H-Ras labels 

membrane tubules in COS-7 under actin stabilization, in the absence of CTxB.  Bar equals 10 m.   
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Figure 32.  An intact microtubule network is necessary for the formation of membrane tubules under actin 
disruption and actin stabilization.  (A) A555-CTxB labels tubular membrane structures in Lat A treated COS-7 cells. 
(B) However, pretreatment of the cells with nocodazole to disrupt microtubules blocked tubule formation.  (C) 
Long A555-CTxB positive tubules are generated in Jasplakinolide treated COS-7 cells. (D) In Jasplakinolide treated 

cells with had been preincubated in nocodazole, no CTxB positive tubules were observed.  Bar equals 10 m.   
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have not confirmed that they are pinosomes with fluorescent dextran.  Microtubule disruption also blocked 

formation of tubules following treatment with Jasplakinolide (Figure 32).  Small pinosome-like structures were 

seen under these conditions as well.   Taken together it is clear that microtubule dependent processes are 

responsible for membrane tubulation under conditions previously described to depolymerize or stabilize actin. 

 

Role of actin in dynein-driven membrane deformation 

The role of actin in regulating dynein mediated tubulation of the plasma membrane is not yet fully clear.  

As described earlier, actin depolymerization (by Lat A), actin stabilization (by Jasplakinolide), and actin remodeling 

(by ATP depletion) all lead to the formation of surface attached membrane tubules.  The tubules generated under 

these treatments appear to be the same class of structures.  However, assuming that that each treatment is 

producing tubules from the same class of nascent endocytic vesicles (and by the dynein pulling), we are left with a 

very interesting problem: how could three perturbations which produce opposing effects on actin be involved in 

generating the same structures from the plasma membrane? 

 One potential hypothesis is that all three treatments open actin corrals in the plasma membrane.  In the 

case of Latrunculin A treatment it appears obvious that breaking up actin filament results will remove actin defined 

barriers in the plasma membrane.  In response to ATP depletion, we have shown that long F-actin structures are 

formed (Figure 10).  This remodeling could itself result in larger corrals (as explained earlier).  Alternatively, one 

paper looking at the effect of ATP depletion on actin reported that long filaments form almost immediately after 

ATP depletion.  This polymerization is followed by breaks occurring intermittently along the filaments over time 

[245].  This too could be opening corrals.  Jasplak is commonly used to stabilize actin; however, one paper reported 

that Jasplak preferentially stabilizes F-actin in stress fibers while depolymerizing actin at the cell surface [246].  

Assuming that all three perturbations are opening holes in cortical actin, we predict that they would result in 

reduced tension on the plasma membrane.  If stress on the membrane induced by the pulling force of dynein is 

involved in the scission process, then reducing membrane tension may lead to impaired scission.  An alternative 

hypothesis could be that actin applies forces laterally to the tubule membrane.  This pressure to the sides of 
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invaginations may be mediation membrane breakage.  Therefore, anything that impairs the natural 

polymerization/depolymerization cycle of actin could reduce the pressure applied to the invagination.   

 

Non-endocytosis related explanations for dynein-mediated plasma membrane invaginations 

In unperturbed cells, STxB and CTxB can be seen moving in mobile tubes (in addition to puncta consistent 

with caveolae and clathrin mediated endocytic vesicles).  The initial paper on toxin induced endocytosis proposed 

that it was these tubes which were being trapped by the various perturbations [20], and therefore that through 

characterizing the trapped invaginations we could understand the tubules which are normally involved in toxin 

uptake.   This is an assumption that has been further perpetuated in follow up papers and review articles [120, 

128, 165].  However, there is no data in the literature to confirm the idea that these are in fact related to endocytic 

tubes that carry toxins into cells, or even have any relationship to endocytosis in unperturbed cells for that matter. 

While it is certainly possible that the trapped invaginations correspond to trapped endocytic vesicles (an 

idea explored in great depth in the following section, “Relationship of invaginations to endocytosis”), there are 

other reasonable possibilities. For example, these invaginations may be induced by all the treatments because they 

are allowing dynein to make contact with the plasma membrane.  At steady state, a bed of F-actin filaments lies 

just beneath the inner leaflet of the plasma membrane.  It may be that this actin bed restricts microtubules and 

microtubule motors from normally making contact with the plasma membrane.  However, when actin is 

reorganized openings may form that allow dynein access to the plasma membrane, which normally it does not 

have.  

A second possibility is that the invaginations are a mechanism for regulating plasma membrane tension.  

Normally the plasma membrane is under tension from the cortical actin bed and hydrostatic pressure from the 

cytoplasm.  This tension is highly regulated by the cell [247].  In fact, a decrease in membrane tension is countered 

by the cell through increased endocytosis to remove lipid and return the membrane to a specific tension.  

Conversely, too much tension is met with an upregulation of exocytosis to add membrane to the plasma 
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membrane [247].   Under ATP depletion, Lat A, and Jasplak treatment the formation of invaginations often 

appeared to coincide in time with retraction of the cell body.   

 It may very well be that the retraction of the cell body under these perturbations results in a release of 

membrane tension.  As the tension drops, the cell must find a way to account for the slack in the plasma 

membrane, and they do so by using microtubule motors to tug at the plasma membrane.  This hypothesis would 

imply that if the perturbing agent were removed, the tubules would be reabsorbed by the plasma membrane to 

release tension caused by the cell returning to its previous shape.     

 

Relationship between invaginations and endocytosis 

 The toxin-induced endocytosis model, as previously defined [20], proposes that the invaginations 

observed under ATP depletion, actin disruption and actin stabilization are nascent intermediates of an endocytic 

pathway.  More specific it has been proposed that these invaginations correlate with the tubular vesicles 

sometimes observed to move toxin through the cell [20].  Thus far we have demonstrated that under these various 

cell perturbations, cytoplasmic dynein provides the force to tubulate the plasma membrane.  However, whether 

this occurs at steady state remains unclear.   

 To determine if cytoplasmic dynein is necessary for the formation of endocytic vesicles at steady state, we 

quantified the uptake of cholera toxin B subunit in COS-7 cell expressing either EGFP or GFP-p50 to disrupt 

dynactin.  Following labeling on ice with Alexa555-CTxB, cells were shifted to 37°C for 10 minutes to allow for 

endocytic uptake.  Cells were then acid stripped to remove surface accessible fluorophores.  Acid stripping also 

quenched GFP fluorescence in the cytoplasm so the cells were labeled with an anti-GFP antibody.  Using confocal 

microscopy, the mean fluorescence of endocytosed Alexa555-CTxB per cell was determined.  As a control, the 

uptake of rhodamine-transferrin by clathrin mediated endocytosis was also examined.  As expected, p50 

overexpression had no impact on the uptake of transferrin.  Similarly, there was no statistical difference between 

the uptake of CTxB in GFP and GFP-p50 expressing cells, suggesting that dynein may not be necessary for endocytic 
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vesicle formation at steady state (Figure 33).  However, CTxB is endocytosed by a wide variety of mechanisms.  

Therefore, we cannot rule out from the acid stripping experiment the possibility that only a very percentage of all 

the vesicles endocytosing CTxB are dynein mediated. 

While toxin-positive tubules can be observed in unperturbed COS-7, they are very rare with the vast 

majority of toxin being trafficking in diffraction-limited puncta.  Based on the assumption that it is these tubular 

structures that represent dynein mediated endocytosis, we choose to move into BSC-1 cells.  These cells commonly 

display tubular plasma membrane invaginations (Figure 34), consistent with a previous report [93].  Furthermore, 

previous work by the Kirchhausen lab at Harvard has shown tubular endocytic vesicles are generating from these 

plasma membrane invaginations and that this endocytosis relies on intact microtubules [93]. To confirm that the 

tubular structures observed in BSC-1 cells at steady are equivalent to those trapped by ATP depletion we first 

tested for H-Ras localization to tubular structures in BSC-1 cells.  Just as in COS-7 cells under ATP depletion, tubules 

in BSC-1 cells at steady state contain GFP-H-Ras and CTxB (Figure 34).  Although I have not thoroughly evaluated H-

Ras alone my preliminary data indicates the presence of H-Ras positive invaginations in these cells in the absence 

of CTxB.  It appears from the work by Dr. Kirchhausen and our preliminary data that dynein is likely playing a major 

role for CTxB endocytosis in this cell type and hopefully future experiments will be directed at addressing this.  

Together this preliminary data suggests that the dynein mediated pulling we uncovered under ATP 

depletion, may represent a processes used by cells to deform the plasma membrane and facilitate endocytosis at 

steady state.   While more work needs to be done to cement the role of dynein in non-perturbed cells, between 

the data we have collected thus far and the literature I think there are good reasons to believe that dynein is 

involved in endocytosis. 
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Figure 33.  Dynactin disruption has no significant effect on the uptake of CTxB or transferrin in COS-7 cells. 
COS-7 cells expressing EGFP or GFP-p50 were labeled on ice with A555-CTxB.  Serum starved COS-7 cells 
expressing EGFP or GFP-p50 were labeled on ice with A555-CTxB.  Cells were then shifted to 37°C for 10 minutes 
before being acid stripped, fixed and labeled with anti-GFP antibodies.  Cy5-anti GFP fluorescence was used to 
identify individual cells and mean A555 and rhodamine fluorescence measured.  (Bars are averages and 
standard deviations of 23-70 cells; n.s. > 0.05; Student t-test). 
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Figure 34.  Control BSC-1 cells have CTxB positive tubules which incorporate GFP-H-Ras. (A) A488-CTxB 
accumulates in tubular structure in control BSC-1 cells at 37°C.  (B) CTxB positive tubules BSC-1 cells are positive 
for GFP-H-Ras. 
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Caveolae are trafficking vesicles that require the caveolin proteins, specific adaptors proteins, and 

cholesterol [71, 73, 74, 76-79, 82].  While these vesicles are most commonly spherical in nature and probably rely 

primarily on actin for early trafficking events there are two reports that suggest at times dynein may also be 

involved.  The first comes from the work of Debbie Brown at Stony Brook University, in a paper in which her group 

characterized CTxB-positive tubules that form under actin disruption.  They report that these invaginations are 

caveolar in origin.  Additionally, they found that the formation of these tubules could be inhibited by pretreatment 

with nocodazole [130] consistent with my research.   Second, STxB has been reported in caveolar invaginations 

under ATP depletion [76].  Also, an interesting observation pertaining to caveolae was reported by Wayne Lencer 

and Thomas Kirchhausen’s labs at Harvard.  Using BSC-1 cells, the same line I used to study tubular endocytosis at 

steady state, they found that the short mobile tubules contained caveolin at the leading tip of the vesicles [93].  

However, none of these publications directly tested for the direct involvement of cytoplasmic dynein.   Therefore, 

if the assumption held in the endocytosis field that the tubules observed under ATP depletion represent stalled 

endocytic intermediates, then it seem reasonable to anticipate that the plasma membrane invaginations contain 

caveolin.    

Unlike several other endocytic pathways, no coat protein has yet been identified on Arf6 vesicles.  This 

apparent lack of coat may simply mean that there is a coat, but that the scientific community has yet to identify it.  

Alternatively, it may be that this pathway exists in the absence of a classical coat protein.  This possibility is 

fascinating as it is possible that our current model for dynein mediated endocytosis implies that this form of 

endocytosis could exist without the use of a coat protein. 

 Importantly there are additional reasons to think that dynein may mediate vesicle formation in the Arf6 

endocytic pathway.  For one thing CTxB can enter cells by this pathway [93].  Furthermore, I identified H-Ras as the 

first membrane protein (beside exogenously added toxins) to associate with dynein-mediated membrane 

invaginations.  I find this extremely telling as vesicular endocytosis of HRas is known to occur almost exclusively 

through the Arf6 pathway [116, 248].  Finally, the Arf6 pathway has previously been associated with endocytic 

tubules and membrane invaginations. While dynein has not been specifically examined, it has been shown that the 

invaginations and the trafficking tubules are sensitive to microtubule disruption [93, 117].  
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Possible scission mechanisms 

Much of my work on dynein-mediated membrane tubulation has been done using drastic perturbations 

thought to inhibit the scission of nascent vesicles from the plasma membrane.  More specifically, these include 

dynamin inhibition, actin disruption, actin stabilization, and ATP depletion.  In the case of dynamin inhibition it is 

clear that dynamin is the scission-mediating protein that is being inhibited.   However, the scission mechanism 

being blocked by the other three treatments is unclear, and should be examined in depth in future studies.  It 

seems unlikely that actin disruption, actin stabilization, and ATP depletion are impairing dynamin as there are 

striking differences between the tubules observed under these treatments and those observed under dynamin 

inhibition. 

 

Constitutive versus stimulated endocytosis of CTxB 

 My work suggests that the tubular uptake of the toxin is occurring through an endogenous mechanism.  

However, I did not test if the toxin was up regulating this process.  Two mechanisms for the stimulated uptake of 

CTxB can easily be conceived.   

The first model is very similar to the toxin-induced endocytosis model in that the toxin binding induces 

curvature of the membrane. While my data indicate that the long tubular invaginations are formed by microtubule 

motors pulling on the plasma membrane, it is possible that the toxin produces subresolution deformations, which 

are recognized by the cell and nucleate sites of microtubule attachment and membrane pulling.  

Alternatively, the toxin may lead to raft remodeling similar to what has the reported in GUVs and GPMVs 

[13, 30].  This remodeling could conceivably redistribute signaling proteins in the plane of the plasma membrane, 

leading to altered activity of these proteins.  This signaling may in turn stimulate dynein mediated endocytosis.  

Similar models have been proposed to explain cell signaling induced by the physical binding of STxB to the plasma 

membrane [249]. 
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Universal role of microtubule motors in membrane tubulation 

 This study focused on cytoplasmic dynein as it is the only microtubule motor that moves cargo towards 

the MTOC. However, two unpublished observations strongly indicate that kinesins may tubulate membranes in a 

manner similar to dynein.  First, in my experiments with mCherry-LAMP-1, under ATP depletion, a large number of 

lysosomes undergo long, directed motions away from the MTOC, suggesting kinesin activity.  Second, I observed I 

could also generate intracellular tubules if I preloaded cells with CTxB prior to ATP depletion.  In this experiment, a 

large quantity of the toxin had reached the perinuclear region prior to the drop in ATP levels necessary to inhibit 

scission.  Once scission was inhibited we observed that this perinuclear pool of CTxB accumulated in tubules 

emanating away from the MTOC.  Based on the directionality of this event, it appears that tubulation was driven 

by kinesin family members and not cytoplasmic dynein. 

 This finding is not entirely novel as microtubule motors have previously been shown to tubulate 

endosomal and Golgi membrane [250-252] (although the finding that microtubule motors continue to function 

under ATP depletion is itself interesting).  Tubulation of these membranes has been proposed to function in sorting 

of cargo based on the affinity of the cargo for different degrees of membrane curvature [222].  

  

Physiological significance of dynein-mediated endocytosis  

 Cholera toxin, along with other AB5 toxins, relies on retrograde trafficking in order to intoxicate the host 

cell.  However, the mechanisms by which these toxins arrive at the Golgi complex and are sorted away from 

endocytic cargo going to other destinations remains unclear.  Interestingly, approximately 50% of microtubule 

tracks originate at the Golgi membrane, rather than the MTOC [253].  While my research does not directly reveal 

whether the organization of CTxB at the cell surface or dynein-mediated endocytosis contribute to retrograde 

trafficking it does lay the ground work for an interesting hypothesis: that dynein-mediated endocytosis may be a 

rapid and direct route to get from the plasma membrane to the Golgi complex.   
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 Evidence for a quick PM to Golgi endocytic mechanisms is based on my own observation that CTxB arrives 

in the perinuclear region approximately 4 fold faster in BSC-1 cells as compared to COS-7 and MEF cells (data not 

shown).  Interestingly, BSC-1 cells have considerable more tubular endocytic structures containing CTxB than do 

these other cell lines.  Based on this observation, it seems reasonable to propose that dynein-mediated 

endocytosis offers a quick route from the plasma membrane to the Golgi complex.  Furthermore, this route may 

not require early endosomal sorting but may represent a direct route from the plasma membrane to the Golgi.  

The existence of a trafficking route that bypasses early endosomes is consistent with the fact that CTxB can access 

the Golgi even when trafficking out of early endosomes is blocked [254].    

 

Prioritizing future research 

 Above I have outlined a very large number of unanswered questions.  The obvious question then becomes 

how to proceed.  I think three avenues of research present the most possible reward for the efforts.  First, there is 

the question of if the invaginations are in fact stalled endocytic structures.  This is extremely important as it 

cements the idea that what the endocytosis field has been studying isn’t an artifact.  This could be a very easy 

question to address as it appears that the invaginations probably represent stalled endocytic tubules which readily 

uptake CTxB in BSC-1 cells.  Performing acid stripping experiments to assess CTxB uptake in BSC-1 cells under 

dynein/dynactin perturbations could quickly reveal if dynein is necessary for generating endocytic tubules in this 

cell system. 

 The second set of experiments I would engage in involve identifying if the invaginations correspond to any 

of the previously described endocytic mechanisms.  As discussed elsewhere in this dissertation there is 

contradictory evidence in the literature that the invaginations are derived from clathrin coated pits, caveolae or 

neither [20, 76, 129, 130].  Furthermore, there is no data in the literature evaluating Arf6, GRAF-1 or flotillin in the 

tubules under ATP depletion.  I have for a while wanted to address the question of whether these pathways are 

the source of the tubules and have amassed a large tool kit to do so.  Among those tools are plasmids containing 

fluorescently tagged markers of a wide variety of endocytic pathways as well as antibodies against protein 
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components of these pathways.  They also include a large number of markers for and siRNA’s against CME, 

caveolae, flotillin, GRAF1 and Arf6 vesicles.  Furthermore, we have obtained plasmids encoding fluorescent 

versions of and siRNA’s against Pacsin2 and GRAF3.  Both proteins label tubular structures and may be coat 

proteins [255] (Steve Hanks, unpublished), although more characterization needs to be done on these two 

proteins.   

 Finally, I would attempt to identify where CTxB that is endocytosed through dynein derived vesicles is 

trafficked.  As laid out above, I think the possibility that this form of endocytosis is a quick and direct route from 

the plasma membrane to the Golgi is an exciting one.  Such an endocytic route to my knowledge has never been 

identified, although some evidence indicates that one does exist [254].  As convention teaches that all cargo is 

taken to endosomes for sorting a pathway in which endosomes are not involved would be exciting and would 

certainly be worth of a very high impact journal.  While this question is probably the most exciting of the three I 

have just laid out, it is also the most difficult to address.  Currently there is no known chemical distinction between 

microtubule originating at the MTOC or the Golgi.  Furthermore, very little is known about the similarity and 

difference in the nucleation of MTOC and Golgi derived microtubules.  However, it is known that GCC185 and 

CLASP proteins are necessary for the formation of Golgi derived microtubules [138].  Therefore, I would start by 

knocking down these proteins and seeing if it affects invaginations in ATP depleted cells and CTxB trafficking in 

BSC-1 cells.  While this experiment is certainly required in addressing if Golgi derived microtubules are involved in 

CTxB uptake, it alone does not prove that CTxB is traveling directly from the plasma membrane to Golgi.  

Therefore, I think addressing the question of where cargo is going will probably also require a great deal of image 

advanced biophysics to actually track CTxB positive tubules.  This could be done with image processing (such as 

particle tracking) and at the microscope (for example, by photoactivating a fluorophore on CTxB while it is in the 

tubule and determining where those fluorescent toxin molecules accumulate).  I believe that tracking CTxB as it 

leaves the plasma membrane will be highly laborious (even though the payoff could be big), which is why I put it 

third in the order of how to proceed with this project. 
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