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Chapter I 

 

INTRODUCTION 

 

 Neurotransmitters are a group of over 100 signaling molecules involved in a variety of 

biological functions that encompass both physical and psychological processes in humans. These 

chemical messengers can take many different forms, from amino acids and peptides to 

monoamines and catecholamines. Depending on binding location, neurotransmitters can function 

as excitatory or inhibitory—with both types being essential to proper modulation of synaptic 

transmission.1 Excitatory neurotransmitters, like glutamate and dopamine, increase the likelihood 

of neuronal signaling and are responsible for processes ranging from learning and memory to 

motor control and emotional regulation.2,3 Gamma-aminobutyric acid (GABA) and adenosine are 

examples of inhibitory neurotransmitters and can act as central nervous system depressants—

promoting sleep.4 Adenosine has also been demonstrated to stimulate differentiation and 

myelination of neurons, both integral processes for proper neuronal development.5 In addition to 

these two classifications, neurotransmitters like acetylcholine can serve as neuromodulators within 

the brain. Neuromodulators can alter the state of whole groups of neurons at the same time, 

modifying their response to subsequent stimuli.6 Due to the various functions of neurotransmitters, 

the capability to detect and quantify them is essential to understanding the mechanisms behind 

many biological processes. 

 The development of biosensors that can monitor the real-time, dynamic changes in multiple 

neurotransmitters is necessary to better understand neurological disorders and their treatments. 

The dysregulation of dopamine and acetylcholine equilibrium, for example, is known to be in part 
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responsible for decreasing motor function in the progression of Parkinson’s Disease.7 Monitoring 

neurotransmitters in vivo is made challenging due to the quick clearance of neurotransmitters from 

the extracellular space, as well as the low concentrations that are generally present.8,9 The most 

widely used techniques for in vivo detection are microdialysis and fast-scan cyclic voltammetry 

(FSCV). In microdialysis, analyte present in the brain is perfused through a semi-permeable probe 

and collected for analysis—generally with high performance liquid chromatography and mass 

spectrometry.10 Though sensitive, microdialysis generally suffers from a temporal resolution on 

the order of minutes. FSCV has a high temporal resolution but is complicated by the presence of 

many chemical species with similar oxidation potentials, as well as neurotransmitters like 

glutamate and acetylcholine that require high potentials for FSCV detection.11 To overcome these 

challenges, enzyme sensors have been developed for many neurotransmitters that maintain high 

temporal resolution while providing for more specific detection. 

 Enzyme sensors have been developed to detect a wide range of neurotransmitters, including 

glutamate, acetylcholine, dopamine, and adenosine.12–15 Though some of these sensors—like 

acetylcholine and adenosine—require multiple enzymes to function, many utilize oxidase enzymes 

as their final step to generate hydrogen peroxide that can be oxidized at 0.6 V (vs. a Ag/AgCl 

reference) and detected electrochemically (Figure 1.1). Because dopamine oxidizes at 0.6 V on 

its own, tyrosinase is used to make the sensor more specific by converting the dopamine to 

dopamine-o-quinone—which can then be reduced at a negative potenital.14 The main drawback to 

enzymatic sensors is their instability, as the degradation of the enzymes over time means frequent 

calibration is necessary for accurate measurements. While this makes their utilization within in 

vivo systems difficult, enzymatic biosensors are still a viable method to study neurotransmission.  
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Figure 1.1. Enzymatic Mechanisms for Neurotransmitter Biosensors. Sensors for glutamate, 

acetylcholine, and adenosine utilize oxidase enzymes that produce hydrogen peroxide (H2O2), 

which can be electrochemically detected through oxidation at 0.6 V vs. Ag/AgCl. While 

dopamine is also oxidized at 0.6 V vs. Ag/AgCl, there is not enough specificity without the 

addition of enzyme. Tyrosinase oxidizes dopamine to dopamine-o-quinone, which can then 

detected through reduction at -0.2 V vs. Ag/AgCl providing for a more specific dopamine sensor. 
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The integration of electrochemical sensors with microfluidic systems provides a platform for 

automated calibration and analysis, and limits the effects of enzymatic degradation.16,17 The further 

incorporation of these systems with organs-on-chips (OoCs) may allow for the in vitro analysis of 

biological analytes, including neurotransmitters, in real time.  

OoCs are microfluidic cell culture systems that aim to reproduce the structure and 

physiological response of entire organs and tissues. Currently, OoCs are being developed for a 

wide range of human organs including the lung, heart, and liver—along with other systems like 

the blood-brain barrier and fetal membrane.18–22 In many cases, these types of systems can be used 

in place of early-phase animal studies allowing for a reduction in the number of animals necessary 

for toxicological experiments.23 Additionally, OoC systems provide for a more controlled 

experimental environment, and can produce results more accurately representative of human 

response than animal studies due to the flexibility they provide in cell selection. A significant effort 

has been put towards designing OoC systems that can contain the cell types necessary to accurately 

represent the brain and blood-brain barrier (BBB) environment.  

The BBB is a major component in maintaining the health of the brain, regulating the 

transport of nutrients while also preventing the influx of pathogens and toxicants into the brain.24 

The BBB requires the presence of multiple cell types including neurons, endothelial cells, 

astrocytes, and pericytes—each necessary for developing a barrier with the proper structure and 

cell to cell communication to function.25 To mimic BBB structure, models have been developed 

that utilize porous membranes to separate the vascular side of the barrier from the neuronal side. 

These models can then be used to test the response of the barrier to toxicant exposure, or even the 

ability of novel drugs to cross into the brain.21,26 Due to their microfluidic nature, these in vitro 
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systems are then well suited to the integration of analysis through a variety of methods, including 

in situ and in line.  

 Fully recognizing the potential of OoC systems requires the integration of analysis 

platforms that can provide high temporal resolution for an extended period. This provides for the 

precise assessment of the dynamic responses of these organ systems following toxicant or drug 

exposure. Several analysis platforms have been reported for use with OoCs in the analysis of 

glucose, lactate, and oxygen.27,28 Additionally, microfluidic systems with integrated biosensors 

have been designed that can be used downstream of an OoC system.17 However, many of these 

systems are limited in their integration or the time frame that they can be used. Analysis of analytes 

downstream of the organ system, while providing some technical benefits compared to in situ, may 

suffer from diffusion and liquid mixing—lowering the resolution of the collected data. Further 

research is needed into the effects of downstream analysis on collected data, and in the design of 

simple, biocompatible platforms that can perform real-time analysis over biologically relevant 

time frames. 

 This dissertation presents the development and application of multiple enzymatic 

biosensors to study a variety of neurotransmitters and their actions within biological systems. 

Chapter 3 presents a glutamate sensor and its application to studying glutamate metabolism. The 

microclinical analyzer (µCA) is used in this work as a bioreactor, with cells grown on a transwell 

membrane and placed directly on the sensor surface enabling the real-time analysis of glutamate 

uptake. As a proof-of-concept, PC12 cells are used to demonstrate the uptake of glutamate upon 

glucose starvation and depolarization of the cell membrane with KCl. Treatment with excitotoxic 

glutamate concentrations stimulated significant uptake, which not only relieves excitotoxicity, but 
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may indicate that the cells are using glutamate in place of glucose as a source of energy in the citric 

acid cycle. 

 Tuberous sclerosis complex (TSC) is a disease that manifests in the growth of hamartomas 

on the brain and other organs.29 One of the main symptoms reported by those with TSC is seizures. 

A possible explanation as to the cause of the seizures is the dysregulation of glutamate transporters 

like excitatory amino acid transporter (EAAT) 1 and EAAT2.30,31 These transporters are 

responsible for moving glutamate inside of the cell from the extracellular space. If not functioning 

properly, glutamate may build up outside of the cells—triggering excitotoxicity and seizures. Once 

again using the µCA as a bioreactor, astrocytes from patients with TSC were shown to take up less 

glutamate than astrocytes from control patients. This work demonstrates just one of many ways 

that electrochemical biosensors can be used to study cellular mechanisms in real time. 

 Chapter 4 presents a two-enzyme acetylcholine sensor and its characterization with the 

organophosphate (OP) pesticides chlorpyrifos (CPF) and chlorpyrifos oxon (CPO). CPF and one 

of its metabolites, CPO, are known to inhibit the function of the enzyme acetylcholinesterase—

responsible for the breakdown of acetylcholine following its release by neurons.32,33 The sensor, 

which contains acetylcholinesterase, was not inhibited upon exposure to CPF though the response 

was inhibited by CPO. This inhibition was shown to be linear with concentration, providing the 

ability to use the sensor for the biorecognition of CPO if desired. 

 Additionally, the sensor was applied to the analysis of eluate from a model blood-brain 

barrier (BBB), the neurovascular unit (NVU), that had been treated with 10 µM CPF for 24 hours. 

While toxicological experiments have traditionally been performed using animal models, 

organotypic models can use human cells to better represent human response to toxicants. Though 

the effects of CPF on the BBB are not well understood, the application of electrochemistry and 
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mass spectrometry to the analysis of model organ systems like the NVU can provide new insight. 

Analysis of CPF-treated NVUs with mass spectrometry showed only the downstream metabolite 

trichloropyridinol (TCP) in the vascular eluate, while neither CPF nor any of its metabolites were 

able to be quantified in the neuronal eluate. The acetylcholine sensor was used within the µCA to 

analyze eluate from both the vascular and neuronal chambers of the NVUs exposed to CPF. 

Though CPF was only introduced into the vascular chambers of the devices, acetylcholine levels 

were significantly elevated in both chambers—indicating substantial metabolic disruption. 

 Chapter 5 presents the development of a sensor for the simultaneous detection of multiple 

neurotransmitters, composed of two glutamate, acetylcholine, adenosine, and dopamine sensors 

on the 8-channel electrode. A sensor capable of monitoring multiple neurotransmitters 

simultaneously may provide for more in-depth analyses of biological systems. Here, both the 

adenosine and dopamine enzyme sensors were modified from previous works to function 

alongside the previously developed glutamate and acetylcholine sensors in the µCA system. The 

ability of an m-phenylenediamine (mPD) layer to block interference from ascorbic acid and 

dopamine was investigated and optimized. The detection parameters and stability of each enzyme 

sensor were determined, and the ability to monitor all four neurotransmitters simultaneously was 

demonstrated. Following characterization, the sensor was used to investigate the effects of CPF 

and DL-threo-β-benzyloxyaspartic acid on glutamate uptake in human induced pluripotent stem 

cell-derived astrocytes. DL-threo-β-benzyloxyaspartic acid, a known inhibitor of glutamate 

uptake, resulted in less uptake compared to the control. CPF, however, was shown to significantly 

increase glutamate uptake by astrocytes—indicating that CPF may dysregulate the metabolic 

processes of glutamate in the brain.  
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Chapter 6 presents an investigation into the effects of downstream electrochemical analysis 

with the µCA on the accurate quantification of analytes from OoC systems. As microfluidic OoC 

systems continue to be developed, questions arise as to the best way integrate analysis platforms. 

Analysis can be performed in situ—directly within the area being studied—or in line, which 

involves the connection of an analysis platform for downstream analyte detection. Here, a two-

µCA setup was used to replicate an upstream OoC with in situ electrodes, and a downstream µCA 

for in-line detection. Low flow rates, such as 2 µL min-1, were determined to be optimal for in-line 

quantification as higher flow rates resulted in greater concentration losses due to diffusion and 

mixing. In addition, the effects of flow rate, flow path, and electrode orientation on crosstalk within 

the µCA were studied. Crosstalk increased with decreasing flow rate and was higher between 

electrodes in the same flow path. Similarly, the effects of flow rate and membrane pore size on the 

permeability of an empty NVU were investigated—with permeability increasing as pore size and 

flow rate increased. Overall, the accurate analysis of OoC systems downstream is dependent upon 

many factors, and each should be carefully considered during the experimental design process. 

 The appendix of this dissertation presents a project that, though not related to 

neurotransmission, illustrates the versatility of electrochemical analysis. In Appendix A, the cause 

of significant delay in glucose measurements by continuous glucose monitors (CGMs) was 

studied. The CHI 1440 potentiostat was connected to a commercially available CGM to determine 

how quickly the CGM measured changes in glucose concentration in vitro. Similar experiments 

were then performed in vivo, with the conclusion being that fibrotic encapsulation of the CGM 

following implantation is responsible for the delay. Lastly, Appendix B presents the MATLAB 

code used to analyze much of the electrochemical data collected throughout the experiments 

discussed within this dissertation. 
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Chapter 2 

 

 

EXPERIMENTAL METHODS AND DATA ANALYSIS 

 

 The studies presented within this dissertation are performed predominately using 

electrochemical methods. This chapter will provide general methods for preparing screen-printed 

electrodes, using the microclinical analyzer and microformulator systems, performing 

amperometric electrochemistry, and analyzing electrochemical data. Subsequent chapters will 

address more detailed methods specific to those studies. 

 

Cleaning Screen-Printed Electrodes 

 Before the creation of the reference electrode or the deposition of enzyme films, all 

electrodes on the screen-printed electrode (SPE) must be cleaned. This process is first done with 

1 M nitric acid, followed by 0.5 M sulfuric acid. Cleaning is carried out within a small beaker, 

with the electrode to be cleaned attached to an edge card connector and the electrodes completely 

submerged in solution. The working cables (green or yellow) of the potentiostat, either the CHI 

1440 or CHI 1030, are attached to the edge card connector endings that are in contact with the 

electrodes that require cleaning. The reference (white) cable is attached to an external Ag/AgCl 

reference containing a 3 M KCl solution. The counter (red) cable is attached to a platinum mesh 

electrode that has been flame polished using a Bunsen burner. Both the reference and counter 

electrodes are placed in the cleaning solution with the SPE. The technique on the CH Instruments 

software is set to Amperometric i-t, and the parameters are set as in Table 2.1. Following cleaning 

with nitric and sulfuric acid, the electrodes are rinsed and resubmerged in the sulfuric acid solution 

to assess the cleanliness of the SPE. To do this, the potentiostat technique is set to Cyclic 
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Voltammetry, and the parameters are entered as in Table 2.2. If clean, the cyclic voltammogram 

should look like Figure 2.1. If not, the cleaning process with nitric acid and sulfuric acid may be 

repeated. Once clean, the SPE is ready for plating and creation of the Ag/AgCl reference electrode. 

Both the 3-electrode and 8-channel SPEs were designed in house and purchased from Pine 

Research (Durham, NC). The CHI 1030 and 1440 potentiostats were purchased from CH 

Instruments (Austin, TX). 

  

Parameter Setting 
Initial E (V) 6 (for H

2
SO

4
) 3 (for HNO

3
) 

Sample Interval (s) 1 
Sampling Time (s) 300 

Quiet Time (s) 0 
Scales During Run 1 
Sensitivity (A/V) 1e-003 

E1 On Selected 

Table 2.1. Amperometric i-t Parameters for Cleaning Electrodes. SPEs are first cleaned in 0.5 

M H2SO4 followed by 1 M HNO3. The potential, sensitivity, and on/off status is input for each 

electrode being cleaned. 

 

Parameter Setting 

Initial E (V) -0.2 

High E (V) -0.7 

Low E (V) -0.2 

Initial Scan Polarity Positive 

Scan Rate (V/s) 0.5 

Sweep Segments 5 

Sample Interval 0.001 

Quiet Time (s) 2 

Sensitivity (A/V) 1e-004 

Table 2.2. Cyclic Voltammetry Parameters for Assessing SPE Cleanliness. Cyclic 

voltammogram is taken in H2SO4. All electrodes being cleaned are checked. 
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Figure 2.1. Cyclic Voltammogram of Clean Platinum Electrode. Following cleaning with 1 M 

HNO3 and 0.5 M H2SO4, an SPE was electrochemically cycled in 0.5 M H2SO4 as detailed in 

Table 2.2. If cleaned properly, the voltammogram shows three distinct reduction peaks. 
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Creation of Ag/AgCl Reference Electrode 

 Following cleaning of the electrodes, the reference electrode can be plated with silver and 

agitated in an FeCl3 solution to create the Ag/AgCl reference electrode.17 On the 3-electrode SPE, 

either the 19 mm2 band electrode can be plated and used as both reference and counter, or the 0.08 

mm2 band electrode can be plated as the reference with the larger band electrode as the bare 

platinum counter. The 8-channel SPE has a circular electrode for plating with silver and a separate 

large rectangular electrode to serve as the counter. The electrode to be plated is placed in a solution 

of 0.3 M AgNO3 in 1 M NH3 with a stir bar. The external reference and counter are connected and 

submerged in solution as before, and the first working cable is connected to the electrode that is 

going to be plated. The plating procedure is performed using the sweep-step function of the CHI 

potentiostats, with the parameters for the technique listed in Table 2.3. The procedure is run while 

the solution is stirring. Following silver plating, the electrode is rinsed with deionized water and 

agitated in a solution of 50 mM FeCl3 for approximately 60 seconds. The electrode is then rinsed 

again and stored in a dark place until use to prevent oxidation of the reference electrode. 

 

Parameter Sequence 1 Sequence 3 Parameter Setting 
Initial E (V) 0.3 0.95 Initial E (V) 0.3 
Final E (V) 0.95 -0.15 Sweep S.I. (V) 0.001 

Scan Rate (V/s) 0.5 0.5 Step S.I. (s) 0.002 
Parameter Sequence 2 Sequence 4 Quiet Time (s) 0 
Step E (V) 0.95 -0.15 Sensitivity (A/V) 1e-003 

Step Time (s) 30 450 E1 ON 

Table 2.3. Sweep-Step Parameters for Silver Plating an SPE. Sweep-step parameters are 

entered as above with all other settings left as default. 
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Deposition of Enzyme Films 

 Following cleaning and plating of the SPE, enzyme films can be deposited onto the 

electrode surface to make the SPE specific to the analyte of interest. To begin, 50 mg of bovine 

serum albumin (BSA, Fraction V) is dissolved in 800 µL of 50 mM phosphate buffer solution. 

Powdered enzyme is then dissolved in this BSA solution to the desired concentration (Table 2.4). 

At this point, enzyme can be stored at -18 °C until needed or used immediately. Before depositing 

onto the electrode surface, glutaraldehyde (25% in water) is added to the enzyme solution to a 

concentration of 1% by volume (2% for acetylcholine enzyme solution) and vortexed for ~5 

seconds before being drop cast onto the working electrodes. If using the 3-electrode SPE, 1 µL is 

deposited onto the electrode surface. Only 0.5 µL is used if modifying the smaller 8-channel 

working electrodes. SPEs are air dried for at least an hour before use. 

 

Enzyme Sensor State Concentration (units/µL) 
Glutamate Oxidase Glutamate12 Solid 0.05 

Acetylcholinesterase Acetylcholine13 Solid 1.4 
Choline Oxidase Acetylcholine Solid 0.15 

Tyrosinase Dopamine Solid 72 

Adenosine Deaminase Adenosine Liquid 1.0 

Nucleoside Phosphorylase Adenosine Solid 0.1 

Xanthine Oxidase Adenosine Solid 0.1 

Table 2.4. Enzyme Details for Sensor Modification. Solid enzymes are dissolved in BSA 

solution before glutaraldehyde addition and casting onto the electrode surface. In the case of 

acetylcholine and adenosine, all enzymes needed are mixed before the addition of glutaraldehyde. 

Adenosine deaminase, provided as a liquid, was added as is to the enzyme solution. Glutaraldehyde 

concentration was adjusted based on the amount of BSA in solution (see Chapter 5).  
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Performing Electrochemical Analysis 

 Once the deposited enzyme is dry, the SPE is inserted into the microclinical analyzer (µCA) 

and connected to the microformulator. The µCA and microformulator have previously been used 

to perform a variety of electrochemical experiments with the 3-electrode SPE.12,13,17 Briefly, the 

µCA is opened and the 3-electrode SPE is inserted. Applying a few drops of water on top of the 

electrode surface can help keep air out while the device is closed. To close the device, magnets are 

aligned, and the screws are tightened down. If using the 8-channel SPE, a polydimethylsiloxane 

(PDMS) fluidic is used in place of the µCA housing. The PDMS fluidic is placed on top of an 8-

channel SPE that has been covered in water to prevent bubbles. Careful consideration should be 

given to aligning the fluidic channels with the electrodes. Application of a thin layer of ethanol to 

the channels of the fluidic can assist in keeping bubbles from forming upon fluidic placement. 

Once the fluidic is properly positioned, the housing is screwed down to hold the fluidic in place. 

 With the sensors in place, the microformulator is connected and an experimental protocol 

developed. The microformulator is a pump and valve system that can be used with both the 3-

electrode and 8-channel SPEs to assist in calibration and sample analysis (Figure 2.2). Flow rates 

of the pump can range from 2 µL min-1 up to nearly 1 mL min-1. The valve is available in 5 and 

24 port variations, allowing for flexibility in the number of calibrants or samples that can be run 

in one experiment. Prior to performing an experiment, pump flow rate should be checked if 

necessary, and the valve tared using the AMPERE software to ensure proper function. Tubing 

from the valve is then inserted into the calibrants or samples. Generally, the sensor is first 

calibrated followed by any samples being analyzed—with a buffer solution in between each 

calibrant and sample to set an electrochemical baseline. Prior to electrochemical analysis, the 

tubing from each sample to the valve ball bearings is primed with the solution to be analyzed to  
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Figure 2.2. Drawings of Microformulator Pump and Valve System. Top) 5-port rotary planar 

valve and Bottom) rotary planar pump, both used in conjunction with the microclinical analyzer 

to analyze calibrants and sample solutions and perform real-time electrochemical experiments. 

Both the pump and valve are shown from the front (left) and from underneath (right).  
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clear any unwanted solution from the tubing. Most of the electrochemical experiments within this 

dissertation were performed using the Amperometric i-t technique on the CHI 1440 or CHI 1030 

potentiostats. The protocol is set up like the cleaning protocol in Table 2.1, with a few changes. 

For all sensors presented in this dissertation, except for dopamine, the potential is set to 0.6 V to 

oxidize the generated H2O2 (Figure 2.3). Dopamine analysis is performed at -0.2 V, as it utilizes 

a reduction reaction instead. The sample time may be changed depending on the experiment, and 

the sensitivity increased if necessary. Electrode potential is set for every electrode being used, and 

those electrodes are selected as ON. The µCA, microformulator, and AMPERE software discussed 

in this section were purchased from the Vanderbilt Institute for Integrative Biosystems Research 

and Education (Nashville, TN). 

 

Data Analysis 

 The analysis of data generated by 1030 and 1440 CHI potentiostats generally requires the 

use of other software, such as Microsoft Excel. For the experiments reported on within this 

dissertation, potentiostats were set up to record a new data point every second—sometimes 

resulting in tens of thousands of data points. To cut down on the number of data points, and 

increase experimental accuracy and precision, some simple MATLAB scripts were written 

allowing the user to find the average and standard deviation of a set number of data points 

(Appendix B). The output of this script results in a substantially lower number of data points, 

making the creation of calibration curves and analysis of sample data more efficient. 

 To begin the analysis process, the collected data must be converted into a text file. This is 

done using the 1030 or 1440 potentiostat software. The data is put into an Excel spreadsheet and 

saved as a .xlsx. Following this, MATLAB is opened and the data_application.m file is run. A  
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Figure 2.3. Cyclic Voltammogram of Hydrogen Peroxide and Amperometric Calibration. 

Top) Cyclic voltammogram of H2O2 demonstrating its oxidation from 0.2 to 0.4 V. Based on this, 

an electrode potential of 0.6 V was chosen for amperometric electrochemical experiments using 

H2O2 detection. Bottom) Representative electrochemical calibration for amperometric detection of 

an analyte through H2O2. Potential was held at 0.6 V vs. Ag/AgCl, with current magnitude 

increasing as analyte concentration increased. 
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window will appear with the options of Read File, Average, Standard Deviation, and Exit 

Program. After selecting Read File, the user is prompted to enter the name of the Excel file. There 

are also options to state which sheet of the file to import, or which columns. Sheets are specified 

as positive integers, e.g., 1, 2, 5 etc. If specifying a column range, it must be done in Excel notation 

(e.g., A1:A100 or B25:B50). Selecting OK loads in the file, and the window will reappear with 

the program options. From here, users can either exit the program or choose to find the average or 

standard deviation of a portion of the data. Selecting Average or Standard Deviation prompts the 

user to input the number of data points they would like to average or find the standard deviation 

of. If collecting only one data point per second—as is common in the amperometric i-t experiments 

within this dissertation—the number input is equivalent to the amount of time to be averaged in 

seconds. Users may choose to input the time that each calibration or sample was run (e.g., 120 

seconds), or a smaller period can be input (e.g., 20 seconds) allowing users to find the average 

value at the steady state of a calibrant or sample. Using the same input for the Standard Deviation 

option provides the standard deviation of the averaged values, allowing users to choose the 

averaged value with the lowest standard deviation and more easily find the steady state area of the 

measurement.  
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Chapter III 

 

DEVELOPMENT OF A GLUTAMATE BIOSENSOR AND THE REAL-TIME ANALYSIS 

OF CELLULAR RESPONSE TO GLUTAMATE-INDUCED EXCITOTOXICITY1  

 

Introduction 

 Glutamate plays major roles in the proper function of organisms across domains, from 

Escherichia coli to humans. Not only is glutamate an amino acid involved in protein synthesis and 

a major metabolite in the citric acid cycle, but it is the also the most abundant excitatory 

neurotransmitter in the brain. As a neurotransmitter, glutamate is most prominently involved in 

synaptic plasticity—the ability to shape learning and memory through changes in synaptic 

strength.2 During synaptic signaling, glutamate is released into the extracellular space to activate 

receptors before being taken back up by transporter proteins on the surface of astrocytes and 

neurons. Unlike some other neurotransmitters, like acetylcholine, there are no enzymes on the 

surface of these cells to break down glutamate.34 When glutamate builds up in the extracellular 

space, the excessive activation of glutamate receptors triggers a process called excitotoxicity. This 

process can result in the damage or death of neurons, which may then lead to neurodegeneration.35 

Glutamate is essential in many metabolic and cognitive processes, with the dysregulation of these 

processes having significant consequences on health. Because of this, much effort has been put 

towards developing methods to detect glutamate. 

 
1This chapter contains portions from the published research articles: 1. Miller, D. R.=; McClain, E. S.=; 

Cliffel, D. E. J. Electrochem. Soc. 2018, 165 (12), G3120–G3124. 
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 The application of electrochemistry to the study of biological systems can result in low 

cost but selective methods of monitoring analytes of interest. Electrochemical sensors can be made 

selective using enzymes, many of which are oxidase enzymes, that catalyze a reaction resulting in 

a compound that can be electrochemically detected—like hydrogen peroxide. Enzymatic 

electrochemical sensors have already been developed for many different analytes, including 

glucose, lactate, acetylcholine, and cholesterol.13,17,36 Other methods of detection, such as mass 

spectrometry, offer excellent sensitivity but can be costly or require extra sample preparation 

steps.37 Enzymatic biosensors do present some challenges, namely enzymatic degradation, which 

necessitates frequent calibration.3 Some biosensors, like the one presented here, can be coupled 

with microfluidic platforms—increasing throughput and providing the ability to automate the 

calibration and sample analysis process.17 Additionally, these sensors can in many cases be placed 

in direct contact with the area of study as the electrodes can be made out of biocompatible 

materials, like platinum, and in sufficiently small sizes.38  

 The microclinical analyzer (µCA) is a low volume microfluidic device that can incorporate 

an enzymatically modified screen-printed electrode (SPE). The coupling of the µCA with a pump 

and valve microformulator system allows for the automated calibration of the enzymatic biosensor 

and analysis of eluate from the biological system of interest. The low volume (26 µL) of the 

microfluidic chamber enhances the temporal resolution of the platform and enables the detection 

of small metabolic changes—a necessity when studying mechanisms of glutamate transport. 

Because of the open chamber design, as opposed to microfluidic channels, cells can be positioned 

near the SPE surface for real-time, in situ analysis of cellular bioenergetics. Additionally, the flow 

of media over the cells creates flow-induced shear forces that aid in the recapitulation of the 

physiological environment—something that is difficult to accomplish in static cell culture. Similar 
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techniques have been used to grow organotypic cultures, which have been used to study pre-term 

birth, liver detoxification, and the blood-brain barrier.21,39–41 In the µCA system, the incorporation 

of glial cells can enable the study of cellular response to glutamate-induced excitotoxicity in real-

time. 

 Tuberous sclerosis complex (TSC) is a rare autosomal dominant genetic disease that 

manifests in the growth of non-cancerous tumors, hamartomas, on the brain and other organs.29 

These tumors have significant detrimental effects on neurological health, resulting in seizures and 

developmental delay. Patients with TSC report seizures in up to 90% of cases, with the seizures 

often beginning within the first year of life.42 The dysregulation of excitatory amino acid 

transporter (EAAT) 1 and EAAT2 has been identified as one possible mechanism contributing to 

the effects seen in patients with TSC and other neurological disorders, as the buildup of 

extracellular glutamate may cause excitotoxicity and trigger seizures.31,43 The application of real-

time electrochemistry to the study of glutamate uptake in astrocytes from a TSC patient may 

provide insight into the uptake mechanisms, or lack thereof, of these cells and could in the future 

assist in the evaluation of novel therapeutics. 

Here, a glutamate sensor is presented for the analysis of cellular bioenergetics in real time. The 

sensor was incorporated into the µCA analysis platform (Figure 3.1) and shown to be sensitive 

and stable throughout the temporal and concentration ranges necessary to study glutamate within 

biological systems. As a proof-of-concept, the system was used to quantify the uptake of glutamate 

by PC12 cells exposed to excitotoxic quantities. Following that, the uptake mechanisms of control 

astrocytes and diseased astrocytes from a TSC patient were investigated. 
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Figure 3.1. Drawings of Glutamate-Sensitive Electrode Array and CA Bioreactor. A) The 

electrode array was screen-printed and modified as shown with glutamate oxidase and Nafion on 

three working electrodes and Ag/AgCl on the quasi-reference, before being inserted into B) the 

CA bioreactor. The bioreactor housing separates so that the enzyme-coated SPE and membrane-

immobilized cells can be inserted and removed. The magnets align the housing, SPE, and 

membrane, and the chamber is compressed by tightening the screws. Media was perfused through 

tubing (not pictured) that connects the housing’s cell chamber to the media reservoirs, pumps, and 

valves (not pictured). 
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Experimental 

Materials 

PC12 cells were purchased from American Type Culture Collection (Manassas, VA). For 

cell culture and SPE modification, penicillin, streptomycin, T25 flasks, collagen type Ι, trypsin-

EDTA, glutamate oxidase, bovine serum albumin, and glutaraldehyde were purchased from Sigma 

Aldrich (St. Louis, MO). Dulbecco’s modified eagle’s medium (DMEM) and Roswell Park 

Memorial Institute medium (RPMI) 1640 was purchased for cell culture from ThermoFisher 

(Waltham, MA). BrainPhys Neuronal Medium was purchased from StemCell Technologies 

(Cambridge, MA). Fetal bovine serum (FBS) was purchased from Atlanta Biologicals (Flowery 

Branch, GA). Nafion was purchased from Alfa Aesar (Ward Hill, MA). All transwells were 

purchased from Corning (Corning, NY). The CA housing was designed by The Vanderbilt 

Institute for Integrative Biosystems Research and Education (VIIBRE, Nashville, TN) and 

fabricated from poly(methyl methacrylate) by the Vanderbilt Microfabrication Core (VMFC). 

Buna-N rubber O-rings, and screws were purchased from McMaster-Carr (Elmhurst, IL). Nut-and-

ferrule fluid connections were purchased from IDEX (Oak Harbor, WA). Tygon tubing was 

purchased from Cole Parmer (Vernon Hills, IL). Magnets were purchased from K&J Magnetics 

(Pipersville, PA). SPEs were designed in house and purchased from Pine Research (Durham, NC). 

The rotary planar peristaltic micropump (RPPM, US patents 9,874,285 and 9,725,687 and 

applications claiming priority from US patent application 13/877,925), 5-port valves (VIIBRE, US 

patent 9,618,129), microcontrollers, and computer software were designed by and purchased from 

VIIBRE/VMFC. The CHI 1440 potentiostat was purchased from CH Instruments (Austin, TX). 
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Glutamate Sensor Fabrication 

The SPE used here features five electrodes: three platinum disk electrodes and two band 

electrodes. The three platinum disk electrodes (𝐴 = 1.8 𝑚𝑚2) were used for enzymatic detection 

of glutamate. The larger of the two band electrodes (𝐴 = 19 𝑚𝑚2) was used as a Ag/AgCl quasi-

reference. Glutamate oxidase from Streptomyces was dissolved in 800 mg/mL bovine serum 

albumin (BSA) in minimal buffer (2 mM phosphate buffer solution, pH 7) to 10 mg/mL (5 

units/mg) and stored at -18 C until use. When required glutamate oxidase solutions were thawed, 

glutaraldehyde was added to 0.25% wt/v, and the solution was vortexed for approximately five 

seconds. After mixing, 1 L of the glutamate oxidase solution was drop cast onto the platinum 

disk electrode surface.17 After drying for one hour, 1 L of Nafion (5% v/v) was deposited on top 

of the enzyme. The sensors were then allowed to dry for an hour before calibration. If not used 

immediately, SPEs were stored in the dark to prevent oxidation of the Ag/AgCl reference. 

 

Characterization of Glutamate Sensor 

The limits of detection (LOD) and quantitation (LOQ), linear range, Vmax, and Km for the 

glutamate sensor were determined using the µCA as they were for other enzyme-based sensors.12,17 

Calibrations were performed within the µCA by monitoring the current generated by 21 calibrants 

ranging from 1 µM to 5 mM glutamate in buffer. Buffer for all experiments was made from a 50 

mM potassium monobasic-sodium buffer (pH 7) and diluted in water with KCl to produce a 2 mM 

phosphate, 120 mM KCl, pH 7 buffer solution. Calibrants were sampled using the microformulator 

at a flow rate of 100 µL min-1 and monitored by a CHI 1440 potentiostat held at 0.6 V vs. Ag/AgCl. 

Linear regressions were performed on the linear range of the calibration data. The resulting slopes 

provided the sensitivity of the SPE. The limits of detection were calculated by multiplying the 
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error of the blank by three and dividing by the slope. The equation used for calculating the limit 

of quantitation was same, except the standard error was multiplied by ten instead of three. Because 

the enzyme saturation followed Michaelis-Menten kinetics, a hyperbolic function could be fit to 

the data to determine Vmax and Km. The resulting equation of the hyperbola provided coefficients 

corresponding to the values for Vmax and Km. All p-values calculated in this study were found by 

performing t-tests assuming unequal variance.  

 

Sensor Stability During Use and Storage 

To determine the stability of the sensor over experimentally relevant time periods, the 

current generated by a set of four glutamate calibrants (40 to 320 µM) in buffer was monitored 

every four hours for 72 hours. The sensitivity of each calibration was determined and compared to 

the sensitivity of the first calibration to determine how the response changed over time. In between 

glutamate calibrations, the baseline was set by measuring the current with the SPE in buffer.  

 

PC12 Cell Culture 

PC12 cells cryopreserved in liquid nitrogen were thawed, added to warmed DMEM culture 

media, and spun down (180 x g, 7 min). The supernatant was discarded, and the pellet was 

resuspended in 1 mL of DMEM with 5% FBS, 0.1 mg/mL penicillin, and 100 units/mL 

streptomycin. The resulting suspension was brought to 1 million cells/mL and transferred to two 

T25 flasks. All cell culture flasks and transwells were coated in collagen type Ι overnight at room 

temperature before adding cells. The cells were grown to confluency (10 days), trypsinized, 

(0.25% wt/v trypsin-EDTA) and plated onto two T25 flasks and a six-well PET track-etched 3.0 
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µm transwell. These cells were grown to confluency before use. All cell culture and cellular 

experiments were conducted at 37 C and 5% CO2 within an incubator. 

 

PC12 Glutamate Microphysiometry 

Confluent PC12 cells in a 6-well transwell were maintained in glucose-free RPMI media 

for twelve hours before being transferred into the CA bioreactor. Before addition of the cells, the 

SPEs were calibrated. Calibrants were made in RPMI containing 100 mM KCl and ranged from 

20 to 1000 µM glutamate. These calibrants were passed over the SPE at 20 L min-1 while the 

current was monitored. During all valve switches, flow was momentarily paused to avoid pressure 

buildup. Following calibration, a transwell membrane with immobilized PC12 cells (10-14 days 

in culture) was removed from its plastic support and transferred to the CA bioreactor. To transfer 

a membrane, the CA housing was opened, and a membrane was placed on top of the SPE with 

the cells facing up. A second 3.0 m membrane was placed on top to protect from flow-created 

shear forces and secure the cells in place. The two membranes were aligned with the SPE, and the 

housing was closed and compressed with screws to seal the cell chamber. During treatment, the 

bioreactor chamber was amperometrically monitored by three different glutamate oxidase-

modified electrodes along the cell-covered membrane at 0.6 V vs. Ag/AgCl. The cells were 

equilibrated in RPMI for 30 minutes before RPMI with 100 mM KCl was passed over the cells for 

an additional 30 minutes. Lastly, RPMI with 1 mM glutamate and 100 mM KCl was passed over 

the cells for 30 minutes. This treatment cycle was repeated after a recovery period of 30 minutes 

of treatment with only RPMI. SPEs were calibrated every two treatment cycles. All calibrations 

and treatments were done at 37 °C in 5% CO2 and at 20 L min-1 in an incubator.  
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CC3 and TSP8-15 Glutamate Microphysiometry 

The astrocytes used in this study were differentiated from two human induced pluripotent 

stem cell lines, CC3, a previously published cell line derived from a control female subject, and 

TSP8-15, derived from a female patient with TSC and epilepsy.44 To assess glutamate homeostasis 

of CC3 and TSP8-15 astrocytes, cells were harvested and replated at equal density onto 12-well 

Transwell membranes (Corning #3462, Corning, NY). Glutamate uptake was quantified once the 

astrocyte cultures had reached confluency, and the presence of astrocytes confirmed by 

immunohistochemistry. Real-time electrochemistry was performed as with PC12 cells with some 

modifications. Calibrations were performed by monitoring the current generated by five solutions 

ranging from 0 to 500 μM glutamate in BrainPhys media. Following the transfer of a Transwell 

membrane with astrocytes (8-12 days in culture) to the μCA bioreactor, cells were equilibrated in 

BrainPhys without N2A and SM1 supplements (10 minutes) before 50 μM glutamate in the same 

medium was passed over the cells (10 minutes). BrainPhys was then passed over the cells again 

(10 minutes) before challenging the cells with 500 μM glutamate (10 minutes). As before, a flow 

of 20 μL min-1 was maintained for both the treatments and calibrations. Calibrations were 

performed before every two experiments. In analyzing uptake by PC12, CC3, and TSP8-15 cells, 

the glutamate concentration for a given current response was calculated using the slope and 

intercept generated from each calibration curve. The difference between the measured glutamate 

concentration and the glutamate concentration applied to the cells was then used to calculate 

cellular uptake. 
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Results and Discussion 

 Glutamate is one of the principal excitatory neurotransmitters in the brain and plays a key 

role in neurocognition, yet it is also excitotoxic in high quantities. The development of methods to 

detect glutamate is essential to advancing the understanding of glutamate biochemistry. Here, an 

SPE was enzymatically modified to be sensitive and selective to glutamate and incorporated into 

the µCA. As a proof-of-concept experiment, this versatile platform was used to study the response 

of PC12 model neurons to excitotoxic quantities of glutamate by placing the cells in direct contact 

with the SPE inside the µCA. Following this, two types of primary astrocytes—control CC3 and 

TSC-derived TSP8-15 cells—were incorporated into the µCA to further understand the effects of 

TSC on glutamate homeostasis. 

 To accurately measure the response of cells to glutamate, the developed sensor must span 

a temporal range sufficient to measure physiological and pathophysiological effects. In normal 

function, glutamate can be released from the synapse and subsequently taken up by neurons on a 

second time scale. On the other hand, extracellular glutamate levels during traumatic brain injury 

can build up to excitotoxic levels and take days to return to normal.45 Therefore, a sensor that can 

respond on the second time scale while also remaining stable for hours to days is required to 

monitor the full range of glutamate biochemistry. Here, the glutamate sensor had a sub-second 

response time, making it suitable for monitoring typical synaptic signaling. The sensor also 

demonstrated stability over longer periods of time, maintaining 85 ± 6% of its signal following 72 

hours of continuous use (Figure 3.2). The loss in sensor response over this period is likely due to 

decreasing enzyme activity.46,47 Overall, the sensor demonstrated the quick response time and 

long-term stability necessary to monitor both glutamate signaling and trauma-induced 

excitotoxicity. 
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Figure 3.2. Stability of Glutamate Sensor Over 72 Hours. The response of the glutamate sensor 

to a set of 4 glutamate calibrants was tested every 4 hours for 72 hours. At the end of the experiment, 

the sensor retained 85 ± 6% of its original response. Inset: The sensitivity of each calibration was 

calculated and reported as a percentage of the first calibration sensitivity.  
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As further evidence of the glutamate sensor’s biological relevance, the sensitivity of the 

sensor spanned from physiological to pathophysiological concentrations. Glutamate concentration 

within the brain is thought to range from low micromolar under normal conditions up to hundreds 

of micromolar in conditions of stress, such as stroke.48,49 The sensitivity of the enzyme-modified 

electrodes, 0.17 ± 0.01 nA µM-1 mm-2, enabled the detection of glutamate as low as 5 ± 1 μM and  

quantitation at 16 ± 4 μM (Figure 3.3). The upper limit of quantitation, past which the sensor could 

not linearly respond to glutamate, was 1 mM. Between these limits (16 μM to 1 mM), the sensor 

response was linear and able to be quantified, making the sensor suitable studying a wide range of 

biologicals systems. 

To further understand the physiological usefulness of this sensor, values for Vmax and Km 

were calculated. As glutamate concentration exceeds 1 mM, the enzyme begins to saturate, and 

the current response of the sensor becomes hyperbolic. Eventually the amount of glutamate added 

has no effect on the current response, as the enzyme has reached its maximum rate of reaction, 

known as Vmax. How Vmax relates to concentration is dependent upon the affinity of the enzyme 

for its substrate, in this case glutamate. Using the same hyperbolic function, this affinity can be 

quantified by the Km value, which is the concentration of substrate necessary to reach half of the 

Vmax. Fitting the collected data to a hyperbolic function, the Vmax and Km values were determined 

to be 9.2 ± 0.2 pmol s-1 and 5.4 ± 0.2 mM, respectively. The importance of these values lies in the 

Km of the enzyme compared to the concentration of the substrate under normal conditions. A low 

Km value compared to physiological concentration means that, under standard conditions, the 

enzyme will turn over at a constant rate regardless of variations in concentration. On the other 

hand, a high Km in comparison with physiological concentration results in an enzyme activity that 

varies with concentration. The Km value of this sensor is much higher than even pathophysiological  
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Figure 3.3. Representative Calibration Curve of Glutamate Sensor. Multiple calibrations were 

used to determine the limits of detection, quantitation, and linearity of the sensor as well as values 

for sensitivity, Vmax, and Km. Linear response was measured from 16 µM to 1 mM glutamate, with 

a sensitivity of 0.17 ± 0.01 nA µM-1 mm-2 (solid black line) in this region. The Vmax and Km were 

calculated by fitting the data to a hyperbolic function (solid orange line) and found to be 9.2 ± 0.2 

pmol s-1 and 5.4 ± 0.2 mM, respectively. Inset: Focused views of lower glutamate concentrations 

delineating the limit of detection vs. the lower limit of linearity. The limit of detection was 5 ± 1 

μM glutamate, while the limit of quantitation (lower limit of linearity) was 16 ± 4 μM. 
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concentrations of glutamate, indicating that the sensor is well suited for use in a wide range of 

biological systems without sacrificing sensitivity.  

The CA bioreactor and microfluidic system used in these experiments not only provides 

for automated calibration and analysis, but it also enhances analytical power. While microfluidics  

have been used in previous studies, the cells were spatially removed from the electrodes.50 The 

CA design accommodates cell placement directly on top of the electrochemical sensor. The low 

limit of quantitation of the glutamate sensor, combined with the small volume of the CA 

bioreactor, allows for monitoring changes in glutamate such as those seen in synaptic signaling. 

This configuration improves analytical power by increasing signal-to-noise ratio and temporal 

resolution.51  

In addition to increasing analytical efficiency, the microfluidic system can also impose 

shear stress on the cells that simulates those at physiological conditions. At a flow rate of 20 µL 

min-1, the flow rate used for all cellular experiments, the cells experienced a calculated shear force 

of 0.32 dyne/cm2 (assuming 25 °C, η = 0.89 cP, and laminar flow). In the brain, cells can 

experience anywhere from 0 to 40 dyne/cm2.52 The CA can accommodate flow rates from the 

low µLs min-1 all the way up to nearly 1 mL min-1, allowing for cellular response to be measured 

under a range of physiological conditions if desired. 

 To demonstrate the capability of the µCA to monitor cellular response to glutamate in real 

time, PC12 cells were exposed to glutamate and their response was electrochemically monitored. 

PC12 cells, derived from rat pheochromocytomas, have been extensively used as model neuronal 

cells to study glutamate metabolism, toxicity, and cell signaling.53 Here, PC12 cells were glucose 

starved before being exposed to two 90 minute cycles of glucose-free media, 100 mM KCl, and 

100 mM KCl plus 1 mM glutamate (Figure 3.4). Within the µCA bioreactor, glucose-starved  
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Figure 3.4. Real-Time Data of Glutamate Uptake by PC12 Cells. Over the course of the 

experiment PC12 cells were perfused with two cycles of media (glucose-free RPMI), 100 mM 

KCl, and 100 mM KCl plus 1 mM glutamate with each treatment lasting 30 minutes. The dashed 

red line indicates the current generated by the addition of 1 mM glutamate with no cells present. 

The decrease in current magnitude during glutamate treatment, compared to the current with no 

cells, indicates an uptake of glutamate by the PC12 cells. 
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PC12 cells took up 340 ± 60 nmoles of the provided glutamate (56 ± 10% or 11 ± 2 nmoles min-

1), which increased to 440 ± 40 nmoles (73 ± 7% or 15 ± 1 nmoles min-1) during the second 

exposure (Figure 3.5). This uptake was not seen when cells were cultured in a glucose containing 

media. Extracellular exposure to glutamate triggers uptake by EAAT proteins.54 Once inside the 

cell, glutamate may act as a fuel substrate for the citric acid cycle to assist in restoring bioenergetic 

homeostasis following prolonged depolarization and glucose starvation. An increase in the amount 

of glutamate taken up by the cells during the second treatment suggests that these neurotransmitter 

uptake systems were functional and may prioritize glutamate uptake to mitigate excitotoxicity. 

With this experiment serving as a proof-of-concept for monitoring cellular bioenergetics in real 

time within the µCA, future experiments can be designed to study more in-depth mechanisms of 

cellular function or disease—like TSC. 

 TSC is a rare genetic disease manifesting in part through seizures, which could be caused 

by excitotoxic quantities of glutamate present in the brain. Here, control (CC3) and diseased 

(TSP8-15) astrocytes were placed within the µCA and their response to both 50 µM and 500 µM 

glutamate was monitored electrochemically (Figure 3.6). Cells were first treated with 50 µM 

glutamate (10 nmoles), where CC3 cells took up 5.5 ± 0.7 nmoles compared to the TSP8-15 cells 

which took up 1.0 ± 0.8 nmoles. Increasing the concentration of glutamate to 500 µM glutamate 

(100 nmoles) resulted in an increase in uptake, where CC3 cells took up 74 ± 3 nmoles while the 

TSP8-15 cells took up 39 ± 5 nmoles (Figure 3.7). At both treatment concentrations, the uptake 

between the two cell types was significantly different (p-values ≤ 0.0006 and 0.0002 for 50 µM 

and 500 µM, respectively) with the diseased TSP8-15 cells taking up much less glutamate than 

the control. This reduced glutamate uptake by the TSC astrocytes may be at least in part 
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Figure 3.5. Glutamate Uptake by PC12 Cells Across Two Exposures. On average, cells took up 

340 ± 60 nmoles (56 ± 10%) of the glutamate, which increased to 440 ± 40 nmoles (73 ± 7%) during 

the second exposure. All experiments are represented as the mean (n = 6) and standard error of the 

measurements, control vs. 1st exposure: p ≤ 0.002: control vs. 2nd exposure: p ≤ 0.0001: 1st exposure 

vs. 2nd exposure: p ≤ 0.18. 
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Figure 3.6. Real-Time Data of Glutamate Uptake by CC3 and TSP8-15 Cells. The µCA was 

used to monitor the response of control (CC3) and TSC (TSP8-15) astrocytes to glutamate 

stimulation in real time. CC3 and TSP8-15 cells were grown on 12-well Transwell membranes 

for 8 to 12 days before they were loaded into the µCA bioreactor and treated with both 50 and 500 

µM glutamate in BrainPhys media, and their response was measured in real time. While both cell 

types took up glutamate, indicated by the decrease in current magnitude compared to the no cells 

data (gray), the diseased TSP8-15 cells (blue) took up significantly less glutamate than the CC3 

control cells (red). 
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Figure 3.7. Glutamate Uptake by CC3 and TSP8-15 Cells Exposed to 50 and 500 µM 

Glutamate. Average glutamate uptake was calculated by subtracting the glutamate concentration 

measured from either TSP8-15 cells or CC3 cells from the treatment with no cells. When exposed 

to 50 µM glutamate, CC3 cells took up 5.5 ± 0.7 nmoles compared to the TSP8-15 cells which 

took up 1.0 ± 0.8 nmoles. During the 500 µM treatment, CC3 cells took up 74 ± 3 nmoles while 

the TSP8-15 cells took up 39 ± 5 nmoles. There was a significant difference in uptake between the 

two cells types for both 50 µM and 500 µM treatments, with p-values ≤ 0.0006 and 0.0002, 

respectively. All experiments were performed at 20 µL min-1, 37 °C, and 5% CO2. Data are 

presented as mean and standard error for all measurements, n = 11 for CC3 and 7 for TSP8-15, p-

values resulting from t-tests with unequal variance. 
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responsible for the seizures experienced by some with TSC, as the diminished uptake leads to 

increases in extracellular glutamate concentration. Future studies using this system could further 

evaluate the mechanisms responsible for the decreased glutamate uptake. This platform—allowing 

for microfluidic treatment of cells directly within the area of analysis—could also be used to 

investigate other rare and complex diseases, along with their possible treatments. 

 

 

Conclusions 

In this work, a glutamate sensor was developed and characterized within the microfluidic 

µCA platform and used to monitor the uptake of glutamate by cells in real time. The glutamate 

sensor was shown to have the response time, linear range, and stability necessary to monitor 

glutamate in a wide range of biological systems. A proof-of-concept experiment was done with 

PC12 cells demonstrating the ability of the glutamate sensor detect real-time uptake within the 

µCA. PC12 cells were shown to uptake significant amounts of glutamate when exposed to 

excitotoxic concentrations following depolarization and glucose starvation. Control CC3 and 

diseased TSP8-15 astrocytes were also shown to take up glutamate in response to excitotoxic 

concentrations. TSP8-15 astrocytes from those with TSC took up less glutamate than the control, 

leading to increased extracellular glutamate—a possible explanation for the seizures experienced 

by TSC patients. The application of the electrochemical, microfluidic µCA system could in the 

future be applied to the real-time study of other cellular mechanisms. 
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Chapter IV 

 

EFFECTS OF ORGANOPHOSPHATE TOXICITY ON ACETYLCHOLINE METABOLISM 

IN A MODEL BLOOD-BRAIN BARRIER2 

 

Introduction 

 Organophosphates (OPs) are used throughout the world as agricultural pesticides 

due to their high level of effectiveness and minimal environmental impact.55 Though it was banned 

from residential use in 2001, between five and ten million pounds of the OP chlorpyrifos (CPF) 

are used agriculturally every year in the United States.56 The states of California and New York 

have moved to institute complete bans on chlorpyrifos use based on epidemiological studies 

linking prenatal CPF exposure to neurobehavioral deficits in children.57,58 At the same time, the 

consequences of CPF on human health are undergoing further evaluation to fully understand the 

extent of CPF’s negative effects. One potential justification for its continued use is that CPF is 

excluded from the brain by the blood-brain barrier (BBB), though more research is necessary to 

provide clear scientific evidence of this. If able to cross the BBB, OPs like CPF may have 

significant effects on acetylcholine metabolism—resulting in serious health consequences. To this 

end, an acetylcholine sensor is presented and, together with an in vitro organotypic BBB, the 

effects of CPF on acetylcholine metabolism are investigated. 

As pesticides, OP compounds cause neurotoxicity by preventing the breakdown of 

acetylcholine and, consequently, altering acetylcholine levels in the brain. When neurons are 

functioning properly, acetylcholine—a neurotransmitter regulating a diverse range of processes—

 
2 This chapter contains portions from the published research articles 1. McClain, E. S.; Miller, D. R.; Cliffel, 

D. E. J. Electrochem. Soc. 2019, 166 (16), G178–G181. 
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is released into the neuronal synapse for signaling before being broken down by 

acetylcholinesterase and taken back up by presynaptic neurons.59,60 Across the blood-brain barrier, 

OPs bind to a serine in the active site of acetylcholinesterase—inhibiting the cleavage of 

acetylcholine (Figure 4.1, left).32,33 The subsequent increase in acetylcholine concentration leads 

to the overstimulation of the muscular, endocrine, and central nervous systems and can result in 

muscular fasciculation, decreasing motor activity, and respiratory depression.61 OPs can also be 

quickly metabolized into their oxidized (oxon) forms, known to be more toxic and inhibiting 

acetylcholinesterase to a greater degree (Figure 4.1, right).62 Due to this effect of OPs on 

acetylcholinesterase, the inhibition of plasma and red blood cell cholinesterase is sometimes used 

as a quantification method for characterizing OP exposure.63 The ability to directly detect and 

quantify changes in acetylcholine levels may assist in the early detection and treatment of OP 

poisoning.  

The development of enzymatic biosensors for the electrochemical detection of acetylcholine 

can provide a low-cost but selective method for acetylcholine detection. Other methods of 

identification, such as colorimetric and chromatographic techniques, provide high sensitivity but 

with greater time and expense required.64–66 Electrochemical enzyme sensors have already been 

developed for other biological analytes, including glucose, lactate, and glutamate.17,36 Some 

enzymatic sensors, like the one presented here, can be coupled with microfluidic platforms—such 

as the microclinical analyzer (µCA). The µCA system provides for increased throughput and 

enables the automation of the calibration and analysis process with custom flow rates and sampling 

times.17 Coupling microfluidic systems with electrochemical sensors can provide new insight into 

the effects that toxicants like CPF may have on cellular metabolism. These analysis platforms are 

particularly well-suited to the analysis of eluate from in vitro organotypic systems. 
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Figure 4.1. Schematic of Acetylcholine and Chlorpyrifos Biochemistry. Left) During typical 

function, acetylcholine is released from vesicles into the synaptic cleft where it can bind to a receptor. 

Following signaling, acetylcholinesterase breaks down acetylcholine into choline and acetate, with 

the choline being taken back up into the cell by a choline transporter and remade into acetylcholine 

by choline acetyltransferase. In the presence of CPO, however, acetylcholinesterase is inhibited from 

breaking down acetylcholine. This leads to a buildup of acetylcholine, and eventually, excitotoxicity 

and possible neurodegeneration. Right) The major metabolic pathway for CPF bioactivation and 

biodegradation showing associated primary metabolites including CPF, CPO, diethylthiophosphate 

(DETP), and 3,5,6-trichloro-2-pyridinol (TCP). 
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Though traditionally toxicological studies have been performed using animal models, 

organs-on-chips (OoCs) are becoming more common as substitutes for early-phase toxicology. 

OoCs are organotypic, three-dimensional cultures that grow to develop organ-like qualities.67 

Early work investigating the effects of toxins on BBB permeability was done using transwell 

assays, which led to the development of three-dimensional models of the BBB.68–73 Wikswo and 

colleagues developed a neurovascular unit (NVU), an organotypic model that approximates the 

human BBB by creating a paracellular barrier comprised of endothelial cells, astrocytes, pericytes, 

and neurons.21 This NVU has been shown to be a useful model to assess both acute and chronic 

toxic exposures.21,74 The NVU is a dual-chambered design, with a neuronal (2.9 µL) and a vascular 

(17.5 µL) section, both equipped with independent microfluidic perfusion control. This is essential 

for simulating environmental exposure, as toxicants can be administered to only the vascular side. 

The neuronal side can then be analyzed—through electrochemical detection or other analytical 

methods—for metabolic changes and the infiltration of toxicants that breach the engineered BBB.  

In this work, an enzymatic acetylcholine sensor was developed and used within the µCA 

for the analysis of eluate from the NVU. Detection parameters of the acetylcholine sensor were 

established both with and without CPF to confirm that the sensor was not sensitive to CPF. The 

sensor was shown to be useful for the biorecognition of chlorpyrifos oxon (CPO)—an active 

metabolite of CPF—through inhibitory mechanisms, and the reusability of these sensors was 

demonstrated through treatment with 2-pyridine aldoxime methyl chloride (2-PAM). The sensor 

was then used to evaluate the effects of CPF on the acetylcholine concentration of eluate from an 

NVU treated with 10 µM CPF. Following electrochemical and metabolomic analysis, the effects 

of PDMS on the concentration of CPF in solution was studied. 
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Experimental 

Materials 

Acetylcholine chloride, acetylcholinesterase from Electrophorus electricus, choline 

oxidase from Alcaligenes, bovine serum albumin, glutaraldehyde, chlorpyrifos, chlorpyrifos oxon, 

and 2-pyridine aldoxime methyl chloride were purchased from MilliporeSigma (Burlington, MA). 

Phosphate buffer solution (pH 7) and potassium chloride were purchased from Fisher Scientific 

(Waltham, MA). SPEs were designed in house and purchased from Pine Research (Durham, NC). 

Tygon tubing was purchased from Cole Parmer (Vernon Hills, IL). PDMS was purchased from 

the Vanderbilt Institute of Integrative Biosystems Research and Education (VIIBRE, Nashville, 

TN). The rotary planar peristaltic micropump, valves, microclinical analyzer, microcontrollers, 

and computer software were designed by and purchased from the Vanderbilt Microfabrication 

Core/VIIBRE. The CHI 1440 potentiostat was purchased from CH Instruments (Austin, TX). 

 

Acetylcholine Sensor Fabrication  

An SPE was enzymatically modified to be sensitive to acetylcholine. The largest band 

electrode on the electrode array was used as a Ag/AgCl quasi-reference, while the three disk 

electrodes were enzymatically modified using acetylcholinesterase from Electrophorus electricus 

(137 Units/mg), and choline oxidase from Alcaligenes (15 Units/mg). Each enzyme was dissolved 

separately to a concentration of 10 mg/mL in phosphate buffer solution (2 mM buffer solution, pH 

7) with bovine serum albumin (800 mg/mL) and stored until use at -18C. When required, these 

enzymes were combined equally (v/v), mixed with glutaraldehyde (0.5% wt/v, Sigma), vortexed 

(~5 sec), and 1 µL was drop cast onto each working electrode. These SPEs were then air dried for 

an hour before either use or storage (in low light conditions to reduce oxidation of silver). To 
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incorporate these sensors into the µCA, they were sealed within the housing and attached to a 

microformulator—a microfluidic pump and valve system providing for automated sensor 

calibration and sample analysis.17  

 

Characterization of Acetylcholine Sensor  

The limits of detection (LOD) and quantitation (LOQ), linear range, Vmax, and Km for the 

acetylcholine sensor were determined using the µCA as they were for other enzyme sensors.12,17 

Calibrations were performed by monitoring the current generated by calibrants (1 µM to 1 mM 

acetylcholine, with and without 50 µM CPF) in buffer. Buffer for all experiments was made from 

a 50 mM potassium monobasic-sodium buffer (pH 7) and diluted in water with KCl to produce a 

2 mM phosphate, 120 mM KCl, pH 7 buffer solution. Current was monitored using a CHI 1440 

potentiostat held at 0.6 V vs. Ag/AgCl. Calibrants were sampled at 100 µL min-1 using the 

microformulator. Linear regressions were performed on the linear ranges of the calibration data. 

The resulting slopes provided the sensitivity of the SPE with and without 50 µM CPF present. The 

limits of detection were calculated according to Equation 1, where SE is the error of the y-intercept, 

and m is the slope of the calibration. The equation used for calculating the limit of quantitation is 

similar, except that the error was multiplied by ten instead of three. Because the enzyme saturation 

followed Michaelis-Menten kinetics, a hyperbolic function could be fit to the data to determine 

Vmax and Km. The resulting equation of the hyperbola provided coefficients corresponding to the 

values for Vmax and Km. All p-values calculated were found by performing t-tests assuming unequal 

variance. Stability of the sensor was tested by exposing the sensor to acetylcholine calibrants (20, 

40, 60, 80, and 100 µM) every four hours for 68 hours and comparing the sensitivities of each 

calibration. 
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𝐿𝑂𝐷 =
3𝑆𝐸

𝑚
(1) 

 

Sensor Inhibition Using CPF and CPO.  

To test the effect of CPF and CPO on acetylcholine detection, the sensor response to 

acetylcholine was measured both before and after exposure to each compound. For initial 

acetylcholine measurements, the sensor was first allowed to reach steady-state current in buffer 

(10 min.), before being treated with acetylcholine (50 µM, 5 measurements, 2 minutes each). After 

each acetylcholine measurement, buffer was run over the sensor (2 minutes) to return to baseline 

(100 µL min-1). The sensor was then exposed to an OP solution (0.5 - 50 µM CPF or CPO, 100 - 

500 µL min-1, 10 - 30 minutes) to determine how flow rate, OP concentration, and exposure time 

effected sensor inhibition. Each inhibition was followed by a ten-minute buffer wash period before 

acetylcholine measurements were taken again. Inhibition percentage was calculated using 

Equation 2, where I% is the inhibition percentage, i0 is the steady-state current generated by 

acetylcholine before OP exposure, and i1 is the steady-state current generated by acetylcholine 

after OP exposure. The current values used for i0 and i1 are averages of the currents generated by 

five acetylcholine measurements before and after OP exposure. 

𝐼% = 100 × (
𝑖0 −  𝑖1

𝑖0
) (2) 

 

Sensor Regeneration 

 Sensor regeneration was investigated by using 2-PAM, an antidote for OP poisoning, to 

counteract the enzymatic inhibition by CPO. After reaching steady state, the current generated by 

acetylcholine (50 µM) was measured five separate times alternating with buffer to provide a 

baseline. The sensor was then exposed to CPO (5 µM, 100 µL min-1, 30 minutes) and the response 
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to acetylcholine was measured as before. The inhibition percentage was again calculated as in 

Equation 2. Sensors were regenerated by 2-PAM (500 µM, in buffer, 30 minutes), followed by 

another set of acetylcholine measurements. Regeneration percentage was determined using 

Equation 3, where R% is the regeneration percentage, i2 is the steady-state current generated by 

acetylcholine after 2-PAM treatment, and i0, as before, is the steady-state current generated by 

acetylcholine before OP exposure. 

𝑅% = 100 × (
 𝑖2

𝑖0
) (3) 

 

Analysis of Acetylcholine in NVU Eluate 

The μCA electrochemical detection platform was used to determine the acetylcholine 

levels in NVU eluate samples both with and without CPF treatment. The acetylcholine sensor, 

with its three enzymatically modified electrodes, was loaded into the µCA housing and the current 

was monitored by all three to provide technical replicates. Using the microformulator, calibrants 

were sampled at a flow rate of 100 µL min-1 (six calibrants from 0 to 114 µM). After calibration, 

NVU eluate was sampled with buffer in between each sample to establish a baseline. The sensor 

was recalibrated before and after each NVU sample set to check for sensor response 

degradation/inhibition. The acetylcholine concentration in the sample was determined using the 

current generated by the samples and performing linear regressions on the calibration data. All p-

values calculated were determined through a t-test assuming unequal variance.  
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Effects of PDMS on Chlorpyrifos Concentration 

To determine the extent to which CPF absorbs into PDMS, a floating disk experiment was 

conducted.75 First, 3 mm thick medical grade PDMS (the same as that used in the NVU fabrication) 

was cut with a biopsy punch (diameter = 6 mm) to form disks. Using a 20 mM stock solution of 

CPF made in DMSO, 25, 50 75, and 100 µM CPF solutions were made in 10 mM SDS to aid 

solubility. Then, each disk was submerged in 2 mL of 100 µM CPF solution inside of a 4 mL glass 

vial and the absorption of this solution as well as that of calibrants (25, 50, 75, and 100 µM CPF) 

was measured every hour at 290 nm in a quartz cuvette. From these data, the concentration of CPF 

still in solution was calculated. 

 

Results and Discussion 

The effects of OPs on the human brain are unclear, specifically in regards to the interaction 

between OPs and the BBB. The electrochemical analysis of acetylcholine in eluate from in vitro 

organotypic models exposed to OPs may provide insight into the effects of these compounds on 

cellular function and BBB integrity. Here, an acetylcholine sensor is developed and characterized 

in the presence of CPF and CPO, and the effects of 2-PAM on sensor reusability are presented. 

The NVU, a model BBB, is then exposed to 10 µM CPF and the eluate from each side of the device 

is analyzed through amperometric electrochemistry. Following this, the effects of PDMS on the 

concentration of CPF in solution is explored. 

The need to analyze systems directly affected by CPF requires the development of an 

acetylcholine sensor that can function in the presence of CPF. Consequently, it is essential to 

understand how CPF effects the response of the sensor. In the past, acetylcholinesterase has been 

used in colorimetric and nanoparticle-based assays to detect CPF, as the competitive inhibition of 
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acetylcholinesterase by CPF results in the inactivation of the enzyme.76,77 One method of exploring 

the effects of CPF on enzymatic activity is through kinetics measurements like Vmax and Km—

measurements of maximum enzyme rate and concentration of substrate at half Vmax, respectively. 

Occupation of acetylcholinesterase active sites by CPF will result in lower Vmax and Km values. 

Here, both the Vmax and Km of the sensor are nearly identical for acetylcholine detection with and 

without 50 µM CPF. Vmax values of 4.3 ± 0.2 and 4.1 ± 0.3 pmol s-1, for acetylcholine and CPF 

solutions respectively, and Km values of 285 ± 15 and 288 ± 15 µM result in p-values ≤ 0.64 for 

Vmax and 0.87 for Km. This signifies no significant difference in enzyme kinetics with the addition 

of CPF to solution (Figure 4.2, top). These results indicate that the enzymatic active sites are not 

being populated by CPF but are instead available to cleave acetylcholine. Additionally, the high 

Km values compared to the physiological concentration of acetylcholine—single digit to tens of 

micromolar—indicate that the presented sensor is well suited to the sensitive detection of 

acetylcholine in eluate from biological systems.78 

These conclusions are further supported by the sensor response metrics. In the absence of 

CPF, the acetylcholine sensor’s linear range was 1 to 150 µM, with low detection and quantitation 

limits (0.2 ± 0.1 µM and 0.7 ± 0.1 µM respectively) and a high sensitivity (1.0 ± 0.1 nA µM-1 mm-

2, Figure 4.2, bottom). The sensor also demonstrated good operational stability, retaining 92 ± 

7% of its response over 68 hours of continuous use. The current magnitude decreased throughout 

the experiment, decreasing more substantially after 48 hours of use (Figure 4.3). Including 50 µM 

CPF in the calibrant solutions had minimal effects on detection limits, with comparably low LOD 

and LOQ values (0.8 ± 0.2 µM and 2.5 ± 0.6 µM respectively, p-values ≤ 0.09 compared to no 

CPF), along with a sensitivity and linear range equivalent to the CPF-free solutions (1.0 ± 0.1 nA 

µM-1 mm-2, p-value ≤ 0.93, 3 to 150 µM). Over the course of this experiment, the acetylcholine  



50 

 

  

 

Figure 4.2. Enzyme Kinetics and Sensor Parameters for the Acetylcholine Sensor. Calibrants 

were sampled through a microformulator (1 µM to 1 mM acetylcholine, 2 minutes) with buffer in 

between (2 minutes) at 100 µL min-1, 25 °C. Top) Calibration showing enzyme saturation for each 

solution set. Table: Enzyme kinetics, Vmax and Km, for each solution set. Bottom) Scatterplot of 

the linear range for each solution set. Table: Detection parameters of the sensor including LOD, 

LOQ, linear range, and sensitivity with and without CPF. For both enzyme kinetics and sensor 

parameters, significance testing (t-test assuming unequal variance, n = 3) was performed across 

solution sets. 
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Figure 4.3. Stability of Acetylcholine Sensor Over 68 Hours. The response of the acetylcholine 

sensor to a set of 5 acetylcholine calibrants was tested every 4 hours for 68 hours. The magnitude 

of current generated decreased with each calibration, with decreases becoming more substantial in 

the later calibrations. Nevertheless, the sensor retained 92 ± 7% of its original sensitivity upon 

conclusion of the experiment. Inset: The sensitivity of each calibration was calculated and reported 

as a percentage of the first calibration sensitivity.  
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sensor was treated with 50 µM CPF—175 times higher than the Drinking Water Equivalence 

Level—for well over 30 minutes, with negligible effects on sensor function.79 As a result, this 

sensor could be useful in analyzing changes in acetylcholine concentration in systems containing 

high levels of CPF.  

To further characterize sensor performance, the microformulator pump and valve system 

was used to adjust OP exposure times and flow rates to establish the effects of these variables on 

sensor function. At every flow rate and exposure time tested, CPF did not inhibit sensor function, 

with any losses being comparable to the signal decrease seen in the controls. Conversely, CPO-

induced enzyme inhibition consistently followed Michaelis-Menten kinetics (Figure 4.4, inset), 

enabling the creation of linear calibration curves that allow for CPO quantification (Figure 4.4). 

Using 10% as a minimum for sensor inhibition, a flow rate of 100 µL min-1 and an exposure time 

of 10 minutes resulted in a calculated detectable concentration of 3 µM CPO. This minimum 

inhibition standard of 10% was chosen as it was well above typical signal losses due to time-

dependent decreases in enzyme activity. Even with a 10% inhibition minimum, the detection limit 

was as low as 193 nM when exposure time was increased to 30 minutes. Similarly, increasing the 

flow rate during CPO exposure from 100 to 500 µL min-1 resulted in 10% sensor inhibition 

concentration of 324 nM CPO. While other studies have described sensors utilizing 

acetylcholinesterase for OP detection, the microformulator in conjunction with the µCA allows for 

variation in flow rates and exposure times, enabling increased experimental flexibility and 

resulting in the biorecognition of CPO by the acetylcholine sensor at concentrations as low as 193 

nM.80–83 
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Figure 4.4. Acetylcholine Sensor Response to CPF and CPO. Top, left) 100 µL min-1 for 10 

minutes Top, right) 100 µL min-1 for 30 minutes and Bottom) 500 µL min-1 for 10 minutes Insets: 

Inhibition percentage vs. [CPO or CPF] showing a logarithmic increase in inhibition with 

increasing CPO concentration, and no substantial inhibition from CPF compared to controls 

(dashed line). Graphs: Inhibition percentage vs. log[CPO or CPF] resulting in a linear relationship 

for CPO inhibition as expected for Michaelis-Menten kinetics. The 10% inhibition concentration 

decreased with increasing flow rate and treatment time, reaching as low as 193 nM at 100 µL min-

1 for 30 minutes. Experiments were performed in the µCA with acetylcholine (50 µM, 2 minutes, 

100 µL min-1) and CPO or CPF (0.5 – 40 µM) with treatments of 10 to 30 minutes at flow rates of 

100 to 500 µL min-1. Data represented as mean and SE (n = 3).  
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The regeneration of a CPO-inhibited acetylcholine sensor by 2-PAM introduces the 

opportunity for rapid quantification of CPO and other highly toxic OPs.84 At the sensor surface,  

acetylcholinesterase inhibition occurs when OP compounds bind to an active site serine, 

preventing the enzyme from cleaving acetylcholine. This bond between the OP and 

acetylcholinesterase is reversible for only a short period of time before an aging process occurs 

that renders it irreversible.85 To demonstrate this reversibility, the sensor underwent regenerative 

treatments using 2-PAM, a treatment for OP poisoning, to reactivate the acetylcholinesterase used 

in sensor creation.86,87 During these experiments, the microformulator was used to first inhibit the 

sensor using CPO (5 µM, 30 min.) before regenerating with 2-PAM (500 µM, 30 min.). The 

response of the sensor to 50 µM acetylcholine was measured after both inhibition and regeneration. 

Following CPO exposure, the signal decreased to an average of 26 ± 1% of the original signal. 

Subsequent treatment with 2-PAM resulted in regaining 78 ± 4% of the pre-inhibition signal. 

Though the regeneration percentage remained consistent, by the fifth regeneration attempt only 29 

± 7% of the original signal remained (Figure 4.5). Even so, the ability to regenerate the sensor 

after OP inhibition can substantially increase sensor reusability, decreasing both the time and cost 

associated with using this sensor as a quantification method. 

As the developed acetylcholine sensor properly functions even in the presence of high 

concentrations of CPF, it can be used to monitor acetylcholine in the eluate of a CPF-treated NVU. 

The NVU incorporates all four cell types necessary to model BBB function within a three-

dimensional, dual-chambered device.21,74 The NVU’s vascular chamber was seeded with a human 

endothelial cell line and grown to confluency, before human astrocytes, pericytes, and primary rat 

neurons were added to the neuronal chamber. Human cell lines were chosen to create the BBB for 

both ease of use compared to primary human cells and as they more closely replicate the human 
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Figure 4.5. Inhibition and Regeneration of an Acetylcholine Sensor. The acetylcholine sensor 

was inhibited by CPO and regenerated five times to assess sensor consistency in inhibition and 

regeneration magnitude. After inhibition, an average of 26 ± 1% of the previous signal remained 

(red dashed line). Following regeneration, an average of 78 ± 4% of the lost signal was regained 

(blue dashed line). This repetitive regeneration resulted in 29 ± 7% of the original signal remaining 

after the fifth cycle. 
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brain environment—as rodents have been shown to have increased BBB permeability compared 

to humans.88,89 In selecting neurons, primary neuronal cultures were chosen to ensure that their 

differentiation is representative of mammalian neurons. Specifically, cholinergic neurons were 

desired to accurately represent susceptibility to organophosphates. The primary cultures used here 

were 90% neurons and 10% microglia and determined to be 10% positive for choline 

acetyltransferase—indicating active cholinergic signaling. With all four cell types in the device, 

both chambers were equipped with microfluidic perfusion control in preparation for simulating 

acute environmental exposure to CPF. 

To test the effects of an acute dose of CPF on acetylcholine metabolism within the NVU, 

the vascular sides of the NVUs were dosed with 10 µM CPF for 24 hours and the eluate was 

periodically collected and analyzed electrochemically. In this work, four NVUs were perfused in 

parallel, with three experimental devices and one control device. When exposed to 10 µM CPF, 

the vascular eluate showed a significant increase in acetylcholine concentration (26 ± 3 µM, p-

value ≤ 0.006, Figure 4.6, top) compared to the control after two hours, which remained elevated 

through the 24-hour time point (27 ± 3 µM). This acetylcholine buildup is a hallmark of 

organophosphate poisoning and can interfere with the muscarinic, nicotinic, and central nervous 

systems—triggering the failure of essential autonomic processes such as respiration and 

circulation.  

In this same experiment, acetylcholine metabolism was also significantly dysregulated 

within the NVU neuronal chambers, despite not being treated directly with CPF. Across the BBB, 

acetylcholine levels were again significantly elevated compared to the control device after two 

hours (95 ± 10 µM, p-value ≤ 0.0006, Figure 4.6, bottom) and remained similarly elevated for  
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Figure 4.6. Electrochemical Analysis of Acetylcholine Concentration in NVU Eluate. Top) Bar 

graph indicating the change in acetylcholine concentration from control (DMSO) in vascular-side 

eluate showing elevated acetylcholine levels (26 ± 3 µM) after two hours of CPF treatment (10 µM 

CPF, p-value ≤ 0.003). Bottom) Bar graph indicating change in acetylcholine concentration in 

neuronal-side eluate showing elevated acetylcholine (95 ± 10 µM) two hours after CPF was 

administered to the vascular side (p-value ≤ 0.04 compared to control). Data are represented as the 

means and standard errors, symbols represent technical replicates, n = 6 to 9 for samples and n = 9 

to 12 for controls. Control samples were collected over 24 hours and their respective collection time 

is indicated in the control key.  
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the duration of the 24-hour experiment (100 ± 10 µM). The cholinergic neurons on the neuronal 

side of the NVU are thought to be primarily responsible for acetylcholine production, perhaps 

accounting for the greater change in acetylcholine levels compared to the vascular side. This 

increase also suggests that either CPF, its toxic metabolites, or other soluble factors were able to 

cross the BBB and interact directly with the neurons. 

In addition to the electrochemical analysis of NVU eluate, mass spectrometry was utilized 

to directly investigate the potential crossover and metabolism of 10 µM CPF on both sides of the 

BBB. Targeted MS did not detect CPF or CPO in either vascular (Figure 4.7, top plots) or neuronal 

eluate samples (Figure 4.7, bottom plots). Only one metabolite, TCP, was detected above the limit 

of quantitation and only on the vascular side. TCP was detected at ~0.05 µM on the vascular side 

after 2 hours of treatment, with this concentration increasing to ~0.19 µM after 24 hours of CPF 

treatment. Neither CPF nor any of its metabolites, toxic or otherwise, were detected with mass 

spectrometry of the neuronal eluate. These data, along with other studies showing TCP to be the 

primary urinary metabolite of CPF in both humans and rodents, suggest that the biodegradation 

and/or removal of TCP is the rate-limiting step for CPF detoxification.90,91  

While the metabolomics agree with what is typically seen in CPF degradation, the 

substantial decrease in metabolite concentrations compared to what was administered raises 

questions as to why more CPF or its metabolites were not detected. One possibility is that the 

PDMS used to fabricate the device absorbed most of the CPF before it could be metabolized. 

PDMS has been demonstrated to absorb hydrophobic small molecules—an issue as many 

microfluidic devices, including the NVU, are made of PDMS.92 To test PDMS absorption of CPF, 

a floating disk experiment was conducted and revealed that after 2 hours, 14 ± 1 % of the CPF in 

solution was lost to the PDMS.75 After 24 hours, this number increased to 67 ± 2 % (Figure 4.8).  
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Figure 4.7. Distribution of CPF and its Primary Metabolites Within the NVU. Using targeted 

mass spectrometry, CPF and its three primary metabolites were quantified in both the vascular 

(upper plots) and neuronal (lower plots) eluate media samples. These samples were obtained at 

lengthening durations of exposure to 10 µM CPF within the NVU. Eluate collected from the 

vascular side showed no CPF above the LOQ. From 2 hours on, only the inactive metabolite TCP 

was detected. Eluate collected from the neuronal chamber showed no CPF or any metabolites 

above the LOQ throughout the duration of the experiment. 
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Figure 4.8. PDMS Absorption of CPF. PDMS disks (3 mm x 6 mm) were submerged in 100 µM 

CPF with 10 mM SDS (2 mL) for 24 hours. CPF remaining in solution was monitored every hour 

by measuring the absorbance at 290 nm. To determine the concentration of CPF remaining, a 

calibration curve was made with known concentrations of CPF (25 to 100 µM) and the unknown 

concentration was determined using the equation of the best fit line. After 24 hours, only 33 ± 2% 

of the added CPF was detected. All experiments were performed in ambient conditions. Data shown 

as average and standard error, n = 3.  
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This absorption of CPF is substantial and must be considered when designing and interpreting 

experiments. However, considering the flow rate and volume of the NVU, CPF being perfused 

through the device was in contact with the NVU for less than two hours. PDMS absorption of CPF 

therefore only accounts for a small percentage of the disappearance in this case, and further work 

must be done to determine the whereabouts of the remaining CPF and metabolites. 

 

 

Conclusions 

OP exposure, common among those working with agricultural pesticides, directly and 

irreparably alters neural function if not properly treated. An enzyme sensor was developed and 

characterized following exposure to the OPs CPF and CPO, and this sensor was used to study the 

effects of CPF on acetylcholine metabolism within the NVU. The sensor was first shown to have 

similar response characteristics both with and without CPF, and as such could be used to accurately 

quantify acetylcholine in the presence of high quantities of CPF (<50 µM). The ability to quantify 

CPO through inhibition and regenerate the sensor with 2-PAM, allowing for multiple uses, was 

also shown.  

 The sensor was then applied to the analysis of eluate from an NVU exposed to 10 µM CPF 

over a period of 24 hours. Elevated concentrations of acetylcholine were detected on both the 

vascular and neuronal sides of the device—indicating substantial interaction between CPF or its 

metabolites, and the cells inside the device. Mass spectrometry of the eluate suggested that, while 

some of the CPF was metabolized down to TCP, the large majority of the 10 µM CPF was 

unaccounted for. Further exploration into the effects of PDMS on the CPF concentration in 

solution indicated that absorption of CPF into the NVU’s PDMS may be one possible explanation 

for the disappearance of some CPF. Regardless, the exposure of NVUs to 10 µM CPF caused 
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significant disturbance of acetylcholine metabolism on both sides of the BBB, providing chemical 

evidence of the substantial disruption induced by this widely used agricultural pesticide. These 

results support previous studies suggesting that organophosphates have significant neurological 

effects and strengthen the call to better understand the impact of organophosphates on human 

health and disease. Future work may couple organotypic devices with electrochemical analysis 

systems to create in-line platforms capable of the real-time detection of multiple analytes at a 

higher temporal resolution than previously attained. The application of this platform to 

toxicological testing could be used to further evaluate not only the biological effects of toxicants, 

but novel therapeutics as well. 
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Chapter V 

 

DEVELOPMENT OF A BIOSENSOR FOR THE SIMULATENEOUS DETECTION OF 

MULTIPLE NEUROTRANSMITTERS 

 

Introduction 

 Neurotransmitters comprise a group of over 100 signaling molecules involved in a variety 

of biological functions, encompassing both physical and psychological processes in humans. There 

are many different categories of neurotransmitters, from amino acids and peptides to monoamines 

and catecholamines. Depending on their binding location, the function of these neurotransmitters 

can be excitatory or inhibitory—with both types being essential for proper modulation of synaptic 

transmission.1 Excitatory neurotransmitters, like glutamate and dopamine, increase the likelihood 

of neuronal signaling and are responsible for processes ranging from learning and memory to 

motor control and emotional regulation.2,3 In contrast, inhibitory neurotransmitters decrease the 

probability of synaptic transmission. This group of neurotransmitters includes GABA and 

adenosine, the latter of which has been found to promote sleep.93 In addition to these two 

classifications, some neurotransmitters—like acetylcholine—can also serve as neuromodulators 

within the brain. Neuromodulators can alter the state of whole groups of neurons at the same time, 

modifying their response to subsequent stimuli.6 These varied functions make the ability to detect 

and quantify neurotransmitters integral to understanding the mechanisms behind many biological 

processes. 

 The development of biosensors that can monitor real-time, dynamic changes in multiple 

neurotransmitters may prove beneficial to understanding neurological disorders and their 
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treatments. For example, the dysregulation of dopamine and acetylcholine equilibrium is known 

to be in part responsible for the decreasing motor function present in the progression of Parkinson’s 

Disease.7 The quantification of neurotransmitters is made challenging due to their quick clearance 

from the extracellular space, as well as the low concentrations that are generally present.8,9 The 

most widely used techniques for detection are microdialysis and fast-scan cyclic voltammetry 

(FSCV). In microdialysis, analyte present in the brain is perfused through a semi-permeable probe 

and collected for analysis—generally with high performance liquid chromatography and mass 

spectrometry.10 Though sensitive, the temporal resolution of microdialysis can be on the order of 

minutes. FSCV has a high temporal resolution but is challenged by the presence of many chemical 

species with similar oxidation potentials, while some neurotransmitters are either not 

electrochemically active or require high potentials.11 To measure these species, enzyme-based 

electrochemical sensors have been developed that provide more sensitive and specific detection. 

 The development and application of enzymatic biosensors to the study of 

neurotransmission can provide a low cost but selective method for monitoring multiple 

neurotransmitters of interest. To this end, enzymatic sensors for the detection of glutamate, 

acetylcholine, adenosine, and dopamine have previously been demonstrated.12–15 One of the main 

drawbacks to enzymatic detection is the generally lower stability these sensors have relative to 

other detection methods. Some biosensors, like the one presented here, can be used within 

microfluidic systems—allowing for frequent calibration while also simplifying sample analysis 

and increasing throughput.17 Additionally, the use of an SPE with eight working electrodes 

provides the ability to analyze multiple neurotransmitters simultaneously with replicates if desired. 

This system can then be used to study the complex interactions between neurotransmitters.  



65 

 

 The pesticide chlorpyrifos (CPF) is mainly known for its irreversible inhibition of 

acetylcholinesterase, with the subsequent buildup in acetylcholine thought to be a factor in the 

development of neurological disorders following CPF exposure.62 Some studies, however, have 

shown that CPF may also dysregulate glutamatergic neurotransmission resulting in an increase in 

released glutamate.94,95 An excess of extracellular glutamate triggers excitotoxicity, a process that 

has been associated with a variety of neurodegenerative diseases—such as Alzheimer’s disease.96 

During typical neurotransmission, glutamate released into the neuronal synapse is taken back up 

by the surrounding glial cells, mainly astrocytes and pericytes, where it is converted into glutamine 

and transported back into the presynaptic neurons.97 The dysregulation of this glutamate uptake 

mechanism could be responsible for the excitotoxic effects seen following neuronal exposure to 

CPF.  

In this work, the development of a sensor for the simultaneous detection of multiple 

neurotransmitters—glutamate, acetylcholine, adenosine, and dopamine—on the 8-channel 

electrode (Figure 5.1) is presented. Both the adenosine and dopamine enzyme sensors were 

modified from previous works to function in the µCA system. Additionally, the enzyme ratio for 

the adenosine sensor was optimized for sensitivity and detection limits. The ability of an m-

phenylenediamine (mPD) layer to block interference from ascorbic acid and dopamine was 

investigated, and the concentration and deposition time was optimized. The detection parameters 

of each enzyme sensor were determined, along with the stability of each neurotransmitter sensor 

over time. The capability to detect all four neurotransmitters simultaneously was demonstrated, as 

well as the ability to adjust the response of the enzyme sensors due to dopamine interference. 

Lastly, the sensor was used to investigate the effects of CPF and DL-threo-β-benzyloxyaspartic 

acid on glutamate uptake in human induced pluripotent stem cell-derived astrocytes. 
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Figure 5.1. Drawings of the 8-Channel Electrode, Microfluidic, and Housing. Top) The 8-

channel screen-printed electrode (left) has individual counter and reference electrodes along with 

eight working electrodes. The microfluidic (right) has an inlet and outlet connected by channels 

that cover the electrodes. Bottom) The device is assembled by placing the fluidic on top of the 

electrode and held together with two plates that are tightened with screws. 

 



67 

 

Experimental 

Materials 

 Tyrosinase from mushroom, adenosine deaminase from calf intestine, nucleoside 

phosphorylase, xanthine oxidase from bovine milk, glutamate oxidase from Streptomyces, choline 

oxidase from Alcaligenes, acetylcholinesterase from Electrophorus electricus, adenosine, 

glutamic acid, acetylcholine chloride, chlorpyrifos, and m-phenylenediamine were purchased from 

MilliporeSigma (Burlington, MA). Phosphate buffer solution (pH 7), potassium chloride, Hanks’ 

Balanced Salt Solution (with calcium and magnesium, no phenol red), 3-hydroxytyramine, and 

DL-threo-β-benzyloxyaspartic acid were purchased from Fisher Scientific (Waltham, MA). 24 

well plates were purchased from Corning (Corning, NY). SPEs were designed in house and 

purchased from Pine Research (Durham, NC). Tygon tubing was purchased from Cole Parmer 

(Vernon Hills, IL). The rotary planar peristaltic micropumps, valves, microclinical analyzers, 

microcontrollers, and computer software were designed by and purchased from the Vanderbilt 

Microfabrication Core/Vanderbilt Institute of Integrative Biosystems Research and Education 

(Nashville, TN). The CHI 1440 potentiostat was purchased from CH Instruments (Austin, TX).  

 

Modifying Sensors with m-Phenylenediamine, Pyrrole, and Nafion 

 Working electrodes were submerged in an m-phenylenediamine (mPD) solution and a 

constant potential of 0.745 V vs. a Ag/AgCl reference was applied to deposit the mPD on the 

electrode surface. Multiple concentrations (5 and 30 mM) and deposition times (15 and 45 

minutes) were used to determine the best combination for blocking ascorbic acid and dopamine. 

Pyrrole was deposited by submerging working electrodes in a 200 mM pyrrole solution and 

applying a constant potential of 0.8 V vs. Ag/AgCl for 300 seconds. Following this, the sensor was 

submerged in phosphate buffer solution and held again at 0.8 V vs. Ag/AgCl for 6 hours before 
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use. Nafion was applied to blank working electrodes by drop casting 0.5 µL and allowed to dry for 

one hour. To test the ability of each method to mitigate interference, the sensors were calibrated 

using 10, 20, 30, and 40 µM H2O2, ascorbic acid, and dopamine. The slope of each calibration was 

found, and the selectivity coefficient was calculated for each deposition method for both 

interferents by dividing the slope of either the ascorbic acid or dopamine calibration by the slope 

of the H2O2 calibration and multiplying by 100. 

 

m-Phenylenediamine Stability 

 Because the mPD is responsible for mitigating interference from easily oxidized 

compounds like dopamine and ascorbic acid, it is important to understand how the function of the 

mPD layer changes over time. This was accomplished using the same protocol as was used for 

testing the different mPD deposition concentrations and times. Selectivity coefficients were 

calculated using slopes from calibrations of 10 to 40 µM H2O2, ascorbic acid, and dopamine. In 

the subsequent days, calibrants were run again and the calculated selectivity coefficients were 

compared to the time zero values to determine how the selectivity of the mPD film to ascorbic acid 

and dopamine changed. All p-values, unless otherwise specified, were calculated by performing a 

t-test assuming unequal variances. 

 

Optimization of Adenosine Sensor 

 Optimization of the adenosine sensor was accomplished by changing the unit ratios of the 

three enzymes used in sensor creation and performing a calibration to determine how the detection 

parameters were impacted. Three ratios of ADA:NP:XO were tested: 2:1:1, 1:1:2, and 1:1:1. The 

amount of glutaraldehyde used to crosslink each solution was adjusted based on the volume of XO 
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and the total volume of solution. A different crosslinker, polyethylene glycol diglycidyl ether, was 

also tested with the 1:1:1 enzyme ratio, with 0.525 µL added to the enzyme solution. To test each 

enzyme ratio, a calibration was run from 1 µM to 200 µM adenosine, and from this the limits of 

detection and quantitation (LOD and LOQ), sensitivity, and linear range were calculated and 

compared for each ratio. 

 

Fabrication of Enzyme Sensors 

Creation of enzyme sensors was accomplished by depositing enzyme solutions for 

glutamate, acetylcholine, adenosine, and dopamine onto the 8-channel SPE with two working 

electrodes per analyte. All enzymes, unless otherwise specified, were dissolved in a 2 mM buffer 

solution at pH 7 with 800 mg/mL bovine serum albumin (BSA). All enzymes were stored at -18 

°C until use, except adenosine deaminase which was stored at 2 °C.  

Glutamate and Acetylcholine Sensors 

 Glutamate and acetylcholine sensors were made as before, with minor alterations.12,13 

Each enzyme was dissolved separately (10 mg/mL) in BSA solution. Glutamate oxidase (5 

units/mg) was vortexed with glutaraldehyde (1% by volume) and drop cast onto working 

electrodes (0.5 µL). Working electrodes were made to be selective for acetylcholine using 

acetylcholinesterase (137 units/mg) and choline oxidase (15 units/mg). These enzymes were 

combined equally (v/v) and mixed with glutaraldehyde (2% final concentration, v/v), before being 

vortexed and drop cast (0.5 µL) onto each working electrode.  

Dopamine Sensor 

Working electrodes were made to be dopamine sensitive using the tyrosinase enzyme, as 

has been shown with other electrochemical sensors.14 Tyrosinase (7164 units/mg) was dissolved 
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in the BSA solution to a concentration of 10 mg/mL, vortexed with glutaraldehyde (1% by 

volume), and drop cast (0.5 µL) onto each working electrode. 

Adenosine Sensor 

Creation of adenosine sensitive electrodes required a solution of 3 enzymes: adenosine 

deaminase, nucleoside phosphorylase, and xanthine oxidase.15 Of a number of ratios, a 1:1:1 unit 

ratio of the three enzymes was found to create the best performing sensor. Both the nucleoside 

phosphorylase (NP, 0.1 units/µL) and adenosine deaminase (ADA, 1 unit/µL) were used as 

delivered. Xanthine oxidase (XO) was dissolved in BSA to a concentration of 0.1 units/µL. To 

create the enzyme solution, 5 µL of NP and XO were mixed with 0.5 µL of ADA. As there is less 

BSA available for crosslinking than for the other enzyme sensors (5 µL out of 10.5 µL total), 

slightly more glutaraldehyde (0.22 µL) was added to the 10.5 µL solution before vortexing and 

drop casting 0.5 µL onto the electrode surface. 

 

Characterization of Enzyme Sensors 

The limits of detection (LOD) and quantitation (LOQ), linear range, and sensitivity for all 

four enzyme sensors were determined using the microformulator pump and valve system. 

Calibrations were performed by monitoring the current generated by calibrants (5 µM to 1 mM 

glutamate, 1 µM to 2 mM acetylcholine, 1 µM to 200 µM adenosine, and 1 µM to 400 µM 

dopamine) in buffer [phosphate buffer solution (50 mM potassium monobasic-sodium buffer, pH 

7, Fisher) diluted to 2 mM, plus 120 mM KCl] using a CHI 1440 potentiostat held at 0.6 V vs. 

Ag/AgCl for glutamate, acetylcholine, and adenosine sensors and -0.2 V vs. Ag/AgCl for the 

dopamine sensor. For glutamate, acetylcholine, and adenosine, calibrations were performed on 

enzyme-coated electrodes with mPD deposited on the surface before adding enzymes. Calibrants 
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were sampled using the microformulator at 100 µL min-1 for 2 minutes per calibrant. Linear 

regressions were performed on the linear ranges of the calibration data. The resulting slopes 

provided the sensitivity of the electrodes to each analyte. The LODs were calculated by 

multiplying the error of the blank by three and dividing by the slope. The equation for calculating 

the LOQ is the same, except the error of the blank is multiplied by ten instead of three. After use, 

sensors were stored in buffer solution in low light until needed. 

 

Neurotransmitter Sensor Stability 

The stability of each sensor was determined by monitoring their sensitivities over a ten-

hour period. Calibrants were made for glutamate (25 to 100 µM), acetylcholine (25 to 100 µM), 

adenosine (5 to 25 µM), and dopamine (10 to 25 µM). The sensitivity of each sensor was calculated 

every hour and compared to the original sensitivity to determine the change over time. Calibrants 

were run at 100 µL min-1 for two minutes each with buffer solution in between. Following each 

calibration, buffer solution was run continuously until the next calibration. 

 

Interference Between Neurotransmitter Sensors 

 Sequential calibrations of the individual neurotransmitters were performed and monitored 

on all four sensors to investigate the specificity of each sensor. Calibrant solutions were made for 

glutamate (25 to 100 µM), acetylcholine (25 to 100 µM), adenosine (5 to 20 µM), and dopamine 

(10 to 40 µM). In preparing the sensor, mPD was electrodeposited onto glutamate, acetylcholine, 

and adenosine sensors. Calibrants were run at 100 µL min-1 for two minutes each with buffer 

solution in between to set the baseline. 
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Correction for Dopamine Interference 

 While high concentrations of dopamine can interfere with the other neurotransmitter 

sensors, the inclusion of a dopamine sensor allows for the correction of this interference. The 8-

channel electrode was calibrated with separate calibrant solutions of glutamate (50 to 250 µM) and 

dopamine (10 to 30 µM). Three solutions were also made containing known quantities of glutamate 

and dopamine: Sample 1 (125 µM glutamate and 30 µM dopamine), Sample 2 (175 µM glutamate 

and 20 µM dopamine), and Sample 3 (225 µM glutamate and 10 µM dopamine). The electrode 

was calibrated, and the samples were analyzed. The response that the dopamine calibrants 

generated on the glutamate sensor were used to quantify how much of the sample current was due 

to dopamine interference. The current determined to be due to dopamine for each sample was then 

subtracted from the total sample currents. Following this subtraction, the corrected currents were 

used with the glutamate calibration to calculate the glutamate concentrations. These concentrations 

were the compared to the known concentrations to determine the viability of current subtraction 

as a method for correcting dopamine interference. 

 

CPF Treatment of Astrocytes 

 For this study, astrocytes were differentiated from human induced pluripotent stem cell 

lines derived from one patient, CE3, similar to previously published works.44 Following 

differentiation, astrocytes were harvested and replated onto 24 well plates and grown to confluency 

before testing. Stock solutions of 1 mM CPF in DMSO, 15 mM glutamate in HBSS, and 50 mM 

DL-threo-β-benzyloxyaspartic acid (TBOA) were prepared and used to treat the cells. Before 

beginning treatment, astrocytes were washed with HBSS following the removal of astrocyte 

medium. After washing, cells were incubated in 0.5 mL of either HBSS (9 wells), HBSS + 10 CPF 
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(9 wells), or HBSS + 100 µM TBOA (3 wells) for 90 minutes at 37 °C. Following this incubation, 

an additional 250 µL was added to each well to perform the glutamate uptake portion of the 

experiment. Three HBSS only wells received an additional 250 µL of HBSS. The other 6 HBSS 

only wells received 250 µL of HBSS + 600 µM glutamate, resulting in a final concentration of 200 

µM glutamate. Similarly, 3 HBSS + CPF wells received 250 µL of HBSS + CPF, while the other 

6 were treated with 250 µL of HBSS + CPF + 600 µM glutamate. The 3 wells incubated with 

TBOA received and addition 250 µL of HBSS + TBOA + 600 µM glutamate. Following an 

additional 30 minutes of incubation, 650 µL was collected from each well and stored at -2 °C 

before analysis of glutamate uptake. This procedure was repeated in a 24 well plate without cells, 

to serve as a control for any interactions that may take place between the treatments and the plate. 

 

Analysis of Glutamate Uptake 

 The 8-channel SPE along with the microformulator pump and valve system were used to 

analyze the collected samples for glutamate. Two working electrodes on the 8-channel SPE were 

coated with a BSA solution for interference analysis, with glutamate oxidase deposited on the other 

6. The 30 total samples were run in two sets: 9 control samples with 6 cell samples, followed by 

the other 15 samples from the cell-coated well plate. Calibrants (25, 50, 100, and 200 µM in HBSS) 

were run before each sample set. Both calibrants and samples were run by the microformulator for 

two minutes each, with two minutes of HBSS in between to set a baseline. Calibrants and samples 

were analyzed amperometrically, with all 8 working electrodes held at 0.6 V vs. Ag/AgCl. 

Calibration curves were created from the collected data for each electrode, and from these the 

concentration of glutamate present in the samples was determined. All uptake values were 

calculated based on the treatment concentrations determined from the controls. 
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Results and Discussion 

 One of the main challenges in developing an electrode array to detect multiple 

neurotransmitters simultaneously is making each electrode specific for the analyte of interest. 

Having one electrode sensitive to multiple analytes can lead to challenges in quantification. The 

electrode array presented here functions through the oxidation of H2O2 for the detection of 

glutamate, acetylcholine, and adenosine—occurring at 0.6 V vs. Ag/AgCl. These three sensors 

utilize oxidase enzymes to generate H2O2, which can be oxidized and is proportional to analyte 

concentration. The other neurotransmitter of interest, dopamine, is easily oxidized at 0.6 V and its 

presence can cause substantial current response on the electrodes that have been modified to detect 

the other neurotransmitters.  

To mitigate this interference, a layer of m-phenylenediamine (mPD) was deposited on the 

other neurotransmitter (glutamate, acetylcholine, and adenosine) electrodes to block larger 

compounds like dopamine and ascorbic acid while still allowing the passage of the smaller H2O2. 

Previous studies have investigated the use of permselective films like mPD to mitigate interference 

from compounds like dopamine and ascorbic acid, though not in microfluidic systems.47,98,99 Here, 

multiple mPD deposition protocols were used with varying deposition times and concentrations. 

An overoxidized polypyrrole deposition was also investigated, as it has been shown previously to 

successfully mitigate dopamine interference.99 For comparison, Nafion—a polymer sometimes 

used to block ascorbic acid interference—and a blank electrode were also tested. Selectivity 

coefficients were calculated by dividing the sensors sensitivity to either dopamine or ascorbic acid 

by the sensitivity to H2O2 and multiplying by 100. A smaller number is therefore indicative of 

selectivity towards H2O2 and a mitigation of interference. Sensitivities for each analyte and 

calculated selectivity coefficients are presented in Table 5.1.  
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Deposition Sensitivity (nA µM-1 mm-2) Selectivity Coefficients 

 H2O2 Ascorbic Acid Dopamine 
Ascorbic 

Acid 
Dopamine 

30 mM mPD 

45 minutes 
1.2 ± 0.1 0.09 ± 0.01 0.12 ± 0.01 7 ± 1 10 ± 1 

30 mM mPD 

15 minutes 
0.84 ± 0.04 0.09 ± 0.03 0.22 ± 0.02 11 ± 2 26 ± 1 

5 mM mPD 

45 minutes 
1.7 ± 0.5 0.09 ± 0.03 0.17 ± 0.03 7 ± 1 12 ± 2 

5 mM mPD 

15 minutes 
4.2 ± 0.1 0.34 ± 0.08 0.43 ± 0.08 8 ± 2 9 ± 1 

Pyrrole 0.4 ± 0.1 0.08 ± 0.02 0.5 ± 0.2 18 ± 2 123 ± 23 

Nafion 2.9 ± 0.9 0.3 ± 0.2 3.5 ± 0.8 15 ± 9 121 ± 7 

Blank 4.4 ± 0.1 3.1 ± 0.1 3.9 ± 0.1 71 ± 2 89 ± 2 

Table 5.1. Testing mPD Deposition Times and Concentrations. The effectiveness of mPD, 

deposited with different concentrations and deposition times, and pyrrole layers were studied and 

compared to Nafion-coated and blank electrodes. The sensitivities of each electrode to H2O2, 

ascorbic acid, and dopamine were found, and these values were used to determine the selectivity 

coefficients for each deposition method. Overall, the 5mM mPD, 15-minute deposition was chosen 

as it maintained H2O2 sensitivity most similar to the blank electrode, while still blocking ascorbic 

acid and dopamine as well as higher mPD concentrations and deposition times. 

 

While the Nafion film successfully blocked some ascorbic acid interference, it was not 

useful in mitigating dopamine interference. The pyrrole coating did decrease interference from 

ascorbic acid and dopamine compared to the blank, but also blocked H2O2 from reaching the 

electrode surface, diminishing the effectiveness of the sensor. All four mPD deposition protocols 

significantly decreased the selectivity coefficients of ascorbic acid and dopamine compared to the 

blank electrode. Increasing deposition time and mPD concentration had minimal effect on the 

selectivity coefficients of ascorbic acid or dopamine. There was, however, a substantial decrease 

in the sensitivity of the electrode to H2O2 with increasing deposition time and concentration, 

decreasing from 4.2 ± 0.1 nA µM-1 mm-2 at 5 mM mPD for 15 minutes, to 1.2 ± 0.1 nA µM-1 mm-

2 at 30 mM mPD for 45 minutes. Because the glutamate, acetylcholine, and adenosine sensors 
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function through oxidation of H2O2, it is important to retain as much sensitivity to H2O2 as possible 

while still blocking interferents. Due to this, the deposition protocol of 5 mM mPD for 15 minutes 

was chosen as the optimal procedure and was used for all experiments with mPD. 

To further characterize the usefulness of the mPD-modified sensor, the longevity of the 

mPD layer was analyzed to determine for how long the sensor was able to maintain its ability to 

mitigate interference from ascorbic acid and dopamine. Following mPD deposition, selectivity 

coefficients calculated for ascorbic acid and dopamine were low—5 ± 1 and 10 ± 1, respectively 

(Figure 5.2). The sensor was tested again 24 hours after mPD deposition, and though the ascorbic 

acid selectivity coefficient did not change significantly (p ≤ 0.53), the selectivity coefficient for 

dopamine increased from 10 ± 1 to 39 ± 3 (p ≤ 0.0002). From there, the selectivity coefficients for 

both ascorbic acid and dopamine increased each day—reaching 76 ± 2 and 143 ± 4, respectively, 

after a week. Using the calibrations to calculate LODs provides another way to quantify how well 

the mPD film is blocking the interferents. Immediately following mPD deposition the LOD of 

dopamine was calculated to be 6 ± 1 µM, significantly greater than the 0.7 ± 0.2 µM LOD of the 

blank (p ≤ 0.008). As concentrations of dopamine as high a 6 µM are rare within biological 

samples, the mPD film blocked most if not all the interference that could be expected from 

dopamine on the other enzyme sensors. The LOD dropped every day following, and at day 7 was 

0.6 ± 0.1 µM—no different from the blank (p ≤ 0.57). A similar pattern was seen for ascorbic acid, 

with the LOD falling from 11 ± 2 µM to 1.1 ± 0.3 µM after a week. Due to the decreasing 

performance of the mPD layer over time, experiments utilizing mPD for dopamine mitigation were 

done as soon after deposition as possible. 
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Figure 5.2. Stability of mPD Layer Over One Week. The ability of the mPD layer to exclude 

ascorbic acid and dopamine was tested immediately after deposition and for the following 

week. Calibrations of the sensor with H2O2, ascorbic acid, and dopamine were done, and the 

ratio of the slopes was used to calculate the selectivity coefficients. After 24 hours, there was 

no significant difference in the selectivity coefficients for ascorbic acid (p ≤ 0.15). The 

selectivity coefficient for dopamine increased significantly after 24 hours, indicating the mPD 

layer was no longer effectively blocking dopamine from the sensor surface (p ≤ 0.003). After 

24 hours, both dopamine and ascorbic acid selectivity coefficients substantially increased each 

day. Due to this, any experiments utilizing mPD were performed soon after deposition. 
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Following mPD characterization, each individual neurotransmitter sensor was studied for 

sensitivity, limit of detection and quantitation (LOD and LOQ), linear range, Vmax, and Km to assist 

in determining the biological relevance of each sensor (Figure 5.3). Sensor parameters are reported 

for the four neurotransmitter sensors in Table 5.2. All four sensors had LODs between one and 

two micromolar, with LOQs ranging from 3.7 ± 0.3 µM in the case of glutamate to 6 ± 1 µM for 

dopamine. The relevance of these values is dependent upon the neurotransmitter in question. 

Biological concentrations of glutamate can range from the low single digit micromolar to hundreds 

of micromolar under conditions of stress. The linear range of the glutamate sensor, 4 to 300 µM, 

is well suited to studying this range of concentrations and can therefore be used to investigate 

many of the biological processes that alter glutamate concentration. The linear range for the 

acetylcholine sensor was similarly wide (4 to 100 µM) and may be used to quantify large increases 

in acetylcholine concentration such as those seen following exposure to acetylcholinesterase 

inhibitors like CPF. Though resting concentrations of extracellular adenosine range from 30 to 300 

nM, concentrations can reach as high 50 µM following ischemia.100 While the adenosine sensor 

cannot monitor basal adenosine levels in its present form, the sensor could prove useful for 

monitoring the mechanisms of an ischemic event. Similarly, cellular release of dopamine generally 

only results in nanomolar concentrations of extracellular dopamine, though dopamine has been 

used clinically to treat conditions of shock and as a blood pressure regulator.101,102 The enzymatic 

dopamine sensor presented here, with a linear range of 6 to 30 µM, is directly applicable to 

analyzing systems treated with higher concentrations of dopamine. 
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Figure 5.3. Representative Calibrations of Neurotransmitter Sensors on the 8-Channel 

Electrode.  Following mPD and enzyme deposition, the neurotransmitter sensor was calibrated 

individually with all four analytes for the determination of characteristics including linear range, 

LOD and LOQ, sensitivity, Vmax, and Km. 
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Sensor Glutamate Acetylcholine Adenosine Dopamine 

Sensitivity 

(nA µM-1 mm2) 
0.13 ± 0.01 0.5 ± 0.1 0.64 ± 0.03 8 ± 1 

LOD (µM) 1.1 ± 0.1 1.2 ± 0.3 0.3 ± 0.1 1.9 ± 0.3 

LOQ (µM) 3.7 ± 0.3 4 ± 1 0.9 ± 0.2 6 ± 1 

Linear 

Range (µM) 
4 - 300 4 - 100 1 - 40 6 - 30 

Vmax (pmol s-1) 2.6 ± 0.1 1.8 ± 0.1 0.56 ± 0.04 2.5 ± 0.1 

Km 2.5 ± 0.2 mM 307 ± 4 µM 90 ± 4 µM 29 ± 1 µM 

Table 5.2. Characteristics of Neurotransmitter Enzyme Sensors. Calibrations were performed 

individually for all four neurotransmitter sensors, with the glutamate, acetylcholine, and adenosine 

electrodes having been coated with mPD first. From these calibrations the sensitivity, LOD, LOQ, 

linear range, Vmax, and Km were found for each neurotransmitter sensor. 

 

In characterizing the adenosine sensor, the ratios of the three different enzymes were 

adjusted to determine which ratio provides the best sensor performance. The enzymatic mechanism 

of the adenosine sensor begins with ADA deaminating adenosine to make inosine. Inosine is then 

cleaved by nucleoside phosphorylase, and the resulting hypoxanthine can be oxidized by xanthine 

oxidase—resulting in the production of H2O2. This H2O2 can then be oxidized at 0.6 V vs. 

Ag/AgCl. Three different enzyme ratios were tested, and the detection parameters for each ratio 

were calculated (Table 5.3). Doubling the unit concentration of ADA relative to the other enzymes 

resulted in a lower sensitivity and linear range than the other two ratios, with the sensor losing 

over 70% of its response over 10 hours. While the other two ratios tested provided similar 

sensitivities, LODs, and LOQs, the 1:1:1 enzyme ratio provided a linear range larger than the 1:1:2 

ratio while also retaining 86% of its response over a 10-hour period. Because of this, the 1:1:1 

enzyme ratio was used in all experiments where the adenosine sensor was used. 
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Enzyme Ratio (ADA:NP:XO) 2:1:1 (n = 1) 1:1:1 (n = 2) 1:1:2 (n = 1) 

Sensitivity (nA µM-1 mm-2) 0.29 0.64 ± 0.03 0.65 

LOD (µM) 0.2 0.3 ± 0.1 0.3 

LOQ (µM) 0.7 0.9 ± 0.2 1.0 

Linear Range (µM) 1 - 25 1 - 40 1 - 30 

Signal After 10 Hours (%) 29% 86% 61% 

Volume of XO [(Total Volume), µL] 5 (12) 5 (10.5) 10 (15.5) 

Glutaraldehyde Added (µL) 0.24 0.21 0.16 

Table 5.3. Optimization of Adenosine Detection Parameters. Multiple ratios of the three 

enzymes making up the adenosine sensor were tested to determine which ratio provided the most 

effective sensor. Calibrations were run from 1 to 200 µM adenosine and from these the LOD, 

LOQ, sensitivity, stability, and linear range were found for each ratio. Overall, the 1:1:1 ratio 

provided the best detection parameters while also retaining most of its sensitivity over 10 hours. 

 

Following sensor characterization, the stability of each enzyme sensor was studied over a 

period of 10 hours. One drawback to enzymatic sensors is their tendency to lose responsiveness 

over relatively short periods of time, necessitating frequent calibration and complicating 

quantitative measurements. The enzyme sensors remained relatively stable over 10 hours, with the 

best performing sensor—glutamate—retaining 97% of its response (Figure 5.4). The dopamine 

sensor lost the most sensitivity, measuring at 68% of the original response at the end of the 

experiment. The acetylcholine and adenosine sensors maintained 90 ± 1% and 86 ± 1% of their 

signal, respectively. While methods other than enzymatic detection may provide greater stability, 

the relatively low cost and ease-of-use make enzyme sensors an attractive technique for many 

experiments. These sensors, incorporated with the microformulator pump and valve system, 

constitute a system that can be automated to calibrate and analyze biological samples. 

While the mPD layer utilized here can block up to 6 µM dopamine under optimal 

conditions, high concentrations of dopamine may still generate a current response on the 

glutamate, acetylcholine, and adenosine sensors. To assess the response of high dopamine  
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Figure 5.4. Stability of Neurotransmitter Sensors. The stability of all four neurotransmitter 

sensors was tested over a period of 10 hours. Calibrations were performed every hour, with the 

sensitivity of each sensor compared to its sensitivity at time 0 to determine how sensor 

performance was affected. The glutamate sensor performed the best, retaining 97 ± 2% of its 

sensitivity after 10 hours. The dopamine sensor performed the worst, with 68 ± 1% of the original 

sensitivity remaining. Acetylcholine and adenosine maintained 90 ± 1% and 86 ± 1% of their 

signal, respectively. 
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concentrations on the other sensors, individual calibrant sets containing only one neurotransmitter 

were run consecutively over an SPE modified to detect all four neurotransmitters. All four sensors 

were specific for their analytes of interest, except for the dopamine calibrants (Figure 5.5). The 

dopamine calibrants generated a significant current response on all four sensors, as even with the 

mPD layer, some dopamine reached the electrode surface and oxidized at 0.6 V vs. Ag/AgCl. If 

dopamine is present in high concentrations with other neurotransmitters of interest, quantification 

based on current response could become an issue as the current generated by dopamine would lead 

to an overestimation of the other neurotransmitter concentrations. 

 The inclusion of a dopamine sensor on the SPE provides a way not only to monitor the 

concentration of dopamine, but also to correct the other neurotransmitter sensors if high 

concentrations of dopamine are present. To demonstrate this, the multi-neurotransmitter sensor 

was calibrated with both glutamate and dopamine calibrants (Figure 5.6). Separate solutions were 

made containing known concentrations of both glutamate and dopamine, simulating samples that 

could be collected and analyzed from a biological experiment. The dopamine calibration was used 

to determine the amount of current that the dopamine in the samples generated on the glutamate 

electrode. The current determined to be generated by dopamine can then be subtracted from the 

overall current generated on the glutamate electrode, leaving only the current generated by 

glutamate. For example, after correcting for the dopamine current in Sample 2, the sample current 

response was only 1 nA different than what the glutamate calibration indicated as 175 µM 

glutamate. This not only demonstrates the use of the dopamine sensor as a method for quantifying 

high quantities of dopamine, but also its use in providing more accurate analysis of biological 

samples containing dopamine. 
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Figure 5.5. Individual Calibrations of the Neurotransmitter Sensors. An 8-channel 

electrode with all four neurotransmitter enzyme films deposited was calibrated with each 

analyte individually. Glutamate, acetylcholine, and adenosine calibrants produced little 

response on electrodes that were not their specific enzyme electrode. Dopamine however 

produced a response on all 4 electrodes, including those with an mPD layer. 
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Figure 5.6. Dopamine Interference and Correction. Though mPD blocks much of the 

interference from dopamine, it does not block 100%. Here, samples were run over a glutamate 

sensor in which the concentrations of glutamate and dopamine were known. After calibrating 

with glutamate and dopamine it was shown that the sample current values can be corrected by 

subtracting the current generated by the dopamine to give accurate values for the analyte of 

interest. 
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Chlorpyrifos is a widely used organophosphate pesticide, well known for its ability to 

inhibit acetylcholinesterase in the brain. In addition to acetylcholinesterase inhibition, CPF has 

also been demonstrated to dysregulate the release of glutamate from glutamatergic neurons, which 

under that right circumstances may lead to excitotoxic quantities of glutamate in the brain.94,95 

Astrocytes are a type of glial cell that take up substantial amounts of glutamate from the 

extracellular space through their excitatory amino acid transporters. Uncovering the effects CPF 

on glutamate uptake in astrocytes is essential in understanding the overall impact that CPF may 

have on neuronal glutamate metabolism. Here, astrocytes were treated for 90 minutes with CPF or 

TBOA, a glutamate uptake inhibitor, followed by a 30 minute 200 µM glutamate treatment to 

assess the effects of CPF and TBOA on the ability of astrocytes to take up glutamate compared to 

the control treatment (HBSS only). Samples collected from wells not treated with CPF measured 

at 69 ± 1 µM, as cells took up 98 ± 1 nmoles (65 ± 1%, Figure 5.7). Uptake increased significantly 

(p ≤ 0.004) for those treated with CPF for 90 minutes, as these samples measured at 62 µM with a 

total uptake of 103 ± 1 nmoles (69 ± 1%). TBOA treatment—previously demonstrated to inhibit 

glutamate uptake—significantly decreased glutamate uptake (p ≤ 1e-6) with collected samples 

measuring at 98 µM with a total uptake of 76 ± 1 nmoles (51 ± 1%).103 These data indicate that 

CPF may have a substantial impact on glutamate metabolism within the brain. Future work in this 

area could include dose or time response experiments, as well as testing the effects of the more 

toxic metabolite CPO. The study of CPF/CPO effects on human neuronal glutamate release or 

neuron/astrocyte co-cultures could further increase understanding of OP impacts on overall 

glutamate metabolism. 
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Figure 5.7. Glutamate Uptake by CE3 Astrocytes Treated with CPF or TBOA. The uptake of 

200 µM glutamate was investigated in astrocytes that had been exposed to CPF or TBOA for 90 

minutes and compared to those that had not. Astrocytes not treated with CPF measured at 69 ± 1 

µM glutamate, as cells took up 98 ± 1 nmoles (65 ± 1%). Uptake increased significantly (p ≤ 

0.004) for astrocytes treated with CPF for 90 minutes, as these samples measured at 62 µM ± 1 

glutamate with a total uptake of 103 ± 1 nmoles (69 ± 1%). Astrocytes treated with TBOA, a 

glutamate uptake inhibitor, took up significantly less glutamate (p ≤ 1e-6) than the control 

astrocytes. Samples from TBOA-treated astrocytes measured at 98 ± 1 µM, an uptake of only 76 

± 1 nmoles (51 ± 1%). All uptake values were calculated based on the control samples for that 

treatment. All p-values were calculated by performing a t-test assuming unequal variance. 



88 

 

Conclusions 

 In this work, an 8-channel SPE was modified with four different enzyme solutions and 

used to simultaneously detect glutamate, acetylcholine, adenosine, and dopamine. Each enzyme 

sensor was individually characterized, with all sensors displaying low limits of detection and linear 

ranges wide enough for application to a variety of biological systems. Layers of mPD deposited 

on the enzyme sensors, excluding dopamine, showed a significant mitigation of interference from 

both dopamine and ascorbic acid—with its efficacy decreasing in subsequent days. Despite this, 

subtraction of currents generated by dopamine on other sensors was shown to be a feasible method 

for correcting currents from biological samples containing high dopamine concentrations. Lastly, 

the ability of CE3 astrocytes to uptake glutamate was investigated. Following exposure to 10 µM 

CPF, uptake increased significantly compared to those not treated with CPF. In contrast, TBOA—

an EAAT inhibitor known to disrupt glutamate uptake—significantly decreased the amount of 

glutamate taken up by astrocytes following exposure. This multi-neurotransmitter SPE, coupled 

with the microformulator system, may in the future be used to simultaneously monitor the complex 

interactions between neurotransmitters within a biological system. 
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Chapter VI 

 

MODELING DOWNSTREAM ELECTROCHEMICAL ANALYSIS OF AN ORGAN-ON-A-

CHIP SYSTEM 

 

Introduction 

An organ-on-a-chip (OoC) is a microfluidic, in vitro cell culture system that aims to 

reproduce the dynamic physical and functional features of entire organs and tissues. OoCs have 

been developed for a variety of human organs including the lung, heart, liver, and kidney—with 

some models even comprised of multiple organs.20,39,104–106 These systems play an important role 

in the development of novel drugs and the assessment of drug and chemical toxicity. While animal 

models can capture many complex processes related to drug and toxicant exposure, differences 

between species means that sometimes these models are not fully representative of human 

physiology.107 A variety of cells can be cultured within an OoC, from primary cells to 

differentiated stem cells, providing a tissue specific microenvironment that may more accurately 

represent human response than many animal models.108 As OoCs are microfluidic, they are well 

suited to the application of in situ or in-line analysis techniques that can provide high resolution 

data on changes occurring within the OoC microenvironment.109 As such, a significant effort has 

been put towards developing chemical sensors and analytical methods that can be integrated within 

and downstream of OoCs.  

The integration of analysis systems that can provide a high temporal resolution for an 

extended period is essential to reaching the full potential of OoCs. Two main methods of analysis 

will be discussed in this work: in situ and in line. In situ analysis is performed directly within the 
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area of interest. One early example of an instrument performing in situ detection is the multianalyte 

microphysiometer (MAMP). The MAMP achieved real-time electrochemical analysis through the 

enzymatic modification of a sensor head that could be placed within a microfluidic chamber 

containing a cell-coated transwell.110,111 More recently, techniques for implementing in situ 

electrodes within OoCs have been developed. One platform, for example, was designed with the 

ability to plug in enzymatically modified electrodes along the microfluidic culture chamber—

allowing for flexibility in analyte detection.27 While platforms utilizing in situ detection provide a 

high spatial and temporal resolution, their designs can be both complex and specific. The 

development of analysis systems compatible with a variety of OoCs could provide a consistency 

in analysis across platforms while also decreasing cost compared to designing in situ detections 

systems. 

In-line analysis refers to the downstream, real-time analysis of an OoC through the direct 

connection of the OoC to the detection method. Methods of downstream detection can range from 

mass spectrometry to electrochemical sensors.112,113 Some in-line detection platforms, such as the 

microclinical analyzer (µCA), are designed in a way that allows for integration with a variety of 

OoC devices.17 Here, the downstream screen-printed electrode (SPE) can be easily accessed for 

enzymatic modification, providing flexibility in analyte detection. The use of tubing to perfuse the 

SPE within the µCA means that the platform can be coupled to any microfluidic OoC device. 

Analysis of metabolite concentration downstream of the organ system in this manner does present 

some challenges, as eluate may be affected by diffusion and liquid mixing—lowering the 

resolution of the collected data.  

In this work, the µCA was used to investigate the challenges of downstream 

electrochemical analysis of OoC systems. A two-µCA setup was used to study the effects of 
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mixing and diffusion on downstream analysis, with the upstream µCA simulating an OoC device 

and the downstream µCA used for quantification. The redox couple of ferricyanide/ferrocyanide 

was used to simulate consumption/production of metabolites within the upstream system, with the 

changes then measured at the downstream µCA (Figure 6.1). The impact of flow rate, flow path, 

and electrode orientation on crosstalk between enzyme-coated electrodes was investigated. Lastly, 

the effects of flow rate and pore size on the permeability of the NVU model blood-brain barrier 

were studied. 

 

Experimental 

Materials 

 Potassium hexacyanoferrate (II) trihydrate, luciferin, and 10 kDa FITC dextran were 

purchased from MilliporeSigma (Burlington, MA). Phosphate buffer solution (pH 7), potassium 

chloride, and potassium ferricyanide were purchased from Fisher Scientific (Waltham, MA). 

Tygon tubing was purchased from Cole Parmer (Vernon Hills, IL). Syringe pumps were purchased 

from New Era Pump Systems (Farmingdale, NY). SPEs were designed in house and purchased 

from Pine Research (Durham, NC). The rotary planar peristaltic micropumps, valves, microclinical 

analyzers, microcontrollers, neurovascular units, and computer software were designed by and 

purchased from the Vanderbilt Microfabrication Core/Vanderbilt Institute of Integrative 

Biosystems Research and Education (Nashville, TN). The CHI 1440 potentiostat was purchased 

from CH Instruments (Austin, TX). 
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Figure 6.1. Experimental Setup for Monitoring Analyte Consumption and Production. A 

two-µCA setup and the redox couple of ferri/ferrocyanide was used to quantify the effects of 

upstream analyte production and consumption on the accurate quantification of analytes 

downstream. The upstream µCA was used to simulate an OoC device with in situ detection, while 

the downstream µCA used to simulate in-line detection. 
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Measuring Analyte Consumption Downstream 

The effects of upstream analyte consumption on the quantification of analyte downstream 

were investigated using flow rates of 2, 20, and 200 µL min-1. Two µCAs connected by 15 cm of 

tygon tubing were used for these experiments. To begin, the downstream SPE was calibrated with 

250, 500, 750, and 1000 µM potassium ferricyanide. Following calibration of the downstream 

SPE, the µCAs were connected and 500 µM potassium ferricyanide was run through with both 

measuring current response at -0.2 V vs. Ag/AgCl. The amount of time ferricyanide was run varied 

with flow rate: 2 minutes for 200 µL min-1, 5 minutes for 20 µL min-1, and 30 minutes for 2 µL 

min-1. To determine how much ferricyanide was consumed by the upstream SPE, the flux was 

calculated using Equation 4, where i is the current generated by 500 µM potassium ferricyanide, 

n is the number of electrons in the reaction (1), F is Faraday’s Constant, A is the area of the working 

electrode (1.8 mm2), and J is the flux. 

𝐽 =  
𝑖

𝑛𝐹𝐴
(4) 

Flux is equal to mass transfer times concentration, so after finding the flux the mass transfer 

values at each flow rate were also calculated. The flux values, originally in mol s-1 cm-2, were 

converted to nmoles s-1 and the concentration of analyte flowing to the downstream µCA was 

determined. The current measured at the downstream SPE was then used to calculate the 

concentration within the µCA, and thus the effects of consumption by the upstream SPE on 

substrate concentration downstream. Following this, the upstream µCA was disconnected from 

electrochemical detection and 500 µM potassium ferricyanide was again run through both µCAs. 

The concentration measured at the downstream µCA was again found and used to determine how 

diffusion contributed to changes in analyte quantification. 
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Measuring Analyte Production Downstream 

 The effects of diffusion on downstream electrochemical analysis of analyte production 

were investigated using similar methods to the consumption experiments. The reduction of 

potassium ferricyanide to potassium ferrocyanide was used to simulate cellular metabolite 

production. To begin, the downstream SPE was calibrated with potassium ferrocyanide using 250, 

500, 750, and 1000 µM calibrants. After connecting the two µCAs together as before, 500 µM 

potassium ferricyanide was run through both µCAs with the upstream SPE held at -0.2 V vs 

Ag/AgCl to produce potassium ferrocyanide, and the downstream SPE held at 0.6 V vs. Ag/AgCl 

to detect the ferrocyanide through oxidation. The flux at the upstream SPE was calculated again 

according to Equation 4 to determine how much ferrocyanide was produced. The calibration curve, 

along with the current generated downstream, was used to quantify the concentration of 

ferrocyanide at the downstream SPE. These values were compared with the flux at the upstream 

SPE to determine how much ferrocyanide was lost to diffusion. 

 

Measuring Crosstalk Between Electrodes 

 Crosstalk between electrodes was measured with two different flow profiles: normal and 

inverted. For normal flow, the flow inlet was attached to the port closest to the electrode 

connections with the outlet at the bottom of the electrode. With electrode connections at the top, 

working electrodes are numbered from 1 to 3, left to right. Glucose oxidase was deposited on the 

middle electrode (E2) with lactate oxidase on the two outer electrodes (E1 and E3). A single 

solution of 5 mM glucose and 500 µM lactate was used for all crosstalk experiments. In the normal 

flow configuration, E2 has the greatest potential to generate crosstalk as it is the farthest upstream. 

The responses of E1 and E3 to lactate were first measured individually. E2 was then turned on, 
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and lactate was again separately measured at E1 and E3, with E2 measuring glucose. The changes 

in current at E1 and E3 with E2 on/off were then compared. This experiment was performed at 

three different flow rates: 100, 20, and 10 µL min-1. 

 To measure crosstalk in the inverted flow configuration, the flow inlets and outlets were 

switched. The flow inlet was connected to the port closest to the bottom of the electrode, with the 

outlet at the port closest to the electrode connections. In this flow direction, E1 and E3 have the 

greatest potential for generating crosstalk at the downstream E2. Glucose oxidase was deposited 

on E1 and E3, with lactate oxidase on E2. The same 5 mM glucose, 500 µM lactate solution was 

used as before. The current generated by E2 with E1/E3 off, E2 and E1 on, and E2 and E3 on was 

measured and compared at 100, 20, and 10 µL min-1.  

 

NVU Permeability 

 The effects of pore size and flow rate on the permeability of a model blood-brain barrier, 

the neurovascular unit (NVU), were investigated for pore sizes of 0.4 µm polycarbonate, and 1.0 

and 3.0 µm PET membranes at flow rates of 2, 10, and 20 µL min-1. The permeability experiments 

were performed with both FITC-dextran (10 µM, MW 10 kDA) and luciferin (20 µM, MW 280 

Da) delivered by syringe pumps. Either the luciferin or FITC was delivered to the vascular side of 

the device, with water flowing through the neuronal chamber, and the eluate was collected from 

both chambers. Analysis of the samples was done by fluorescence using a low volume (1 mL) 

quartz cuvette. Collected samples were diluted by 10 times with water to allow enough volume for 

fluorescent analysis. Solutions of 0, 78, 156, 313, 625, and 1250 µM FITC and 0, 250, 500, 1000, 

and 2000 µM luciferin were used to create calibration curves. Fluorescence values were recorded 

at 520 nm for FITC and 530 nm for luciferin, after exciting at 490 and 327 nm, respectively. The 
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permeability was then calculated according to Equation 5, where Vr is the volume collected from 

the neuronal chamber, Cf is the final concentration measured from the collected solution, Ci is the 

initial concentration flowed in, A is area of the membrane (0.2945 cm2), and t is the time of the 

experiment. 

𝑃 =
𝑉𝑟 × 𝐶𝑓

𝐶𝑖 × 𝐴 × 𝑡
(5) 

 

Results and Discussion 

 The development of organotypic models—devices that can simulate one or more organ 

systems—has revolutionized the study of drug and toxicant exposures. Just as important as the 

system itself, are the techniques that are used to analyze the output. Here, the effects of downstream 

electrochemical analysis on quantification of metabolite consumption and production were 

experimentally determined. The impact of flow rate on the accurate analysis of metabolite 

concentration was studied. Lastly, changes in the permeability of membranes used within 

organotypic devices due to differing flow rates and pore sizes were investigated. 

 The ability to accurately measure cellular uptake within an OoC is essential in identifying 

changes in cellular metabolism through measurements like glucose and oxygen consumption. 

Though typically easier to implement, downstream measurement of consumption may result in 

substantial losses of measured substrate due to diffusion and liquid mixing. To test this, 

ferricyanide was reduced at -0.2 V vs. Ag/AgCl within an upstream µCA—to simulate 

consumption with an organ device—with what was left detected downstream at a second µCA. 

The flux was calculated at the upstream SPE to determine how much ferricyanide was reduced, 

and from this the amount progressing to the downstream µCA was determined. While the flux in 

nmol s-1 decreased with flow rate, the overall consumption by the SPE increased as the flow rate 
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decreased—due to the variable treatment times used to reach a steady state (Table 6.1). At this 

point, the concentration losses downstream were from a combination of consumption by the 

upstream SPE and diffusion of the sample. To separate these variables, the same experiment was 

performed without the upstream µCA actively consuming ferricyanide. The resulting 

concentration losses downstream were then only due to diffusion, allowing for a comparison of 

losses from consumption and diffusion at different flow rates (Figure 6.2). As flow rate decreased, 

concentration losses attributed to consumption and diffusion increased, though not at the same 

rate. At 200 µL min-1, 35 µM of loss was due to diffusion with only 16 µM consumed by the 

upstream SPE—an over 2:1 ratio of diffusion to consumption. This ratio improves to 1:1 at 20 µL 

min-1, with approximately 70 µM lost each to consumption and diffusion. At 2 µL min-1, 

consumption accounted for a loss of 193 µM while diffusion was only responsible for 92 µM —a 

ratio of approximately 1:2. Due to this, measurement of cellular consumption is best performed at 

lower flow rates. Even so, diffusion is responsible for substantial concentration losses at every 

flow rate. In some cases, the integration of sensors within organotypic devices for in situ analysis 

may be necessary to mitigate the effects of diffusion on the measurement of cellular consumption. 

 

Flow Rate 200 µL min-1 20 µL min-1 2 µL min-1 

Mass Transfer (cm s-1) 0.0019 ± 0.0001 0.0009 ± 0.0001 0.0003 ± 0.0001 

Flux (nmol s-1) 0.05 ± 0.01 0.020 ± 0.003 0.008 ± 0.002 

Consumption % 3.1 ± 0.2 14 ± 2 51 ± 14 

Conc. to Downstream µCA (µM) 485 ± 1 429 ± 10 247 ± 72 

Table 6.1. Consumption of Ferricyanide by Upstream SPE. The upstream µCA was used to 

simulate cellular uptake within an organotypic device through the reduction of ferricyanide. To 

determine how much was reduced, the mass transfer values for each flow rate were calculated and 

used to determine the flux in nmol s-1. The flux decreased with decreasing flow rate, though the 

percentage of ferricyanide consumed increased—from 3% at 200 µL min-1 to 51% at 2 µL min-1. 

The flux values were then used to calculate the concentration of ferricyanide remaining to be 

measured at the downstream µCA. 
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Figure 6.2. Downstream Measurement of the Consumption of Ferricyanide. Consumption of 

ferricyanide by an upstream SPE was measured downstream at different flow rates to simulate 

cellular consumption within an organotypic device. When the upstream SPE was disconnected, 

the loss in concentration downstream was attributed to diffusion. Both consumption and diffusion 

increased with decreasing flow rates, with consumption increasing at a greater rate. At all flow 

rates there is a substantial loss in measured concentration due to diffusion. Lower flows rates are 

best suited for measurement of consumption, and the integration of sensors within the system being 

studied may mitigate losses due to diffusion. 
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 To simulate metabolite production, the upstream µCA was held at a potential of -0.2 V vs. 

Ag/AgCl to reduce ferricyanide to ferrocyanide, while the downstream µCA was held at 0.6 V to 

oxidize the ferrocyanide. The flux from the upstream SPE was calculated to determine the amount 

of ferrocyanide produced, and therefore the amount to be measured at the downstream µCA (Table 

6.2). As expected, based on the consumption experiment, the amount of ferrocyanide produced 

increased as flow rate decreased. The amount of ferrocyanide measured by the downstream µCA 

also increased with decreasing flow rate (Figure 6.3). The difference between the amount 

produced and the amount measured was attributed as diffusion loss within the system. The 

concentration difference due to diffusion increased with a decreasing flow rate, from 4 µM being 

lost at 200 µL min-1 to 67 µM at 2 µL min-1. These values can be used to find the ratio between 

the measured amount and the amount lost to diffusion. At 200 µL min-1 this ratio is 2.5:1, followed 

by 2.1:1 at 2 µL min-1. Because the higher flow rate does not allow the opportunity for high 

concentrations of metabolites to be produced, a lower flow rate is likely better suited for measuring 

metabolite production. As with the consumption experiment, diffusion is responsible for a 

substantial loss in the measured concentration and may be mitigated using in situ sensors. 

 

Flow Rate 200 µL min-1 20 µL min-1 2 µL min-1 

Mass Transfer (cm s-1) 1.6e-3 ± 1e-5 1.1e-3 ± 3e-5 2.5e-4 ± 3e-5 

Flux (nmol s-1) 4e-2 ± 2e-3 3e-2 ± 7e-4 6.8e-3 ± 9e-5 

Total Amount Produced (nmol) 5.17 ± 0.02 8.7 ± 0.2 12.2 ± 0.2 

Conc. to Downstream µCA (µM) 12.9 ± 0.1 87 ± 2 203 ± 3 

Table 6.2. Production of Ferrocyanide by Upstream SPE. The upstream µCA was used to 

simulate metabolite production within an organotypic device through the production of 

ferrocyanide. To determine how much was produced, the mass transfer values for each flow rate 

were calculated and used to determine the flux in nmol s-1. The flux decreased with decreasing 

flow rate, though the total amount of ferrocyanide produced increased—from 5 nmoles at 200 µL 

min-1 to 12 nmoles at 2 µL min-1. The flux values were then used to calculate the concentration of 

ferrocyanide to be measured at the downstream µCA. 



100 

 

 

  

 

Figure 6.3. Downstream Measurement of the Production of Ferrocyanide. The 

electrochemical reduction of ferricyanide to ferrocyanide by an upstream SPE was used to simulate 

metabolite production by cells in an organotypic device. Ferrocyanide was measured by a 

downstream SPE, with the loss in concentration attributed to diffusion. The production of 

ferricyanide increased with decreasing flow rate. The amount of ferrocyanide measured, as well 

how much was lost to diffusion, also increased as flow rate decreased. Lower flow rates allow for 

greater production of metabolite, though diffusion still substantially effects the measured 

concentration. 
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 In addition to diffusion and mixing, the open chamber design of the µCA allows for the 

electrons generated by one electrode to sometimes flow downstream and be detected by another 

electrode. This can cause issues in analysis and quantification, especially when two electrodes are 

measuring different analytes. To investigate this, glucose and lactate oxidase enzymes were 

deposited on specific electrodes, and these electrodes were turned on and off in different 

configurations to determine the significance of crosstalk between electrodes. These experiments 

were performed using two different flow profiles (normal and inverted) and at three different flow 

rates (100, 20, and 10 µL min-1). In the normal flow configuration, crosstalk is most likely to occur 

from E2 to E1/E3 as E2 is the electrode farthest upstream. To test this, glucose oxidase was 

deposited onto E2 with lactate oxidase on both E1 and E3. A solution of 5 mM glucose and 500 

µM lactate was flowed over the SPE, and the currents measured with different electrode 

combinations on/off were compared. Overall, E2 had a negligible effect on the current response at 

E1 regardless of the flow rate, with an increase of only 1.4 ± 0.7% at 10 µL min-1 when compared 

to the response of E1 with E2 off (Figure 6.4). Current response at E3, however, was substantially 

affected by glucose measurement at E2. This effect increased as flow rate decreased, with a 6.8 ± 

0.2% increase in signal response at the lowest flow rate of 10 µL min-1. This is likely because E3 

is more in line with the flow path of E2 than E1.  

In the inverted flow configuration, crosstalk is most likely from E1/E3 to E2—due to E2 

being farthest downstream. Here, glucose oxidase was deposited on E1 and E3, while lactate 

oxidase was deposited on E2. This allowed for the determination of crosstalk from each glucose 

electrode to the lactate electrode. Overall, E1 had a negligible effect on the current response at E2, 

with increases of 1 to 2% at every flow rate tested (Figure 6.5). Glucose being measured at E3, on 

the other hand, had a substantial effect on the response measured at E2. Compared to E2 alone, the  
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Figure 6.4. Crosstalk Between Electrodes with Normal Flow Configuration. In this 

configuration, crosstalk is most likely to occur from E2 to the other electrodes. To test this, glucose 

oxidase was deposited on E2, with lactate oxidase on E1 and E3. The effect of measuring 5 mM 

glucose at E2 on the current response of E1/E3 measuring 500 µM lactate was then investigated. 

Overall, glucose measurement at E2 had a negligible effect on E1 current at every flow rate tested. 

Response at E3, however, was substantially impacted by glucose measurement at E2, especially 

at lower flow rates—with a 6.8 ± 0.2% increase in current at a flow rate of 10 µL min-1. 

 



103 

 

 

  

 

Figure 6.5. Crosstalk Between Electrodes with Inverted Flow Configuration. The flow inlet 

and outlet were switched from the normal flow configuration. Glucose oxidase was deposited on 

E1 and E3, with lactate oxidase on E2. The effect of measuring 5 mM glucose at E1/E3 on the 

current response of E2 measuring 500 µM lactate was then investigated. Overall, glucose 

measurement at E1 had a negligible effect on E2 current, and no significant change with flow rate. 

E3, on the other hand, contributed to substantial increases in E2 measured current, especially at 

lower flow rates—up to a 10 ± 1% increase in current at a flow rate of 10 µL min-1. 

 



104 

 

current increased 6.3 ± 0.1% at 20 µL min-1 and 10 ± 1% at 10 µL min-1 when 5 mM glucose was 

being monitored at E3. Overall, each flow configuration suffers from crosstalk under some 

circumstances—especially at lower flow rates. These results emphasize the importance of 

considering enzyme placement during experimental development, especially when monitoring 

multiple analytes on the same SPE at lower flow rates. 

Some OoC devices, like models of the blood-brain barrier and fetal membrane, utilize a 

semipermeable membrane to mimic the biological structure of their organ.21,22 Proper function of 

these devices relies on being able to accurately determine the permeability of the device following 

cellular exposure to a drug or toxin. Permeability within these devices is affected not only by the 

pore size of the semipermeable membrane being used, but also by the flow rate of the system. 

Membranes within organotypic systems can have a range of pore sizes, while the flow rates of the 

devices can span from submicroliter to milliliters per minute.20 Two compounds of different 

sizes—luciferin (300 Da) and FITC-dextran (10 kDa)—were used to investigate the permeability 

of a Neurovascular Unit, a blood-brain barrier model, with three membrane pore sizes and at three 

flow rates.21 Permeability of the membranes generally increased with flow rate and pore size 

(Figure 6.6). With a few exceptions, such as 0.4 µm at 20 µL min-1, there was no substantial 

differences between permeability with luciferin and FITC-dextran for the given flow rates and 

pore sizes. Between the two smaller membranes and the 3.0 µm membrane, there was a large 

increase in the permeability of both compounds. In the case of the NVU, cells are seeded on the 

membrane and allowed to grow and form a barrier to replicate the blood-brain barrier and its 

restriction on permeability. If the permeability of the membrane with no cells is too low, 

breakdown of the created blood-brain barrier will not be reflected in the measured permeability. 

Therefore, a high permeability—like that seen in the 3.0 µm membrane—is preferred when  
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Figure 6.6. Effects of Membrane Pore Size and Flow Rate on NVU Permeability. The 

permeability of three NVUs with varying pore sizes (0.4, 1.0, and 3.0 µM) were tested at various 

flow rates (2, 10, and 20 µL min-1) with FITC dextran (MW 10 kDa) and luciferin (MW 280 Da). 

Except for a few exceptions, such as 0.4 µm at 20 µL min-1, there was no significant difference in 

permeability between FITC and luciferin. Permeability for both compounds generally increased 

with increasing flow rate and pore size, though there was a large increase in permeability for all 

flow rates with the 3.0 µm membranes. 
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performing experiments reliant on permeability measurements. Similarly, as permeability 

increased with flow rate, higher flow rates are better suited for experiments where permeability 

plays a role. Overall, a balance should be found between flow rate and permeability. The flow rate 

must be slow enough to achieve the desired consumption or production of metabolites, while still 

maintaining an acceptable permeability within the cell-free device. 

 

Conclusions 

 The ability to accurately identify and quantify changes within OoCs is integral to further 

understanding the effects of drugs and toxicants on organ systems. While in situ detection provides 

the highest spatial and temporal resolution, downstream analysis of OoCs may provide greater 

flexibility and consistency in analysis across a variety of OoCs. Downstream quantification of 

consumption by the upstream µCA was best performed at 2 µL min-1 as the concentration 

consumed was two times greater than the concentration lost to diffusion. Similarly, a flow rate of 

2 µL min-1 was found to be the optimal rate out of those tested in the analysis of metabolite 

production. Overall, downstream quantification suffers from inaccuracies due to diffusion when 

measuring both consumption and production—and depending on the experiment in situ sensors 

may be better suited. In addition, analyte detection at upstream electrodes can have a significant 

impact on the currents measured downstream—especially at lower flow rates. Crosstalk is greatest 

between electrodes two and three, with the direction of crosstalk depending on the flow 

configuration of the µCA. Enzyme placement must therefore be carefully considered when 

monitoring multiple analytes at flow rates of 20 µL min-1 and below. Understanding how 

membrane permeability changes with flow rate and pore size is essential to proper OoC and 

experimental design. Finally, the permeability of the NVU was found to increase with flow rate 
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and pore size, and a large increase in permeability was seen going from 1.0 µm to 3.0 µm 

membranes. OoC devices with higher flow rates (10 µL min-1 and above) and membranes of 3.0 

µm pore size may be ideal when studying drugs or toxicants known to affect permeability.  
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Chapter VII 

 

CONCLUSIONS AND OUTLOOK 

 

Summary 

 In this dissertation, the development of enzymatic neurotransmitter sensors and their 

application towards the investigation of cellular processes and chemical toxicity has been 

addressed. Previous studies have detailed the development of enzymatic neurotransmitter sensors 

for glutamate, acetylcholine, adenosine, and dopamine. However, the sensors were limited in their 

ability to integrate with microfluidic systems, decreasing their suitability for monitoring organ-on-

a-chip (OoC) systems. The studies presented here seek to demonstrate the effectiveness of 

electrochemical biosensors in the analysis of complex biological processes, while also laying the 

foundation for future work further integrating electrochemical biosensors with OoC systems. 

 In Chapter III, a glutamate biosensor was characterized and used in situ to measure the 

real-time uptake of glutamate by cells within the microclinical analyzer (µCA). The biosensor 

demonstrated a quick response time, wide linear range, and long-term stability making it well 

suited to monitoring glutamate in a variety of biological systems. Using the µCA as a bioreactor, 

depolarized and glucose-starved PC12 cells were shown to uptake glutamate when exposed to 

excitotoxic quantities. This platform was then used to study the mechanisms of glutamate uptake 

in astrocytes with and without Tuberous Sclerosis Complex (TSC)—a disease causing the 

development of non-cancerous tumors on the brain and other organs. Astrocytes from patients with 

TSC were shown to uptake less glutamate than the control astrocytes, a possible explanation for 
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the seizures experienced by many TSC patients. This study demonstrated the use of the µCA and 

integrated biosensors in the in-situ investigation of cellular response. 

 The use of an enzymatic acetylcholine sensor to analyze the eluate of a chlorpyrifos (CPF) 

exposed neurovascular unit (NVU) further proved the versatility of electrochemical sensors and 

the µCA as an analysis platform. The pesticide CPF is known to inhibit acetylcholine breakdown 

and may alter the integrity of the blood-brain barrier. In Chapter IV, an enzymatic acetylcholine 

biosensor was characterized in the presence of CPF and used to monitor eluate collected from 

NVUs exposed to CPF. The biosensor was determined to function properly in up to 50 µM CPF 

and could be used as a detection method for the toxic metabolite chlorpyrifos oxon (CPO) based 

upon inhibition of the response—with regeneration of the enzyme demonstrated using 2-pyridine 

aldoxime methyl chloride. Application of the sensor to the offline analysis of NVU eluate gave 

insight into the effects of CPF on acetylcholine concentrations of both sides of the BBB. Elevated 

acetylcholine was detected on both sides of the device, indicating some interaction between CPF 

and the cells within device. Mass spectrometry of the eluate showed no signs of CPF or its 

metabolites, suggesting either quick metabolism of the compounds or some alternate pathway of 

elimination. A substantial amount of CPF was shown to absorb into PDMS over 24 hours—a 

possible explanation for the lack of some CPF in NVU eluate. 

 The development of an SPE with 8 working electrodes that could be used with the 

microformulator pump and valve system provided the opportunity to quantify more analytes than 

previously possible. A sensor capable of monitoring multiple neurotransmitters could assist in 

unraveling the complex interaction between neurotransmitters and the investigation of drug and 

toxicant effects on the brain environment. Chapter V details the development of a neurotransmitter 

sensor for the simultaneous detection of glutamate, acetylcholine, adenosine, and dopamine. 
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Because many compounds in the brain—like dopamine and ascorbic acid—are redox active, a 

permselective mPD layer was applied and its ability to mitigate electrochemical interference was 

characterized. Even with this mPD layer, high concentrations of dopamine generated significant 

response on the other electrodes. Correction of this interference was demonstrated through current 

subtraction based on calibration data. This sensor was then used to quantify the effect of CPF and 

TBOA on glutamate uptake in astrocytes. TBOA, a glutamate uptake inhibitor, significantly 

decreased the amount of glutamate taken up by the astrocytes. Treatment with 10 µM CPF, on the 

other hand, significantly increased the amount of glutamate taken up by the astrocytes—indicating 

that CPF may have a substantial impact on glutamate metabolism within the brain.  

To this point, electrochemical biosensors integrated into the µCA have been used for in 

situ detection in Chapter III, and offline detection in Chapters IV and V. While the biosensors 

presented here are not well suited to in situ detection within an OoC like the NVU, they can be 

coupled downstream of OoCs for the in-line, real-time analysis of eluate. In Chapter VI, a 

combination of experimental work and computational modeling was used to determine how 

downstream analysis affects the accurate quantification of changes within an OoC. The 

ferricyanide/ferrocyanide redox couple was used to simulate the consumption and production of 

metabolites, and the effects of diffusion within the microfluidic on downstream analysis were 

determined. Both consumption and production of metabolites increased with decreasing flow 

rate—supporting the use of low flow rates when analyzing OoCs downstream. Analyte detection 

with the µCA was demonstrated to be impacted by crosstalk between certain electrodes—

especially at lower flow rates. Crosstalk was greatest between electrodes two and three of the 3-

electrode SPE, with the direction of crosstalk depending on the flow configuration of the µCA. 

Proper placement of enzyme is essential to mitigating crosstalk when monitoring multiple analytes 
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at flow rates of 20 µL min-1 and below. In investigating the permeability of membranes used in 

OoCs like the NVU, permeability was found to increase with membrane pore size and flow rate. 

Overall, experimental flow rates must be sufficiently high to obtain adequate membrane 

permeability within an OoC, but low enough that cells are able to measurably interact with eluate. 

 

Outlook 

  Neurotransmitters are essential to the proper function of the brain and central nervous 

system, playing important roles in many biological processes—including behavior and cognition, 

cardiovascular regulation, and memory. The dysregulation of neurotransmitter signaling has been 

correlated with the development of neurodegenerative diseases like Alzheimer’s and Parkinson’s, 

as well as physical illnesses such as glaucoma and arrythmias.114 As such, the ability to quantify 

neurotransmitters is of great importance in identifying mechanisms of disease, monitoring disease 

progression, and developing therapeutics. 

 While many methods have been developed for the identification and quantification of 

neurotransmitters, electrochemical methods provide the opportunity for low cost but rapid 

detection—making them an attractive option for incorporation into devices used in clinical 

settings. Enzyme sensors, like those presented within this work, are specific in their detection and 

relatively low cost compared to other methods of similar specificity. One of the main drawbacks 

to enzyme sensors is the degradation of the enzyme, resulting in a lower sensitivity and decreasing 

the lifetime of the sensor. Glutaraldehyde is a common crosslinker used to adsorb enzymes onto 

electrode surfaces, though its mechanism of crosslinking is not conducive to enzyme stability. 

More recently, new methods of adsorption have been developed—including sol-gels and covalent 

binding—that are able to retain a higher level of enzyme activity.47 Further research into these 
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methods, as well as the development of new methods that preserve enzyme activity, is essential to 

improving the effectiveness of enzyme sensors in biological applications. 

Additionally, electrochemical detection of neurotransmitters from biological systems—

through enzymatic analysis or otherwise—is complicated by interference from prominent 

electroactive species like ascorbic acid. Many enzyme sensors utilize oxidase enzymes that 

produce hydrogen peroxide, which is oxidized at a voltage that also oxidizes ascorbic acid and 

other common interferents. The incorporation of conductive polymers and nanomaterials into 

enzyme biosensors can lower the potential at which the sensors function, or in some cases change 

the way the sensors function completely.115 Biosensors fabricated with these polymers and 

nanomaterials have been demonstrated to improve the sensitivity and selectivity of the sensors 

while also effectively mitigating interference. The development of enzymatic sensors with low 

interference that can maintain response for longer periods of time is necessary before these sensors 

can be successfully incorporated into in vitro microfluidics like OoCs. 

The integration of electrochemical sensors either within or downstream of OoC platforms 

opens the door to investigating biological processes and disease mechanisms in a more controlled 

and specific way than in vivo animal studies. The recapitulation of the full structure and function 

of the brain has not yet been accomplished, as current technique is too limited to recreate its 

complex structure. Instead, OoC systems have been developed for individual regions of the brain, 

including the unidirectional neural network, blood-brain barrier, and spinal cord structure.116 As 

OoC systems become more widely available, it is important to consider the methods with which 

we analyze these devices. As discussed within this work, electrochemical sensors have been 

integrated both within and downstream of OoC systems. Analysis of eluate from OoC devices is 

made difficult not just due to interferents like ascorbic acid, but also by the matrices used to 
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promote proper cell function. Fetal bovine serum is a common additive to cell media, used to 

promote cell growth. Unfortunately, the high concentrations of proteins in fetal bovine serum 

complicate analysis by many methods—including electrochemical. While some progress has been 

made toward the development of alternatives to fetal bovine serum, there are still some unknowns 

as to how these alternatives alter cellular response within OoCs. The integration of OoCs with 

electrochemical analysis methods holds much potential, and biosensors should continue to be 

optimized for use in analyzing OoC systems. 

Neurotransmitters are essential to the proper function of the brain and central nervous 

system. Electrochemical sensors designed to detect these neurotransmitters can provide new 

knowledge about biological processes and disease mechanisms. Enzyme-based sensors are a low 

cost but specific analysis method that can be used to detect and quantify multiple neurotransmitters 

both in vivo and in vitro. While the stability and sensor response of enzyme sensors can still be 

improved, the future is bright for the integration of electrochemical sensors with OoCs for the 

study of neurotransmitters and their functions. 
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Appendix A 

 

FIBROUS ENCAPSULATION AND THE DELAY OF CONTINUOUS GLUCOSE 

MONITOR READINGS3 

 

Introduction 

 Readings from continuous glucose monitors (CGMs) have been found to lag blood glucose 

levels by as much as 20 minutes, with this delay limiting their use as stand-alone glucose 

monitoring technology.117 CGMs utilize glucose oxidase, an enzyme that has been demonstrated 

to turnover glucose on the millisecond time scale, to measure glucose concentration—raising the 

question as to why CGM readings are so delayed.118 Substantial efforts have already been made to 

identify the source of this delay, with the general conclusion being that the physiological latency 

of interstitial glucose is a major contributor, followed by the smoothing algorithms used by the 

CGM to filter out noise.119 This is further supported by microdialysis and lymphatic measurements 

that indicate significant delay between blood and interstitial glucose concentrations.120,121  

 In contrast to these data, integrative physiology studies suggest that glucose rapidly 

disperses into the interstitium. The arteriovenous concentration difference of glucose is sizable, 

with a capillary transit time of 1 to 3 seconds.122,123 This suggests that blood and interstitial glucose 

must equilibrate within seconds. Direct measurements of glucose diffusion in human tissues 

suggest in vivo diffusion rates of 100 µm2 s-1, while capillary densities in human adipose tissue 

and muscle are generally ~200 to 300 capillaries mm-2, corresponding to a diffusion radius of ~70 

 
3This appendix contains portions from the published research article McClatchey, P.M.; McClain, E. S.; 

Williams, I. M.; Malabanan, C. M.; James, F. D.; Lord, P. C.; Gregory, J. M.; Cliffel, D. E.; Wasserman, 

D. H. Diabetes 2019, 68 (10), 1892–1901. 
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µm.124,125 These data then support the equilibration of glucose on the order of seconds rather than 

minutes. 

 The results from CGM studies and integrative physiology can be reconciled by considering 

that CGMs experience a significant foreign body response.126,127 While this response is generally 

only considered as a limitation over long-term implantation times, fibrosis and gene expression 

consistent with hypoxia have been observed within three days of implantation.128 Foreign body 

capsules have been shown to slow the diffusion of interstitial solutes, and this has been suggested 

as an explanation for delaying the arrival of glucose to the CGM microenvironment.129,130 Even 

still, the effects of this response during the time frame of typical CGM use is unknown, and it is 

possible that the high rate of glucose diffusion in vivo may render foreign body response negligible 

in comparison to those caused by smoothing algorithms. Additionally, it is unclear whether these 

effects take place early enough to influence results from CGMs, which are typically only implanted 

for two weeks. 

 In this work, electrochemical and fluorescent detection techniques are used, along with 

histological analysis, to determine what effects fibrous encapsulation and smoothing algorithms 

have on CGM readings. Disassembled CGMs are connected to a potentiostat and tested both in 

vitro and in vivo to assess the effects of smoothing algorithms on CGM response. A fluorescent 

glucose analog, 2-NBDG, was used to visualize the dispersion of glucose in the CGM 

microenvironment, adipose tissue, and skeletal muscle to determine whether the foreign body 

response plays any role in CGM latency.131 These experiments will assist in identifying the sources 

of latency in CGM measurements along with what barriers exist to making CGMs a stand-alone 

system for monitoring blood glucose. 
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Experimental 

In Vitro Sensor Testing 

Disassembled Dexcom G4 CGMs were connected to the CHI 1440 potentiostat (CH 

Instruments, Austin TX) to monitor sensor response to increasing concentrations of glucose. The 

disassembly of the CGMs exposed reference and working electrodes that were then connected to 

the potentiostat using working and reference cables. The potential was held at 0.6 V vs. the 

reference, and current measurements were recorded once per second. To begin, an electrochemical 

baseline was set by incubating the CGM in 2 mM PBS (pH 7, Fisher Scientific, Waltham, MA) 

and 120 mM KCl for five minutes. Following this, the CGM was successively moved to increasing 

concentrations of glucose, from 5 to 25mM, for five minutes each to reach a steady state. The data 

was then be analyzed to assess the response of the CGM to increasing concentrations of glucose. 

 

Analysis of CGM Response 

 A calibration curve was created from the collected electrochemical data by averaging a 30 

second portion of the current response at steady state and plotting the averaged currents versus 

concentration. To further understand sensor response, the approach from one steady-state value to 

the next was fit to a single exponential decay. The rate of sensor response was calculated by taking 

the natural logarithm of the difference between steady-state and transient current and plotting it 

versus time to create a linear response curve. The slope was used in Equation 6, where k is the 

slope, to determine the time that it takes to reach half of the steady-state current, T50. These values 

could then be compared to those found in vivo. 

𝑇50 =  
ln(0.5)

𝑘
(6) 
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Results and Discussion 

 Readings from CGMs can lag blood glucose by as much as 20 minutes. In this work, both 

in vivo and in vitro experiments were performed to determine the cause of this delayed response. 

A CGM was disassembled and connected to a potentiostat to monitor the response of the CGM to 

glucose in vitro. The time that it took for the current to reach half of its maximum value, T50, for 

each glucose concentration was calculated and compared to the response times for in vivo CGM 

and blood glucose readings. A fluorescent glucose analog, 2-NBDG, was also used to assess 

dispersion within the sensor microenvironment, non-CGM-implanted subcutaneous adipose tissue, 

and skeletal muscle. 

 To fully understand the effects of in vivo implantation of the response of the CGM, the 

baseline response of the sensor was tested in vitro. Disassembled CGMs were connected to a 

potentiostat to record the generated current, and the sensors were incubated in increasing 

concentrations of glucose. The magnitude of current generated increased with increasing glucose 

concentration up to 25 mM (Figure A.1, top), and this response was found to be linear (Figure 

A.1, bottom). Both the linear response and wide working range is expected of a commercial 

CGM, as the range of 0 to 25 mM glucose covers both physiological and pathophysiological 

concentrations in humans. This data can also be used to calculate how quickly the sensor reaches 

a steady-state equilibrium after being introduced to a new concentration of glucose. Upon 

transitioning the CGM from one concentration to the next, the equilibration of sensor current is 

well described by a single exponential fit. Taking the natural log of the difference between steady-

state and transient current provides a linear curve of which the slope can be used to find the time  
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Figure A.1. Electrochemical Data Collected Using Continuous Glucose Monitor. Top) A 

CGM was incubated in increasing concentrations of glucose for five minutes each, monitored 

by a potentiostat held at 0.6 V vs. the reference. Current magnitude increased as expected with 

increasing glucose concentration. Bottom) The CGM was found to have a working range from 

0 to 25 mM glucose, spanning the physiological and pathophysiological range of glucose 

concentration in humans. 
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Figure A.2. Natural Logarithm Versus Time Used for T50 Calculation. Response of the CGM 

following incubation in glucose was well suited to a single exponential decay fit. Plotting the 

logarithm of the difference between steady-state and transient current versus time resulted in a 

linear curve the slope of which could be used to calculate the T50, or time to half max current. This 

was done for all glucose concentrations tested. 
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to half max current, T50 (Figure A.2). The values for T50 decreased with increasing concentration, 

indicating that the current reached a steady state faster with higher concentrations of glucose 

(Table A.1). The average T50 values across all measurements was 29 ± 4 seconds. These T50 values 

indicate that the effects of smoothing algorithms on CGM latency are negligible. In vitro T50 values 

can be compared to in vivo T50 values to assess the effects of implantation on CGM function. 

 

Concentration (mM) Slope T50 
5 -0.0189 37 
10 -0.0193 36 
15 -0.0229 30 
20 -0.0291 24 
25 -0.0382 18 

Table A.1. T50 Measurements of a Continuous Glucose Monitor In Vitro. Plotting the natural 

logarithm of the difference between steady-state and transient current versus time provided a slope 

with which the T50 could be calculated for each glucose concentration. This value was found to 

decrease with increasing glucose concentration, meaning that the current reached equilibrium 

faster as glucose concentration increased. 

  

Following in vitro sensor testing, CGMs were implanted in mice and the time to reach 

maximum current was tested. The time to reach maximum current in vivo was found to be 24 ± 7 

minutes—much longer than the 2 ± 1 minutes that it took to reach maximum blood glucose levels. 

A fluorescent blood glucose analog, 2-NBDG, was also used to assess the penetration of glucose 

within the tissue. The T50 of 2-NBDG in the sensor microenvironment was 4 ± 2 minutes, compared 

to 1 ± 1 minutes in the subcutaneous adipose tissue, and 1.9 ± 0.5 seconds in the skeletal muscle. 

Histological analysis of the tissue deposited on the CGMs and adipose tissue found that collagen 

content was closely correlated with the latency in 2-NBDG measurements. Taken together, these 
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data indicate that fibrous encapsulation of the CGM following implantation is responsible for the 

slow response time of the sensor as it is more difficult for glucose to penetrate the fibrous tissue. 

 

Conclusions 

A CGM was tested both in vitro and in vivo to determine why CGM readings can be 

delayed up to 20 minutes relative to blood glucose. In vitro testing indicated that the sensor 

responded relatively quickly upon incubation in glucose, with a time to half max current of 29 ± 4 

seconds. With a baseline set, the sensor was implanted in mice and found to take 24 ± 7 minutes 

to reach maximum current versus 2 ± 1 minutes to maximum blood glucose. Maximum 

fluorescence of the sensor microenvironment using 2-NBDG was found to significantly lag that of 

the adipose tissue, with histology of the tissues finding that collagen content was closely correlated 

with 2-NBDG latency. As evidenced by the in vitro measurements, smoothing algorithms have 

negligible effects on CGM function. The delays in CGM readings following implantation are 

mostly due to fibrous encapsulation, hindering diffusion of glucose into the sensor region. A CGM 

that resists this encapsulation would better approximate real-time deviations in blood glucose. 
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Appendix B 

 

DATA ANALYSIS WITH MATLAB 

 

Below are the five MATLAB files needed to run the data analysis program. Each file can 

be copied and pasted into MATLAB and saved as its own file. For ease of use, the files can be 

kept within the same folder. To successfully run the program, only the data_application.m file 

needs to be open within MATLAB. 

 

data_application.m 

 

%This script performs data analysis in a variety of ways 

  

menuTitle = 'Choose an option'; 

menuList = {'Read File', 'Average', 'Standard Deviation', 'Exit Program'}; 

  

%Call a function to display a menu and choose data test 

choice = datatest(menuTitle, menuList); 

  

%The last menu option is to Exit Program 

while choice ~= length (menuList) 

    switch choice 

         

        case 1  

            %Read in data file 

            Data = read_file; 

        case 2 

            %Find averages of data 

            Averages = avg_data (Data); 

        case 3 

            %Find standard deviations 

            Stdevs = stdev_data (Data); 

    end 

    %Display menu to get next choice from user 

    choice = datatest(menuTitle, menuList); 

end 
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read_file.m 

 

function [ Data ] = read_file  
  
defFilename = 'Enter File Name'; 

defSheet = '1'; 

defRange = ''; 

  
prompt = {'What is the name of the file you want to load?', ... 

          'Which sheet do you want to load?', ... 

          'Which columns do you want to load?'}; 

title = 'Input Data File'; 

numlines = 1; 

defAns = {defFilename, defSheet, defRange}; 

  
answer=inputdlg(prompt, title, numlines, defAns); 

  
if (isempty(answer{1})) 

    Filename = defFilename; 

else 

    Filename = answer{1}; 

end 

  
if (isempty(answer{2})) 

    Sheet= defSheet; 

else 

    Sheet = str2double(answer{2}); 

    Sheet = floor(Sheet); 

    if (Sheet < 0)  

        Sheet = defSheet; 

    end 

end 

  
if (isempty(answer{3})) 

    Range= defRange; 

else 

    Range = answer{3}; 

end 

  
if (isempty(Range)) 

    Data = xlsread(Filename, Sheet); 

else 

    Data = xlsread(Filename, Sheet, Range); 

end 

end 

 

datatest.m 

 

function choice = datatest(menuTitle, menuList) 
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%datatest prints the menu of options 

choice = menu(menuTitle, menuList); 

  

%If user closes menu without selecting option, choice is equal to 0 

while choice == 0 

    disp('Error - please choose an option') 

    choice = menu(menuTitle, menuList); 

end 

end 

 

avg_data.m 

 

function [ Averages ] = avg_data ( Data ) 

  
% Find size of array 

[row, col] = size(Data); 

  
%Determine how often to average 

  
defTime = '120'; 

prompt = {'How many data points would you like to average?'}; 

title = 'Average'; 

numlines = 1; 

defAns = {defTime}; 

answer = inputdlg(prompt, title, numlines, defAns); 

  
if (isempty(answer(1))) 

    Time = defTime; 

else 

    Time = str2double(answer(1)); 

    Time = floor(Time); 

    if (Time < 0) 

        Time = defTime; 

    end 

end 

  
%Number of times to loop through the array 

n = floor(row/Time); 

  
%Create array of averaged values 

Averages = zeros(n, col); 

  
for iCol = 1:col 

    j = 1; 

    for iRow = 1:n 

        Avg = mean(Data(j:iRow*Time,iCol)); 

        Averages(iRow,iCol) = Avg; 

        j = j+Time; 
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    end 

end   

end 

 

stdev_data.m 

 

function [ Stdevs ] = stdev_data ( Data ) 

  
% Find size of array 

[row, col] = size(Data); 

  
%Determine how often to find standard deviation 

  
defTime = '120'; 

prompt = {'How many data points would you like to find the standard deviation of?'}; 

title = 'Standard Deviation'; 

numlines = 1; 

defAns = {defTime}; 

answer = inputdlg(prompt, title, numlines, defAns); 

  
if (isempty(answer(1))) 

    Time = defTime; 

else 

    Time = str2double(answer(1)); 

    Time = floor(Time); 

    if (Time < 0) 

        Time = defTime; 

    end; 

end 

  
%Number of times to loop through the array 

n = floor(row/Time); 

  
%Create array of values 

Stdevs = zeros(n, col); 

  
for iCol = 1:col 

    j = 1; 

    for iRow = 1:n 

        Stdev = std(Data(j:iRow*Time,iCol)); 

        Stdevs(iRow,iCol) = Stdev; 

        j = j+Time; 

    end 

end 
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