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CHAPTER 1

Introduction

1.1 Introduction

The cytoskeleton is composed of several filamentous proteins that are essential in supporting cellular shape

and proper function. The components of the cytoskeleton include microtubules, intermediate filaments, and

actin filaments (F-actin). Recently, septins—another important group of filamentous proteins—are also con-

sidered to be the fourth component of the cytoskeleton (Mostowy and Cossart, 2012; Spiliotis and Nakos,

2021). For the cell to function properly, it must coordinate the cytoskeleton in two ways: 1) chemically

through signaling pathways to regulate protein expression and interactions, and 2) physically through direct

interactions facilitated by cytoskeletal-associated proteins (Seetharaman and Etienne-Manneville, 2020). For

several decades, the cytoskeleton field has thoroughly studied individual components of the cytoskeleton to

better understand their specific function in different cellular processes. This work was imperative as it estab-

lished the fundamental knowledge of our understanding of each cytoskeletal component.

In recent years, the field has shifted from studying individual components to investigating the mecha-

nisms underlying the crosstalk between cytoskeletal components. This shift was made possible due to new

developments in high-resolution light microscopy techniques and improvements in biochemical, in vitro re-

constitution methods. Specifically, the challenge for researchers included, but was not limited to, the ability to

visualize these interactions in cells and determine the optimal buffer conditions for reconstituting co-filament

systems in vitro. To date, the coordination between the microtubule and actin filament networks are of par-

ticular interest due to their important roles in cell polarity, cell division, and cell migration ((Dogterom and

Koenderink, 2019; Pimm and Henty-Ridilla, 2021; Rodriguez et al., 2003). The dynamic nature of micro-

tubules and actin allow for the cell to actively remodel and reorganize the cytoskeleton for cellular function.

This dynamic nature is regulated by microtubule- and actin-associated proteins. Some of these proteins have

also been reported to physically crosslink the two polymers together. To better understand cytoskeletal co-

ordination, observations in cells need to be broken down to the components underlying the regulation of

microtubule and actin dynamics and interactions.
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1.2 Coordination of the microtubule and actin cytoskeleton is essential for several cellular processes

important in multiple cell types

For the most part, the microtubule and actin cytoskeleton have been described as independent entities. How-

ever, there have been a number of classic studies demonstrating striking overlap of microtubules and actin in

neuronal growth cones (Forscher and Smith, 1988; Rochlin et al., 1999; Suter and Forscher, 2000) and ex-

amples of growing microtubules within the actin-rich leading edge of cells (Salmon et al., 2002; Waterman-

Storer and Salmon, 1997; Wittmann et al., 2003). Previous studies have demonstrated the importance of

the microtubule-actin interactions and the proteins for which are involved: 1) establishing cell polarity; 2)

coordinating proper cell division; and 3) cell motility (Dogterom and Koenderink, 2019).

1.2.1 Microtubule-actin co-ordination in cell polarity

One such example of the microtubule-actin coordination is in the establishment of cell polarity in differ-

entiated epithelial cells. Epithelial cells tend to form into multi- or mono-layer sheets of cells, which are

maintained by cell-cell junctions and a distinct apical-basolateral polar orientation (Rodriguez-Boulan and

Macara, 2014). This distinct polarity is organized by the cytoskeleton through crosslinking mechanisms cap-

turing and stabilizing microtubules to the actin cortex (Figure 1.1). Most microtubules are non-centrosomal

and highly stable in epithelial cells, as compared to non-polarized cell types (Bré et al., 1987). A microtubule

plus-tip interacting protein (+TIP) complex of microtubule associated proteins (MAPs) facilitate microtubule

stabilization at the basal plus ends in the vicinity of cortical actin contributing to the height of the epithelial

cell (Jaulin and Kreitzer, 2010; Reilein and Nelson, 2005). These aspects contribute to the basally oriented

plus end and apical minus end organization of the microtubule network important in polarized cells (Gilbert

et al., 1991). This organization of microtubules creates parallel arrays along the apical-basal axis, providing

tracks for directional transport.

Figure 1.1: Diagrams of the microtubule and actin cytoskeleton in different cell types and processes.
A) Example of a polarized epithelial cell type. Microtubule organizing center (MTOC). B) Example of a cell

undergoing mitosis at metaphase. C) Example of a migrating cell, moving toward the bottom left. D)
Example of a neuronal cell type and an example of a grown cone.
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The actin network differs in the apical, lateral, and basal areas of polarized epithelial cells (Rodriguez-

Boulan and Macara, 2014) (Figure 1.1A). Actin also forms a contractile belt below the apical membrane,

referred to as the zonula adherens (Dogterom and Koenderink, 2019). Some epithelial cells also have actin-

based protrusion structures, microvilli, at the apical surface to function in nutrient absorption and are anchored

in a rich actin network, termed the terminal web. Otherwise, at the lateral membrane, actin organization is

heavily influenced by E-cadherin and associated catenins (Drees et al., 2005).

Actin-microtubule crosstalk is involved in generating and maintaining the columnar shape of epithelial

cells (Bazellières et al., 2012). It is unclear whether this columnar shape generates the parallel microtubule

arrays by geometrical effects on microtubule dynamics (Gomez et al., 2016) or if the direct interactions

between the microtubule plus and minus ends and actin cortex maintain it. Recently, it has been shown

that microtubule minus ends are connected to the apical actin cortex by the family of Calmodulin regulated

spectrin-associated proteins (CAMSAPs) (Gomez et al., 2016; Noordstra et al., 2016; Toya et al., 2016).

Alternatively, Actin crosslinking factor 7 (ACF7) is a spectraplakin that can interact with microtubules as

well, thus it remains unclear if ACF7 is directly binding the microtubule or specifically CAMSAP. Since

CAMSAP is a microtubule minus-end-capping protein, this interaction directly influences the polarity of the

microtubule network, as defined by the actin cortex. This microtubule orientation is essential for directional

transport to facilitate formation of actin microvilli at the apical surface (Khanal et al., 2016).

1.2.2 Microtubule-actin co-ordination in cell division

During cell division, the cytoskeleton dramatically changes architecture to create the systems needed for

proper chromosome segregation and cytokinesis. Coordination of the reorganization of the microtubule and

actin cytoskeletons is necessary. Microtubules form a bipolar mitotic spindle and are placed into three cate-

gories: 1) kinetochore microtubules that are attached to chromosomes; 2) antiparallel central spindle micro-

tubules, that are at the spindle midzone and generate pushing forces; and 3) astral microtubules, that extend

to the membrane (Figure 1.1B). Actin forms an actomyosin contractile ring around the spindle midzone to

round up the cell and create high tension for division. Spindle positioning is dictated by microtubule pushing

and pulling forces against the membrane.

Microtubule-actin crosstalk is essential in the proper positioning of the spindle, where microtubule in-

teractions at the actin cortex mediate cell rounding. Cell rounding ensures that there is enough space for

microtubules to search and capture kinetochores (Lancaster et al., 2013). The capture and stabilization of
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microtubules to the cortex is mediated by Ezrin, Radixin, and Moesin (ERM) , Mitotic spindle position-

ing (MISP) proteins , end binding (EB) proteins, p150glued, and Myosin 10 (Myo10) described in a future

section. These interactions are also involved in cell shape memory due to mechanical sensing by cell-cell

junctions (Bosveld et al., 2016). Cytokinesis is also heavily coordinated by microtubule and actin crosslink-

ing. First of all, the position of the cytokinetic ring is determined by two signals, one from the microtubule

asters and a second from the spindle midzone supporting microtubule-actin coordination (Bringmann and

Hyman, 2005). Anillin, an actin bundling protein that scaffolds the cytokinetic ring, interacts directly with

astral microtubules and spatially regulates other cytokinetic proteins (van Oostende Triplet et al., 2014). Fur-

ther work investigating the cooperativity of the molecular players involved in cytokinetic ring positioning

will better our understanding of cell division as regulated by the actin cytoskeleton.

1.2.3 Microtubule-actin co-ordination in cell migration and growth cone guidance

Cell migration is an essential function of cells allowing for proper wound healing and cancer cell invasion.

Actin polymerization occurs at the leading edge of motile cells, where branched actin networks generate

pushing forces at the membrane. Traction forces are produced by contractile actin stress fibers and linkage to

focal adhesions that are anchored to the Extracellular matrix (ECM). Hence, the actin network is branched at

the front of the cell, while contractile actomyosin networks are toward the rear (Figure 1.1C). Microtubules

are anchored to centrosomes and the Golgi by their minus ends and grow radially out toward the cell cortex.

The main role of microtubules is to regulate directional cell migration by providing mechanical stabilization

of the leading edge and enabling transport of signaling molecules that coordinate with the actin network

(Seetharaman and Etienne-Manneville, 2020).

During cell migration, microtubule and actin network coordination occur in three areas: 1) microtubule

interaction at focal adhesions; 2) microtubule anchoring at the cortex; and 3) microtubule interaction at the

leading edge, supporting actin nucleation and polymerization. Guidance of microtubules along actin bundles

to interact with focal adhesions has been found to be facilitated by spectraplakins and Gas2-like proteins

(Girdler et al., 2016; Wu et al., 2008; Yue et al., 2016). The specktraplakins and +TIPs are implicated to be

involved in microtubule capture at the cortex, including Cytoplasmic linker associated proteins (CLASPs) ,

Cytoplasmic Linker Interacting Protein (CLIP-170) , ACF7, Adenomatous polyposis coli (APC) , IQ-motif

containing GTPase-activating protein 1 (IQGAP1), and formins (Dogterom and Koenderink, 2019). In addi-

tion, the cell cortex can act as a physical barrier to the microtubule network, where actin retrograde flow re-

sults in rearward transport of microtubules, microtubule buckling, and breakage (Gupton et al., 2002; Salmon
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et al., 2002; Waterman-Storer and Salmon, 1997). This negative feedback loop regulates microtubule turnover

in motile cells. Lastly, microtubules have roles in promoting actin nucleation and polymerization at the lead-

ing edge of cells due to direct interactions with microtubules and formin or indirectly with EBs and APC.

Notably, APC and +TIPs have been observed to travel along microtubules to the actin cortex, where the APC

then interacts with formins and the actin network (Mimori-Kiyosue et al., 2000). The specific interactions

between each protein are still being investigated.

A lot of the same crosstalk modules discussed so far are also used by neuronal cells to maintain shape

and guide axons. Neurons have a polar architecture for proper signal transduction composed of a single axon

that extends from the cell body or soma to nearby synaptic junctions of other neurons (Figure 1.1D). In ad-

dition, there are shorter dendrite structures that receive signals from other neurons. Dendrites are supported

by MAP2-bound microtubule networks of mixed polarity (Conde and Cáceres, 2009). In contrast, axons are

composed of plus-end out tau-induced microtubule bundles, surrounded by cortical actin rings (Xu et al.,

2013). Along the axon, microtubules are thought to grow along bundled actin filaments in the filopodia to

initiate axon elongation and growth cone guidance, like mechanisms described in motile non-neuronal cells.

Specifically, it is proposed that actin bundles coated with drebrin guide microtubules via EB3 interaction

(Geraldo et al., 2008). Potentially, this interaction can be facilitated by additional proteins present in the

growth cone, such as tau, ACF1, or CLASPs, to name a few (Marx et al., 2013). Unraveling the microtubule

and actin coordinating factors in axonal elongation and stability will provide important insights into better

understanding neurodegeneration.

1.3 Microtubules and actin filaments are dynamic to facilitate remodeling of the cytoskeleton

1.3.1 Microtubule structure and dynamic instability

Microtubules are stiff, hollow cylinders that are comprised of α/β tubulin heterodimers. Microtubules have

structural polarity, where tubulin dimers self-assemble longitudinally in a head-to-tail fashion. One end of

the microtubule has the β -tubulin subunit exposed, referred to as the plus end, while the other end has the

α-tubulin subunit exposed and is referred to as the minus end (Fan et al., 1996; Nogales et al., 1999). Micro-

tubules are typically composed of 13 linearly arranged protofilaments (Tilney et al., 1973). This arrangement

and polarity of tubulin dimers lead to significant differences in microtubule dynamics between the plus and

minus end.

Interestingly, microtubules are quite dynamic, where they stochastically, switch between phases of growth

5



and shrinkage. This process is referred to as dynamic instability (Mitchison and Kirschner, 1984; Walker

et al., 1988). The transition between growth and shrinkage is termed ‘catastrophe’ and the inverse is termed

‘rescue’. This behavior was first observed using in vitro reconstitution methods, with purified protein com-

ponents (Horio and Hotani, 1986; Walker et al., 1988). During this time, it was also discovered that both

microtubule ends are able to undergo dynamic instability (Horio and Hotani, 1986; Walker et al., 1988). Par-

ticularly, the microtubule ends have different dynamic instability properties, where the plus end tends to grow

faster than the minus end.

1.3.2 Actin filament structure and polymerization

Actin filaments, composed of actin monomers (G-actin), are thinner and less stiff, than microtubules. Like

microtubules, actin filaments are polar in structure and polymerize in a head-to-tail fashion into a double

helical structure. The fast-growing end is termed the barbed or plus end, and the slow-growing end is referred

to as the pointed or minus end (Pollard and Borisy, 2003). This structure was determined based on the ar-

rowhead pattern created by the decoration of myosin on the filament as visualized using electron microscopy

(Pollard and Borisy, 2003; Small et al., 1978). Actin filaments can spontaneously self-assemble; however,

they do not undergo dynamic instability. Actin filaments tend to be crosslinked in a larger structure, such as

in branched or bundled networks in the cell (Blanchoin et al., 2014).

1.3.3 Microtubule and actin co-dynamics

Investigators who have studied the role of the microtubule and actin networks in vitro report how these net-

works alone, without crosslinking proteins, can control cytoskeletal dynamics (Colin et al., 2018; Inoue et al.,

2019). Here, the authors investigate how the actin meshwork architecture impacts microtubule dynamics by:

1) looking at microtubules nucleated from the centrosome (Inoue et al., 2019) and 2) looking into branched

actin meshworks (Colin et al., 2018). Both reports conclude that actin networks regulate microtubule growth

by creating a physical barrier blocking growth. In addition to dynamics, the Blanchoin and Théry groups

have also studied the influence of organization (Kučera et al., 2022a,b; Yamamoto et al., 2022). Using micro-

tubule gliding assays, Kučera and colleagues demonstrate how the actin network, either branched or linear,

can act as structural memory and therefore, influence microtubule behavior and organization (Kučera et al.,

2022a,b). In addition, Yamamoto and colleagues investigated the impact of the actin network in the position-

ing of microtubule-organizing centers using a cell-free system with purified proteins and cell-sized microwells

(Yamamoto et al., 2022). Overall, the authors report how the positioning of the actin network impacts the
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distribution of microtubule pushing forces, hence dictating the position of the microtubule organizing center.

These reports added to our understanding of the balance of dynamics and forces between microtubules and

actin networks involved in greater cytoskeleton organization. However, these systems did not include pro-

teins that are able to physically crosslink microtubules and actin together; this leads to questions regarding the

physiological relevance of these studies and the impact of crosslinking proteins on the broader organization

of the cytoskeleton.

1.4 Microtubule associated proteins (MAPs) and actin binding proteins (ABPs) physically crosslink

the cytoskeleton

It is well understood that MAPs and actin-binding proteins (ABPs) are present in the cell to physically cou-

ple the microtubule and actin networks (Dogterom and Koenderink, 2019; Rodriguez et al., 2003). The first

evidence that microtubules and actin filaments do not interact alone, but only in the presence of MAPs, was

observed by Griffith and Pollard measuring viscosity changes and visualizing close associations of the two

filaments using electron microscopy (Griffith and Pollard, 1978). This report was further validated by Sider

and colleagues who reported colocalization of microtubules and actin filaments together in vitro using Xeno-

pus extracts and fluorescence microscopy (Sider et al., 1999). Decades after, it has been established in the

field that crosslinking interactions between microtubules and actin filaments must be facilitated by other pro-

teins. More recent work has organized such proteins into two groups: spectraplakins and microtubule +TIPs

(Dogterom and Koenderink, 2019; Rodriguez et al., 2003).

1.4.1 Spectraplakins and Gas2-like family of proteins

Spectraplakins are a family of very large proteins (> 500 kDa) that contain a microtubule-binding, growth

arrest-specific (Gas)2-related protein (GAR) domain, and an actin-binding, calponin homology (CH) domain,

allowing for these proteins to physically couple the microtubule and actin network (Suozzi et al., 2012).

Microtubule-actin crosslinking factor (MACF/ACF) is an example of a spectraplakin that directly binds to

microtubules and actin and couples them with important implications in cell motility (Suozzi et al., 2012; Wu

et al., 2008). Specifically, ACF7-depleted mouse keratinocytes were reported to have impaired microtubule

targeting to focal adhesions (Wu et al., 2008). The interacting domains of the Drosophila spectraplakin, Short

stop (Shot), protein were mapped out using Ribonucleic acid (RNA) interference and live cell imaging. Here,

it was found that the microtubule end localization of Shot is due to direct interaction with EB and microtubule

lattice localization, which is actin-dependent, is due to the Gas2 domain (Applewhite et al., 2010). The au-
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thors propose a model where Shot is localized at microtubule ends in the interior of the cell where there is

less actin. As microtubules approach the actin-rich cell periphery, Shot localization shifts to the microtubule

lattice as Shot binds actin.

Due to the large size of the MACF/ACF protein, it has been difficult for investigators to purify and study

their specific protein function. To overcome this challenge, one group engineered a truncated spectraplakin,

TipAct-GFP, to study co-organization between microtubules and bundled actin filaments (López et al., 2014).

Ultimately, the authors demonstrate that microtubules can be captured and guided along actin filament bun-

dles, validating previous observations in cells. More recently, this group reported that this passive crosslinker

can produce forces on the microtubule that result in transport of actin filaments (Alkemade et al., 2022). Ad-

vancements are needed in biochemical purification to be able to directly study full length MACF/ACF in vitro.

Another protein family containing a single CH domain and a Gas2 domain are the Gas2-like proteins.

Stroud and colleagues investigated the localization of the three members of the Gas2-related proteins, Gas2L1,

Gas2L2, and Gas2L3, in fibroblasts and reported differential localization (Stroud et al., 2014). The Gas2L1

and Gas2L2 were found to localize to actin stress fibers, where microtubules were coaligned. Yet, Gas2L3

also localizes to actin stress fibers, however there were few instances of coalignment with microtubules. Only

endogenous Gas2L1 and Gas2L2 had an impact on microtubule dynamics and guidance along actin stress

fibers due to their direct interaction with EB. Similar results were found for the Drosophila Gas2-related pro-

tein, Pigs (Girdler et al., 2016). PigsFL comet velocities in vitro (S2 cells) and in vivo (Drosophila squamous

follicle cells) were similar to EB1 and CLIP170 comets, respectively (Girdler et al., 2016). Finally, purified

Gas2L1, has been demonstrated to be autoinhibited, where it is activated when simultaneously bound to actin

filaments and microtubules (van de Willige et al., 2019). The authors describe the function of Gas2L1 as an

actin regulator that is spatially organized by microtubules.

1.4.2 +TIP protein complexes

There are also +TIP protein complexes that can physically couple the microtubule and actin networks, where

EB proteins bind to growing microtubule ends and interact with other proteins that bind actin filaments. For

example, a multi-component interaction of MAPs (CLIP-170 and EB) and ABPs (formin (mDia1) and pro-

filin) has been shown to facilitate physical coupling of the cytoskeleton. Specifically, the CLIP-170:mDia1

complex is recruited to microtubule ends and triggers actin filament growth (Henty-Ridilla et al., 2016). In-

terestingly, it has been reported that EB1, without the acidic tail and full C-terminal domain, can directly
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interact with actin filaments, but cannot bind F-actin and microtubules simultaneously (Alberico et al., 2016).

In addition, CLIP-170 binding to actin filaments and microtubules is also mutually exclusive, similar to EB

(Wu et al., 2021).

Other ABPs, drebrin and APC also interact with EBs to crosslink microtubules and actin filaments.

Drebrin directly interacts with EB1/3 and colocalizes with actin filaments and microtubules in filopodia

(Geraldo et al., 2008). The authors discovered that the presence of microtubules in filopodia was due to

the interaction between drebrin and EB3. Another group proposed the same mechanism for hippocampal

neurons, where overexpression of drebrin promotes microtubule entry into dendritic spines (Merriam et al.,

2013). In Xenopus epithelial cells, APC signal was first observed to move along microtubules and concentrate

at the microtubule end (Mimori-Kiyosue et al., 2000). It was then found that the APC, with EB1, interacts

with formin (mDia1) and all are localized at microtubule ends in human adenocarcinoma cells (Wen et al.,

2004). The APC has also been implicated in microtubule anchoring at the actin cortex (Juanes et al., 2019).

Finally, APC has also been observed to be at the end of microtubules connecting branched actin networks in

fibroblasts influencing the organization of the two networks (Juanes et al., 2017).

1.4.3 Other proteins – ABPs

ABPs are proteins that regulate the actin cytoskeleton in cells. Recently, it has been discovered that these

proteins have additional functions interacting with microtubules, physically crosslinking the two together.

Here, I’ll briefly describe these other proteins and their role in the crosstalk of the actin and microtubule

cytoskeletons.

1.4.3.1 Nucleators

The formin family of actin nucleators have been implicated to interact with microtubules (Chesarone et al.,

2010; Gaillard et al., 2011). It was first reported using in vitro reconstitution that the human formin, mDia2,

stabilizes microtubules and protects from depolymerization induced by tubulin dilution (Bartolini et al.,

2008). Also, the Drosophila formin, Cappucino (Capu), was found to interact with microtubules via the FH2

domain and tail, however, there was no evidence of simultaneous binding of microtubules and actin filaments

in vitro in the tested conditions (Roth-Johnson et al., 2014). Despite the inability of formin to simultaneously

bind actin filaments and microtubules, mDia2 has been shown to be involved in protein complexes involved

in coordinated actin and microtubule dynamics as described above (Henty-Ridilla et al., 2016; Wen et al.,
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2004). Furthermore, profilins, ABPs that bind actin to regulate actin nucleation, have also been reported to

interact with microtubules and impact their dynamics, in vitro and in mouse melanoma cells (Henty-Ridilla

et al., 2017; Nejedla et al., 2016). Profilin increases the growth rate of microtubules in vitro and in mouse

neuroblastoma cells (Henty-Ridilla et al., 2017). Interestingly, Nejedla and colleagues suggest that profilin

is functionally linked to microtubules by formins, adding to the dynamic interplay between actin nucleators

and microtubules (Nejedla et al., 2016).

1.4.3.2 Crosslinkers

Another ABP, coronin and Pod-1 in Drosophila, is a well-known actin-microtubule crosslinker and has been

shown to crosslink microtubules and actin in vitro (Goode et al., 1999; Rothenberg et al., 2003). Intrigu-

ingly, the yeast coronin (coronin1p) has a strong sequence homology with the worm, mold, cow, and human

coronins, but uniquely, it contains two additional sequences homologous to the microtubule-binding domain

of MAP1B (Goode et al., 1999; Noble et al., 1989). The fly coronin (Dpod1) has one sequence weakly ho-

mologous with the microtubule-binding domain of MAP1B and can also crosslink microtubules and actin

filaments (Rothenberg et al., 2003). The MAP1B-homologous region of coronin1p is needed to crosslink

microtubules and actin (Goode et al., 1999). Thus, the microtubule-binding and actin-binding regions are

necessary for coronin’s function as a crosslinker in yeast and flies.

MISP is a poorly understood ABP that is involved in spindle orientation (Maier et al., 2013; Zhu et al.,

2013). Depletion of MISP slows down the transition from metaphase to anaphase and cytokinesis took over

5 times longer to complete in Hela cells (Zhu et al., 2013). MISP is also required for centrosome clustering

and colocalizes with actin and focal adhesions (Maier et al., 2013). These reports also found that MISP in-

teracts with EB1 and p150glued, a subunit of the dynein-dynactin complex, proposing a model where these

interactions stabilize cortical and astral microtubule attachments. A new study reported the role of MISP in

epithelial microvilli, where the authors observe localization at the rootlets of microvilli and determined that

MISP can bundle actin filaments in vitro (Morales et al., 2022). Future studies should investigate whether

the crosslinking ability of MISP is involved in stabilizing actin bundle formation with connections to the

microtubule network at the root of the microvillus. To date, MISP has not been reported to simultaneously

crosslink microtubules and actin filaments in vitro.

The ERM ABP family are responsible for crosslinking actin filaments to the plasma membrane when

active (Fehon et al., 2010). Moesin was also shown to directly bind microtubules and stabilize microtubules

10



at the cell cortex (Solinet et al., 2013). This report also found ezrin to be able to bind microtubules. An-

other interesting role of ezrin is to stabilize microvilli by linking the plasma membrane to the actin network

(Morales et al., 2022). Ezrin, and MISP, a binding partner of ezrin, were found to be mutually exclusive for

localization at the rootlets of microvilli (Morales et al., 2022). This leaves questions regarding the interplay

between ERM proteins and MISP in the crosstalk of the cytoskeleton in microvilli and other systems.

1.4.3.3 Motors

There are a few myosins, motor proteins that bind and exert forces on actin filaments, that have been re-

ported to interact with microtubules. Myo10, an unconventional myosin, was reported to associate with

microtubules and is involved in proper spindle orientation in mitotic cells (Kwon et al., 2015; Toyoshima

and Nishida, 2007; Weber et al., 2004). The Myo10-depleted cell spindle orientation are misoriented as

represented by greater spindle angle, the angle between the metaphase spindle axis and the subsrate surface

(Toyoshima and Nishida, 2007). In plants, myosin VIII has been found to be involved in coupling the dynam-

ics of the spindle and actin filaments facilitating persistent polarized growth of plant cells (Wu and Bezanilla,

2014, 2018). Finally, Myosin Va (MyoVa), in dilute (myosin Va-) melanocytes, is involved in microtubule-

dependent melanosome transport (Wu et al., 1998). Melanosome transport no longer persists in nocodozole

treated and dilute melanocytes, indicating that microtubules and MyoVa, respectively, are involved (Wu et al.,

1998). Further investigation has determined that MyoVa binds to melanophilin to interact with Rab27a, a

melanosome-bound small GTPase, for transport of melanosomes, and dephosphorylated melanophilin can

interact with microtubules (Oberhofer et al., 2017, 2020). Hence, MyoVa has been reported to switch its

motility along actin filaments to microtubules.

1.4.4 Other proteins – MAPs

MAPs are proteins that regulate the microtubule cytoskeleton in cells. In recent years, it has been discovered

that these proteins have additional functions interacting with actin filaments: physically crosslinking the two

together. Here, I’ll briefly describe these other proteins and their role in the crosstalk of the microtubule and

actin cytoskeletons.
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1.4.4.1 Stabilizers

Microtubule stabilizing proteins are MAPs that regulate microtubule dynamics by sustaining microtubule

growth, either by promoting growth or by preventing shrinkage. Doublecortin (DCX) is a neuronal MAP

that is important in neuronal migration and is the most common cause for X-linked lissencephaly (Moon and

Wynshaw-Boris, 2013). The first indication that DCX was involved in microtubule-actin crosstalk was when

ABP, neurabin II, was discovered to be an interacting protein of DCX (Tsukada et al., 2003). Then it was

revealed that DCX can directly interact with actin filaments, crosslink microtubules and actin filaments, and

when co-transfected with neurabin II, DCX colocalized with actin filament structures as well as microtubules

(Tsukada et al., 2005). A pollen-specific MAP, SB401, was found to bind and bundle microtubules, while

also enhancing tubulin polymerization—acting as a stabilizer (Huang et al., 2007). In the same study, it was

also reported that SB401 could bind and bundle actin filaments, as well as crosslink microtubules to actin

filaments. More work needs to be done to further investigate the specific interactions that occur for this form

of crosstalk.

Tau, a well-studied neuronal MAP, that promotes microtubule polymerization and bundling, is implicated

in Alzheimer’s disease and related neurodegenerative disorders (Ballatore et al., 2007). Specifically, the tau-

induced abnormal bundling of actin filaments has been reported to cause neurodegeneration in vivo (Fulga

et al., 2007). Tau has also been shown to interact with actin, bundle actin filaments, and promote coalign-

ment and co-organization of the microtubule-actin networks (Cabrales Fontela et al., 2017; Elie et al., 2015).

Finally, tau has been shown to be involved in the proper navigation of pioneer microtubules into the actin-

rich region of cortical growth cones (Biswas and Kalil, 2018). Two similar proteins, also from the classical

MAP family, MAP2c and MAP4, have been shown to bind and bundle both microtubules and actin filaments

(Doki et al., 2020; Roger et al., 2004). MAP2c binds and bundles F-actin, where the microtubule-binding

domain is necessary and sufficient for this activity (Roger et al., 2004). MAP4 crosslinks and colocalizes to

F-actin and microtubules in vitro and in neuronal processes, respectively (Doki et al., 2020). These proteins

demonstrate the importance of physical crosslinking of microtubules and actin networks in neuronal contexts.

1.4.4.2 Tumor Overexpressing Gene (TOG) domain proteins

The Tumor Overexpressing Gene (TOG)-domain protein family was named after the human microtubule

polymerase, the Colon and hepatic tumor overexpression gene (ch-TOG). The well-studied TOG protein,

Xenopus microtubule polymerase XMAP215, is involved in proper microtubule localization into the growth

cone during axonal guidance. Direct interactions between XMAP215 and the actin network in the growth
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cone are thought to potentially be involved (Lowery et al., 2013). Soon after that report, XMAP215 was

shown to directly bind actin filaments (Slater et al., 2019). XMAP215 contains five TOG domains that are

understood to interact with the microtubule lattice and soluble tubulin. Slater and colleagues demonstrated

that all five TOG domains were required for XMAP215 localization to actin in the growth cone.

Another TOG domain protein family, CLASPs are +TIPs that contain 2-3 canonical TOG domains (Fig-

ure 1.2). The TOG1 domain is homologous to the XMAP215 TOGs (Akhmanova et al., 2001). CLASPs

are also implicated to interact with microtubules and actin filaments. Specifically, it has been reported that

CLASP1 and CLASP2 colocalize with stress fibers in fibroblasts and interact with actin in coimmunopre-

cipitation experiments (Tsvetkov et al., 2007). Here, the authors suggest that the TOG1 domain and serine-

arginine-rich region of CLASPs facilitate the interaction (Tsvetkov et al., 2007) (Figure 1.1). Another report

demonstrates a direct interaction between monomeric actin and microtubules in the presence of CLASP2α

using a co-sedimentation experiment with purified proteins (Engel et al., 2014). If CLASPs can interact with

microtubules and actin filaments, then can it simultaneously bind the two? These two reports provide the

only evidence for CLASP-mediated microtubule-actin interaction.

Figure 1.2: Schematic of CLASP2α domain structure.
CLASP2α contains three TOG domains, responsible for microtubule interaction (blue) and proposed actin
filament interaction (red) for TOG1. CLASP2α also contains a Serine-Arginine rich region, which include

the SxIP motif, facilitating direct interaction with EB proteins. The Serine-Arginine rich region is
implicated in CLASP-mediated actin interaction and binding to the microtubule lattice. Finally, the CLIP-ID

or interacting protein region mediates interactions with other MAPs, including CLIP-170.

1.4.4.3 Motors

The plant Kinesin-14 protein family include a unique class of minus-end motors that have a CH domain,

referred to as KCHs, that are only in land plant cells and serve as microtubule-actin crosslinkers. Notably

higher order plants lack cytoplasmic dynein and instead contain a large number of KCHs, where it’s been

speculated to compensate for the loss of dynein (Lawrence et al., 2001; Tseng et al., 2018). For example,

the rice Kinesin-14 OsKCH1 has been characterized as a protein that can bind both microtubules and actin

filaments, where actin regulates the motors ATPase activity (Umezu et al., 2011). Newly, it was shown in
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vitro, that OsKCH1 can transport actin filaments along microtubule tracks and the transport velocities are

dependent on the motor orientation (Tseng et al., 2018; Walter et al., 2015). This is a great example of how

actin filament networks can regulate microtubule-dependent transport.

1.4.5 Other proteins – septins

The fourth component of the cytoskeleton, septins (SEPTs), have been an interest of study in the past few

years. Septins are a family of Guanosine-5’-triphosphate (GTP)-binding proteins that assemble into com-

plexes and have slower turnover rates after photobleaching than cortical actin, tending to be more stable fila-

ments (Hagiwara et al., 2011; Spiliotis and Nakos, 2021). The hetero-hexamer SEPT2, SEPT6, and SEPT7

(SEPT 2/6/7) have been reported to regulate microtubule dynamics by tuning EB1 interaction with micro-

tubule plus ends (Nakos et al., 2019). A new report demonstrates how SEPT2/6/7 can also crosslink dynamic

actin filaments to the microtubule lattice and are involved with the maintenance of the peripheral actin net-

work in growth cones (Nakos et al., 2022). The mechanical implications with this three-polymer, bundle

structure is of great interest in the mechanisms underlying growth cone guidance.

1.5 Summary

The cytoskeleton remodels and provides mechanical reinforcement for the cell to function properly. This

remodeling requires synchronized changes in the architecture of all four components of the cytoskeleton. Of

particular interest are the specific mechanisms underlying microtubule and actin filament crosstalk, due to

its broad functions in several cell types and implications in disease. This coordination is facilitated by many

crosslinking proteins that have recently been implicated in either directly interacting with multiple cytoskele-

tal filaments or by forming complexes with other proteins linking the two polymers together. Researchers are

still identifying novel proteins that can simultaneously crosslink microtubules and actin filaments, along with

characterizing specific interactions observed in vitro and in cells. The cytoskeletal crosstalk field is relatively

new, and an abundance of questions remain to be explored. With advancements in imaging techniques, bio-

chemical reconstitution, and computational methods, the future of this field looks bright for furthering our

understanding of the cytoskeleton.

A question that remains in the microtubule-actin crosstalk field regard the role of CLASPs and if it can

physically crosslink microtubules and actin filaments together. There are several instances in the coordination

of microtubules and actin filaments where CLASPs are implicated, markedly in cell motility. This disserta-
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tion investigates the role of CLASPs in microtubule and actin coordination in vitro and provides insight into

its role in cells. In Chapter 2, I discuss the powerful use of in vitro reconstitution and image analysis methods

to investigate CLASP-mediated microtubule and actin filament interactions. Then in Chapter 3, I confirm

that CLASP2α weakly interacts with actin filaments and preferentially localizes to bundled actin filaments,

supporting the hypothesis that CLASPs can directly crosslink microtubules and actin filaments. In Chap-

ter 4, I demonstrate that CLASP2α can simultaneously crosslink microtubules and actin filaments, where

CLASP can support multiple actin filaments binding along the microtubule lattice. In Chapter 5, I explore the

dynamic organization of microtubules and actin where I report that CLASP2 can mediate dynamic actin or-

ganization as templated by microtubules. In collaboration with the Kaverina laboratory, we provide exciting

insights into the physiological relevance of the microtubule-CLASP-actin interaction. In Chapter 6, I discuss

the overall implications of these results in the broader context of our understanding of microtubule and actin

coordination and implications in the mechanical stability of cytoskeletal networks.
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CHAPTER 2

in vitro reconstitution of microtubule and actin filament interactions

2.1 Introduction

The eukaryotic cell is a complex system with many different components. This complexity creates chal-

lenges in investigating the underlying mechanisms of cytoskeletal function in the cellular context. Over

several decades, researchers have developed techniques to isolate components of the cytoskeleton from the

cell to study in a minimal system. This concept, “bottom-up reconstitution,” has led to major advances in

the cytoskeletal field (Vale, 2014). Notably, the first successful use of in vitro reconstitution to study the

contraction of actomyosin threads was done in the 1940’s, where researchers demonstrated that muscle could

be extracted from the animal and still contract with addition of nucleotide and salt (Szent-Gyorgyi, 1942). In

the same journal publication, actin was first identified as a protein in the muscle stroma involved in muscle

contraction (Szent-Gyorgyi, 1942). These findings encouraged others to use in vitro reconstitution to investi-

gate the dynamic properties of cytoskeletal filaments.

The dynamic nature of microtubule and actin filaments was first observed in vitro in the late 20th century.

First, the polymerization of purified actin was reconstituted in vitro, where researchers developed an under-

standing for the mechanisms underlying actin polymerization (Kasai et al., 1962; Woodrum et al., 1975).

Shortly after, microtubules were reconstituted in vitro with the use of purified tubulin (Weisenberg, 1972)

and further characterized by Mitchison and Kirschner, who discovered that microtubules undergo stochastic

transitions between growth and shrinkage, termed dynamic instability (Mitchison and Kirschner, 1984). With

established actin and microtubule in vitro reconstitution methods, scientists continued to advance these tech-

niques exemplified by the introduction of purified actin binding proteins (ABPs) and microtubule associated

proteins (MAPs) to study their role in the regulation of actin and microtubule dynamics.

In recent years, scientists in the cytoskeleton field have furthered the complexity of the in vitro reconsti-

tution system to include a protein of interest and several types of cytoskeletal filaments, such as microtubules

and actin filaments (Preciado López et al., 2014; Prezel et al., 2017). Preciado-López and colleagues pub-

lished an in vitro reconstitution system that includes bundled actin filaments and dynamic microtubules to

investigate the ability of an engineered protein, TipAct-GFP, to co-align dynamic microtubule extensions with

bundled actin filaments (López et al., 2014; Preciado López et al., 2014). Shortly after, Prezel and colleagues

16



published a similar in vitro reconstitution system with both dynamic microtubules and actin filaments (Elie

et al., 2015; Prezel et al., 2017). This system allowed researchers to investigate the role of tau in actin fila-

ment bundling and in crosslinking microtubules and actin filaments together. The minimal systems used in

these studies were essential for characterizing the direct interactions between these proteins, which would be

difficult to characterize in cells.

These recent methodological reports were the inspiration and basis for the study of the microtubule-

CLASP-actin system presented in this work. This investigation takes advantage of the in vitro reconstitution

technique, specifically to study the interactions between microtubules, actin filaments, and CLASP2. Using

in vitro reconstitution provided a controlled system to study these interactions. We were able to control

the concentrations of purified protein and visualize experiments with high-resolution Total internal reflection

fluorescence (TIRF) microscopy. Subsequent data was suitable for image analysis using ImageJ (Schindelin

et al., 2012) and MATLAB to investigate colocalization and detailed interactions of the three proteins. In this

chapter, the major components and themes of the primary approach are included, with more specific detailed

methods at the end of each results chapter.

2.2 Experimental Approach

2.2.1 Protein Purification

Multiple methods were used to prepare purified proteins for this study. Tubulin and actin are the essen-

tial building blocks for studying the cytoskeleton and were purified in a similar fashion. First, tubulin was

extracted from bovine brains and was purified through rounds of temperature-dependent microtubule poly-

merization and depolymerization (Castoldi and Popov, 2003). Briefly, the brain was pre-clarified and then

was homogenized in ice-cold depolymerization buffer. Then, the brain homogenate was centrifuged at 4C

to collect the supernatant and discard the pellet containing any remaining brain tissue or debris. Next, nu-

cleotides, glycerol, and high-molarity Piperazine-N,N’-bis(2-ethanesulfonic acid)(PIPES) buffer were added

to the collected supernatant and incubated at 37C to allow for microtubule polymerization. Then, the super-

natant was ultracentrifuged to pellet the polymerized microtubules; the supernatant containing incompetent

tubulin was discarded. Microtubules were then depolymerized in ice-cold depolymerization buffer and ultra-

centrifuged, where the supernatant was collected and the pellet, containing incompetent microtubules, was

discarded. Next, the polymerization step was repeated, where the pellet of microtubules was collected. Fi-

nally, the microtubule pellet was depolymerized again at 4C and then subjected to a final cold spin. The

supernatant was collected and immediately flash-frozen for long term storage and use in experiments. The

use of the high-molarity buffer assists in excluding contaminating MAPs, by interrupting MAP interaction
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with microtubules. This improvement removed an ion-exchange chromatography step in the purification of

tubulin (Castoldi and Popov, 2003).

As stated above, actin was purified in a similar fashion as tubulin, with a round of polymerization and

depolymerization. Here, actin was purified in two steps, 1) preparing muscle acetone powder and 2) mus-

cle actin isolation (Pardee and Spudich, 1982). First, muscle acetone powder was prepared by first mincing

500 grams of flash frozen chicken breast and then subjecting to 10 extraction steps. The muscle residue is

extracted with subsequent stirring in potassium chloride, baking soda, an aminopolycarboylic acid, water,

and acetone. The remaining residue is air-dried overnight and stored at -20C for use. For actin isolation, 5

grams of acetone powder was further extracted in Buffer A, a Tris buffer made for depolymerizing conditions

containing Adenosine triphosphate (ATP), a reducing agent (βME), calcium chloride, and azide. Then, the

extraction was filtered through cheesecloth and subjected to centrifugation to remove bulk solids. The super-

natant was collected, and salts and nucleotide were added to induce actin polymerization at 4C. To remove

tropomyosin, solid potassium chloride is added to the supernatant for a high salt wash. After this wash, the

sample is ultracentrifuged to remove incompetent actin in the supernatant and keep the actin filaments in the

pellet. Over three days, the actin filaments were put under dialysis at 4C with 2-3 Buffer A changes to allow

for complete depolymerization. Finally, the sample was then centrifuged to remove any remaining filaments

or oligomers of actin and the supernatant was flash-frozen for storage.

Isolated tubulin and actin were labeled with fluorescent dyes for imaging and tubulin was biotinylated

to allow for surface binding to the coverslip. Purified tubulin was polymerized and covalently labeled with

biotin, tetramethyl rhodamine, or Alexa 647, and then depolymerized, followed by another round of polymer-

ization and depolymerization to obtain labeled, functional tubulin (Hyman et al., 1991). Purified G-actin was

labeled with AlexaFluor 647 in a similar fashion for actin polymerization experiments (Shekhar, 2017). It is

important to note here that tubulin and actin are polymerized into filament form before covalently labeling,

to ensure the fluorescent dye binds to residues not involved in the polymerization activity of tubulin or actin.

Microtubule associated proteins were purified using standard biochemical approaches. Full-length CLASP2α

with histine, eGFP, and strep tags, was expressed using a S. f rugiperda (Sf9) insect cell system. CLASP2a

was purified from cell lysates through a HisTrapHP column and then further purified through size exclusion

chromatography. The minimal CLASP construct, L-TOG2-S, with His and eGFP tags, was expressed using

an E.coli bacterial system. L-TOG2-S was purified from cell lysates through a HisTrapHP column and then

was desalted in a PD-10 desalting column. Proteins were flash frozen into small, single use aliquots for ex-
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periments.

2.2.2 in vitro reconstitution of microtubules and actin filaments

To study the ability of CLASP to crosslink microtubules and actin filaments simultaneously, an in vitro re-

constitution approach was used with purified protein components and TIRF microscopy. In brief, this assay

consists of stabilized microtubules, immobilized on the surface with a protein of interest and stabilized actin

filaments floating in solution. In other experiments, the actin form was adjusted, where monomeric G-actin

was in solution. The experiment is imaged over time using TIRF microscopy, resulting in a time-lapse movie.

Fluorescently tagged proteins are used to visualize their location. Movies are analyzed using methods de-

scribed below, to measure co-localization and characterize actin filament landing events. Any modifications

to this experimental design in the results will be specified in the corresponding chapters.

Figure 2.1: Schematic diagrams for experimental setup for investigating microtubule-actin interactions as
mediated by CLASP2α using TIRF microscopy
The primary experimental setup for the F-actin landing assay. Taxol stabilized biotinylated microtubules are

bound to the coverslip via NeutrAvidin-biotin linkage, then CLASP2α-GFP and phalloidin stabilized
F-actin (Chapter 3 and 4) or soluble G-actin (Chapter 5) are added together to measure crosslinking

interactions. For all experiments, dynamics and interactions are limited to the coverslip surface, ideal for
TIRF microscopy described in further sections.

Much of the work presented here used in vitro reconstitution of microtubules and actin filaments, specif-

ically the actin filament landing assay, a novel method in the field that will be described briefly here (Figure

2.1). To increase the amount of positive signal to background noise in our imaging, high-precision coverslips

are cleaned with piranha solution (30/70% (v/v) hydrogen peroxide and sulfuric acid) to remove all organic

material (Gell et al., 2010). Then coverslips were treated with silane to make the glass surface hydrophobic.
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The hydrophobic surface assists with passivation of the glass surface for experiments. Also, the silane treat-

ment further protects the surface from future debris. Coverslips of 18 x 18 and 22 x 22 nm size were cleaned

in this manner. Two coverslips are used to create flow channels for experiments. Assembled on a custom

brass holder, one 22 x 22 mm coverslip is placed in the holder. Then, three narrow strips of parafilm, of about

3 mm in width, are placed horizontally, 2-3 mm apart, on the coverslip in an arrangement making two lanes,

termed flow channels. Next, one 18 x 18 mm coverslip is placed on top creating a sandwich, with the parafilm

in between the coverslips. A hot, 18 x 18 mm heat block is placed gently on top to melt the parafilm and bind

the coverslips together. Due to the size difference in the coverslips, a platform is created for easy addition of

new solutions and flow through the channel.

Once assembled, solutions are flown through the channel to passivate the surface. For most experiments,

NeutrAvidin (25 µg/ml) was used to passivate the surface for binding to biotinylated microtubules. Then,

the surface was blocked with Pluronic F127 to decrease non-specific binding of proteins to the surface. The

channels are washed in between these steps with a microtubule-actin buffer (MRB80; 80 mM PIPES, 4 mM

MgCl2, 1 mM EDTA, pH 6.8). Channels were prepared immediately before experiments and were stored in

humid conditions to avoid channels drying out.

Taxol is a antimitotic agent and is a commonly used drug to treat specific cancers (Rowinsky et al., 1990).

Taxol functions by changing the structure of the microtubule and stabilizing it (Arnal and Wade, 1995). Here,

Taxol was used to stabilize microtubule templates for investigating F-actin co-alignment. Long, Taxol sta-

bilized microtubules, composed of 16% biotinylated and 5% Cy5 tubulin, were prepared for experiments.

Briefly, 35 µM tubulin was polymerized with GTP and MgCl2 at 35C for 1 hour. Then, microtubules were

ultracentrifuged at 126,000 x g for 5 minutes to remove any remaining tubulin dimers from solution. The

microtubule pellet was resuspended in 50 - 100 µl of MRB80 supplemented with Taxol. Taxol stabilized

microtubules stock was used for up to 5 days. For experiments, microtubules were perfused through the flow

cell to bind to the surface. Channel was then washed with MRB80, once an optimal density of microtubules

was observed. An imaging buffer (40 µg/ml glucose oxidase, 40 mM di-glucose, 18 µg/ml catalase, 0.08

mg/ml casein, 10 mM Dithiothreitol (DTT), and 0.2 mM ATP) was then added to the flow cell in preparation

for imaging. The reagents in the imaging buffer consist of oxygen scavengers to promote a protein-friendly

reducing environment.

Finally, a reaction mix is perfused through the channel. For most experiments, 100 nM CLASP2α-GFP

and 6.5 µM phalloidin stabilized F-actin was perfused through the channel with simultaneous imaging. In
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brief, F-actin was prepared by first pre-clarifying G-actin and then was polymerized with the addition of

KCl, MgCl2, and ATP for 1 hour. Then, equimolar amount of Tetramethylrhodamine (TRITC)-Phalloidin

was added to the F-actin mix and incubated for 15 minutes at room temperature. Finally, F-actin was ultra-

centrifuged at 150,000 x g for 10 minutes and resuspended with MRB80, DTT, and ATP. F-actin stock was

used for up to a week. This method can easily be modified with different proteins in solution or different

cytoskeletal polymers immobilized on the surface (Figure 2.1). Such modifications were used in this study,

depending on the experimental question, and are specified in the corresponding chapters.

2.2.3 TIRF microscopy

In combination with in vitro reconstitution, we use TIRF microscopy to visualize the interactions and dy-

namics of our system. TIRF microscopy is a light microscopy technique that provides the excitation of

fluorophores in a very thin region (Fish, 2022; Gell et al., 2010). TIRF relies on the laser beam hitting the

coverslip at a specific critical angle, where the light is completely reflected from the glass/solution interface

(Figure 2.2). This reflection generates a thin electromagnetic field, termed the evanescent wave, within the

sample. The depth of the evanescent wave is dependent on the angle of the incident light, wavelength, and its

refractive index difference (Figure 2.2). Typically, the evanescent wave is 100 – 200 nm in depth. The very

thin slice of the imaging plane greatly reduces the number of fluorescent proteins excited within the sample

decreasing background signal, hence improving the signal to noise ratio. For our purposes, we immobilize

microtubules to the surface to then measure dynamics occurring within the microtubule plane, excited within

the evanescent wave.

Figure 2.2: Simplified optical geometry of the total internal reflection (TIR) generation of the evanescent
wave used in TIRF microscopy.

The intensity of the evanescent field (I) decays exponentially in the z plane, perpendicular to the glass
surface into the solution. This decay has a characteristic depth (d), which is the distance at which the

intensity has decreased e-fold. The laser wavelength (λ ), the incidence angle of the laser light (θ ), which is
the critical angle for complete internal reflection, the refractive index of the glass (n1), and refractive index
of the solution (n2) determine the depth of the evanescent field generated. To facilitate TIR, the refractive

index of the glass should be greater than that of the solution. Fluorophores within the evanescent field depth
will be excited and visualized using TIRF microscopy.
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For most of this work, the imaging was performed on a Nikon Eclipse Ti microscope with a 100x/1.49

n.a. TIRF objective, equipped with Andor iXon Ultra EM-CCD camera, 488-nm, 561-nm, and 640-nm solid

state lasers (Nikon Lu-NA), Finger Lakes Instruments HS-625 high-speed emission filter wheel, and standard

filter sets. Laser exposure time was 100 ms for all experiments. Experiments were performed at 35C using a

Tokai Hit objective heater. Images were acquired using NIS-Elements (Nikon). Time-lapse lengths of movies

varied between 10 – 60 minutes and frame rates varied between 0.3 – 5 frames per second depending on the

experimental question.

2.3 Image Analysis

Colocalization is a very common analysis method when using fluorescence microscopy to compare two flu-

orescence distributions to infer whether those particles are associated (Dunn et al., 2011). There are several

statistical measurements to quantify colocalization of images and for this work we used the Pearson correla-

tion coefficient (PCC) value. To measure colocalization of an image, the intensity of one color (Red, R) is

plotted against the intensity of the second color (Green, G). The slope of the distribution reflects how colo-

calized the fluorescent probes are. The PCC value is a statistical measure of correlation for two colors and is

represented as,

PCC =
∑i(Ri −R)x(Gi −G)√

∑i(Ri −R)2x∑i(Gi −G)2)
, (2.1)

where Ri and Gi refer to the color intensity values of pixel i, and R and G are the mean intensities from

the entire image. PCC values range between -1 and 1, where 1 represents a perfect correlation, a value of 0

represents no relation, and -1 represents an inverse relationship between the two. We used an ImageJ plugin,

JACoP (Just Another Co-localization Plugin) to measure colocalization of microtubules and F-actin (Bolte

and Cordelières, 2006; Dunn et al., 2011). Colocalization was also measured using the MATLAB correlation

coefficient function. This quantification allowed for us to quantify the relationship between microtubules-

CLASP, F-actin-CLASP, and microtubules-F-actin when CLASP2 is localized along the microtubule lattice

(Chapters 3-4).

2.4 Summary

The use of both biochemical in vitro reconstitutions, TIRF microscopy, and quantitative image analysis allows

for the robust study of the direct interactions of microtubules and actin filaments together in the presence of

MAPs. Future work will continue to increase the complexity of this minimal system to build up the cell to

elucidate the mechanisms underlying cellular function.
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CHAPTER 3

CLASP2 weakly interacts with actin filaments in vitro

Adapted from: Rodgers, N.C., E.J. Lawrence, A.V. Sawant, N. Efimova, G. Gonzalez-Vasquez, T.T. Hick-

man, I. Kaverina, and M. Zanic. 2023. CLASP2 facilitates dynamic actin filament organization along the

microtubule lattice. Molec. Biol. Cell. 34(3). doi: 10.1091/mbc.E22-05-0149

3.1 Introduction

3.1.1 CLASPs are a family of MAPs that regulate the microtubule cytoskeleton

Cytoplasmic linker associated proteins (CLASPs) are a well-studied family of microtubule-associated pro-

teins (MAPs), that have been implicated in interacting with both microtubules and actin filaments (Dogterom

and Koenderink, 2019; Engel et al., 2014; Tsvetkov et al., 2007). CLASPs are known as microtubule stabi-

lizers with essential roles in cell division, cell migration, and neuronal development (Lawrence et al., 2020).

There are two paralogs of CLASP, CLASP1 and CLASP2, that are alternatively spliced resulting in multi-

ple isoforms, which are differentially expressed and may have some isoform-specific functions (Akhmanova

et al., 2001; Lawrence et al., 2020). in vitro studies with purified proteins established that CLASPs promote

sustained microtubule growth by suppressing microtubule catastrophe and promoting microtubule rescue

(Aher et al., 2018; Akhmanova et al., 2001; Al-Bassam et al., 2010; Lawrence et al., 2018; Leano et al.,

2013; Maki et al., 2015; Patel et al., 2012). In cells, CLASPs are targeted to growing microtubule plus ends

via a direct interaction with microtubule end-binding EB proteins and can specifically regulate microtubule

dynamics at the actin-rich cell cortex (Mimori-Kiyosue et al., 2005). Furthermore, CLASPs are involved in

the process of microtubule plus-end capture at the cell cortex through interactions with LL5β , a component

of the cortical microtubule stabilization complex (Hotta et al., 2010; Lansbergen et al., 2006; Stehbens et al.,

2014). CLASPs’ stabilization and anchoring of microtubules is also important for the regulation and dynam-

ics of podosomes, polymerizing actin-based structures, in vascular smooth muscle cells (Efimova et al., 2014;

Zhu et al., 2016). All these studies suggest CLASPs’ roles in the interplay between the microtubule and actin

networks. However, it remains unclear if CLASPs directly interact with the actin network in these contexts.

3.1.2 CLASPs are implicated to interact with the actin cytoskeleton

A previous study investigating CLASP-actin interaction reported that the two CLASP paralogs, CLASP1

and CLASP2, colocalize with actin stress fibers in primary fibroblasts and spinal cord neurons (Tsvetkov
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et al., 2007). The authors found that both CLASP paralogs coimmunoprecipitated with actin from fibroblast

cells and suggested that the TOG1 domain and serine-arginine rich region of CLASP2α facilitate the F-

actin interaction. Another study, using co-sedimentation experiments with purified proteins reported a direct

interaction between F-actin and CLASP2α , as well as co-sedimentation of G-actin with microtubules in the

presence of CLASP2α (Engel et al., 2014). To our knowledge, these two reports provide the only evidence

of CLASP-actin interaction, leaving open the question of whether CLASP alone is sufficient for crosslinking

of microtubules and actin filaments, which may play a role in the organization of stress fibers in cells.

3.2 Results

3.2.1 CLASP2α does not co-localize with single actin filaments in vitro

To investigate CLASP2α interaction with F-actin, we first used TIRF microscopy to directly observe colo-

calization of CLASP2α and F-actin in an in vitro reconstitution assay with purified proteins (Figure 3.1).

Here, we used stabilized microtubules, as a positive control, to measure colocalization. Microtubules were

stabilized using a slowly hydrolysable GTP analog, guanylyl(α ,β )-methylene diphosphonate (GMPCPP)

(Hyman et al., 1991). As expected, CLASP2α localized along the entire microtubule lattice (Figure 3.1A).

CLASP2α-GFP colocalized with microtubules with a mean PCC value of 0.831 ± 0.006 (mean, SEM, N =

24 field of views) (Figure 3.1B). Phalloidin-stabilized F-actin was then used to probe CLASP2α interaction.

Surprisingly, under the same conditions, no colocalization of CLASP2α with single F-actin was observed

with a mean PCC value of 0.026 ± 0.004 (mean, SEM, N = 25 field of views) (Figure 3.1A-B). In these

conditions, CLASP2α does not colocalize with single actin filaments.

Figure 3.1: CLASP2 does not co-localize with single actin filaments in vitro
A) TIRFM images of CLASP2 (green) co-localization with microtubules (red) and single F-actin (red). The
microtubules and single F-actin intensities are scaled differently for better visualization. CLASP2α intensity
is scaled the same. B) The Pearson correlation coefficient (PCC) values for co-localization of CLASP2 on
microtubules (N = 24 field of views) and single F-actin (N = 25 field of views) over 2 experimental days

noted by color. Error bars are the SEM. Mann-Whitney t-test: **** p < 0.0001.
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3.2.2 The minimal CLASP construct, L-TOG2-S, weakly binds F-actin

Previous reports using co-immunoprecipitation from fibroblast cells implicated a Serine-Arginine rich region

of CLASP2α in its interaction with actin (Tsvetkov et al., 2007). Recently, a minimal CLASP2 construct, L-

TOG2-S, containing a single TOG2 domain and the Serine-Arginine rich region, was reported to recapitulate

CLASP’s effect on microtubule dynamics (Aher et al., 2018)(Figure 3.2A). Based on our difficulty measur-

ing colocalization of CLASP2α with F-actin using TIRF microscopy, we alternatively measured the direct

interaction of the L-TOG2-S minimal construct of CLASP2 with F-actin using co-sedimentation experiments

(Figure 3.2B). We measured the fraction of GFP-L-TOG2-S protein pelleting with F-actin over a range of

F-actin concentrations and determined the binding affinity of the L-TOG2-S – F-actin interaction to be 1.1 ±

0.6 µM (95% CI) (Figure 3.2C). This result supports that the CLASP2α TOG2 domain with serine-arginine

rich region can bind weakly to phalloidin-stabilized F-actin.

Figure 3.2: Minimal CLASP construct, L-TOG2-S, weakly binds F-actin
A) Schematic of the domain structure of human CLASP2α and minimal construct, L-TOG2-S. B) Example

SDS-PAGE gel from high-speed co-sedimentation experiments. Red boxes represent L-TOG2-S bands
quantified for supernatant and pellet. C) The quantification of the fraction of GFP-L-TOG2-S in the pellet as

a function of F-actin concentration Data points of different colors represent measurements from one
experiment. Errors bars are the error propagation (see Methods). Results are fit to the equation in panel and

represented by the black line. Experiments performed in triplicate.

3.2.3 CLASP2α preferentially localizes to bundled actin filaments in vitro

In cells, CLASP2α was observed to colocalize with actin stress fibers (Tsvetkov et al., 2007). Therefore, we

hypothesized that CLASP2 may colocalize with bundled actin structures in vitro using TIRF microscopy. To

investigate whether CLASP2α interacts with bundled F-actin, we generated bundles using crowding agents,

similar to previously published reports (Figure 3.3) (Preciado López et al., 2014). Here, we observed some

colocalization of CLASP2α with bundled actin structures (Figure 3.3A). Interestingly, CLASP2α localiza-
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tion appeared to be stronger for brighter bundles of actin filaments (Figure 3.3B). Drawing an intensity line

scan across a dimmer actin structure and brighter actin structure within the same area, we find the CLASP2α

signal to correlate with the actin signal, only for the brighter actin structure. Therefore, we measured the

PCC for CLASP2α localization on varying intensities of F-actin (Figure 3.3C-D, see Methods). Comparing

the PCC values for low intensity F-actin and bright intensity F-actin in the same field of view, we observed

a significant increase in colocalization for bundled F-actin (Figure 3.3D, mean PCC = 0.025 ± 0.003 versus

PCC = 0.61 ± 0.03, SEM, N = 39 field of views). CLASP2α colocalization with microtubules was measured

in parallel, where we found no significant difference between localization of CLASP2α to microtubules as

compared to higher intensity F-actin (Figure 3.3D). Together, these results support that CLASP2α weakly

interacts with F-actin and may preferentially interact with bundled F-actin.

Figure 3.3: CLASP2 preferentially localizes to bundled actin filaments in vitro
A) Example images of CLASP2α (green) localization to phalloidin-stabilized methylcellulose bundled

F-actin (red). Bundled F-actin alone image is colored based on intensity. White dashed-box indicates the
zoomed in images in Panel B. B) Example images of CLASP2 (green) localization on methylcellulose
bundled F-actin (red). Dashed white line denotes intensity line scan below images. Plot of F-actin and
CLASP2 intensity along the line. C) CLASP2 intensity versus F-actin intensity for image in Panel A to

demonstrate PCC calculation. D) Quantification of the PCC values for CLASP2 localization on
methylcellulose-bundled F-actin (N = 39 fields of view over 3 experimental days) and microtubules as a
positive control (N = 37 fields of view over 3 experimental days). Different colored data points represent
different experimental days. The PCC is reported for methylcellulose bundled F-actin intensities divided
into low intensity F-actin and bundled intensities (see Methods). Error bars are the SEM. Kruskal-Wallis

test, with multiple comparisons, ns p > 0.05, **** p < 0.0001.
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3.3 Discussion

CLASP2α has been reported to interact with actin filaments previously, even though CLASP2α does not con-

tain a recognized actin binding domain (Engel et al., 2014; Tsvetkov et al., 2007). Due to this discrepancy,

we first investigated the ability of CLASP2α to directly interact with F-actin. In our experiments, we were

able to determine a relative affinity for the interaction between the minimal CLASP2 construct and F-actin.

The minimal CLASP2 construct (L-TOG2-S) contains the TOG2 domain and portion of the Serine-Arginine

rich region of CLASP2 (Aher et al., 2018). Tsvetkov and colleagues reported that the Serine-Arginine rich

region colocalized with actin stress fibers and coimmunoprecipitated with actin (Tsvetkov et al., 2007). Our

result that the minimal CLASP2 construct can bind actin is thus consistent with previously published results.

We determined that the relative affinity for the L-TOG2-S construct with F-actin to be in the micromolar

range, which is relatively weak compared to the nanomolar range affinity of CLASP for microtubules (Patel

et al., 2012). The Serine-Arginine rich region of CLASP2 is highly electrostatic (Al-Bassam et al., 2010; Patel

et al., 2012). This low affinity and electrostatic region may explain the differential localization of CLASP2

to single actin filaments versus larger actin structures. Other MAPs and binding partners of CLASPs, EB and

CLIP-170, were reported to weakly interact with F-actin and these interactions were found to be electrostatic

in nature (Alberico et al., 2016; Wu et al., 2021). However weak, these interactions can still occur in the cell

in regions of high actin density, such as the lamella in migrating cells, which has been shown to have actin

concentrations in the hundreds of micromolar (Abraham et al., 1999; Koestler et al., 2009). Thus, proteins

that have weaker interactions with F-actin, such as CLASP, EB, and CLIP-170, could be important when

located near large actin networks or actin bundles. Future work investigating the CLASP domains and the

role of ionic interactions with F-actin will better our understanding of CLASP as an actin binding protein.

3.4 Methods

3.4.1 Protein Purification

His-CLASP2α-EGFP-Strep was expressed in baculovirus-infected Sf9 insect cells and His-EGFP-L-TOG2-

S was expressed in BL21(DE3) E. coli cells, purified and stored in CLASP storage buffer (25 mM PIPES

[piperazine-N,N’-bis(2-ethanesulfonic acid)] (pH 6.8), 150 mM KCl, 5% (v/v) glycerol, 0.1% (v/v) Tween-

20, 50 mM L-glutamate, 50 mM L-arginine, and 1 mM DTT). Tubulin and G-actin purification and labeling

are described in Chapter 2. G-actin was stored in general actin buffer (2 mM Tris-HCl pH 8.0, 0.2 mM

ATP, 0.5 mM DTT, 0.1 mM CaCl2, and 1 mM NaN3) (Pardee and Spudich, 1982). Protein concentration

was determined using absorbance at λ = 280 nM and 290 nM for G-actin. For colocalization experiments,

unlabeled and rhodamine labeled G-actin was purchased from Cytoskeleton, Inc and stored in general actin
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buffer.

3.4.2 Colocalization Experiments

GMPCPP microtubules were prepared by incubating 1 mM GMPCPP with 1 mM MgCl2, 5 µM tubulin,

and MRB80 for about an hour. GMPCPP microtubules were labeled with 20-24% tetramethyl rhodamine.

GMPCPP microtubules were then spun down and resuspended in 100 µL MRB80. Phalloidin-stabilized F-

actin, labeled with 30% tetramethyl rhodamine (Cytoskeleton, Inc), were prepared as described by Preciado-

López and colleagues (Preciado López et al., 2014). F-actin (2-3 µM) was bundled with 0.5% methylcellulose

for 5 minutes at room temperature. Either GMPCPP microtubules, single F-actin, or bundled F-actin were

added to an anti-rhodamine functionalized chamber and allowed to bind to the surface. Chamber was then

washed with imaging buffer (MRB80, 0.1% methylcellulose, 0.2 mM ATP, 40 µg/mL glucose oxidase, 40

mM glucose, 16 µg/mL catalase, 0.08 mg/mL casein, and 10 mM DTT). Then, 100 nM CLASP2α-GFP in

imaging buffer was added. Experiments were done 2-3 times. 10-15 fields of view were randomly imaged

along the channel for colocalization. 488- and 561-nm lasers were used for colocalization experiments.

3.4.3 Colocalization Image Analysis

ImageJ was used to measure the intensity values of the microtubule or F-actin and CLASP channels. First,

images were cropped to remove out of focus pixels. Then, the background intensity was subtracted using the

50-pixel rolling ball background subtraction plugin. The intensity values were saved, and Pearson correlation

coefficient was calculated using the corrcoef MATLAB function. Single and bundled F-actin were differen-

tiated using intensity. For each image, single filaments were cropped out of the field of view and the mean

filament intensity was measured, along with the standard deviation. Single filaments were then defined as a

range between one standard deviation below the mean and two standard deviations above the mean. Bundled

F-actin were defined as intensities two standard deviations above the single F-actin mean. Then, the PCC

values were measured for those ranges of F-actin pixel intensities. Plots produced in GraphPad Prism.

3.4.4 High speed co-sedimentation experiments

F-actin was prepared as described in Chapter 2, however with unlabeled phalloidin stabilization. GFP-L-

TOG2-S protein was pre-clarified by spinning down at 400,000 x g for 10 minutes at 4C. A titration of

F-actin concentrations (0, 0.5, 1, 2.5, 5, and 10 µM) were incubated with 360 nM GFP-L-TOG2-S at 37C

for 15-30 minutes in general actin buffer. Then, samples were ultracentrifuged at 184,000 x g for 20 minutes

at 26C. 50 µL of the top supernatant was collected and 13 µL of 5X SDS Loading Dye was added. The

remaining supernatant was collected and stored as waste. The pellet was resuspended in 63 µL of 1X SDS
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Loading Dye and subsequently stored at -20C. Samples were then prepared for electrophoresis. The pellet

sample was thawed and 15 µl of sample was added to 15 µl of 1X SDS Loading Dye. 30 µl of top supernatant

sample was thawed and then samples were boiled at 95C for 5 minutes, and then loaded onto a 12% SDS-

PAGE gel. Gels were stained with SYPRO Ruby Protein Gel Stain and imaged with a Gel Doc EZ system.

Experiments were performed in triplicate.

3.4.5 Protein Gel Densitometry

Gels were quantified using the Gel Analyzer ImageJ plugin. In brief, lane profile plots were produced using

the rectangular selection tool, lines were drawn to enclose the peaks of interest, and the peak areas were mea-

sured in triplicate. The top band of the GFP-L-TOG2-S protein was measured. The peak area measurements

for the GFP-L-TOG2-S protein were averaged. Then, each supernatant and pellet peak areas were summed

and the peak area of the GFP-L-TOG2-S in the pellet sample was divided by the total amount of protein in the

sample. Then, the fraction of GFP-L-TOG2-S in the pellet was plotted as a function of F-actin concentration

and fit to the equation,

y =
ymax ∗ [x]
Km +[x]

+ y0, (3.1)

using the MATLAB Curve Fitting Tool (MathWorks, Inc.). The ymax, yo, and Km values were calculated

with the 95% confidence interval. The resulting fit was plotted with the individual data points in MATLAB.

Error bars on the individual data points are the error propagation.
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CHAPTER 4

CLASP2 directly crosslinks multiple actin filaments to the microtubule lattice

Adapted from: Rodgers, N.C., E.J. Lawrence, A.V. Sawant, N. Efimova, G. Gonzalez-Vasquez, T.T. Hick-

man, I. Kaverina, and M. Zanic. 2023. CLASP2 facilitates dynamic actin filament organization along the

microtubule lattice. Molec. Biol. Cell. 34(3). doi: 10.1091/mbc.E22-05-0149

4.1 Introduction

Our previous findings demonstrate that CLASP2α can directly interact with actin filaments and microtubules,

thus we were interested in determining if CLASP2α could simultaneously bind both. Since we suspected that

the CLASP2α interaction with F-actin is relatively weak, we were interested in investigating crosslinking

when CLASP2 is concentrated along the entire microtubule lattice. A form of microtubule and actin filament

crosslinking in the cell includes interactions that occur along the microtubule lattice, such as what has been

reported for neuronal MAP tau (Elie et al., 2015). Tau has been shown to be involved with supporting micro-

tubule growth into the filopodia of cortical growth cones (Biswas and Kalil, 2018). Intriguingly, CLASPs are

also implicated in the crosstalk of the microtubule and actin network in neurons (Dogterom and Koenderink,

2019). Specifically, Xenopus CLASP1 depletion in spinal cord neurons resulted in similar defects in micro-

tubule outgrowth into actin-rich growth cones, as was found for tau (Marx et al., 2013). Here, we explored the

crosstalk interactions between microtubules and actin filaments that occur when CLASP2 is localized along

the microtubule lattice.

4.2 Results

4.2.1 Human CLASP2α directly crosslinks actin filaments to microtubules

To investigate CLASP2α’s ability to directly crosslink microtubules and actin, we bound Alexa-647-labeled,

Taxol-stabilized microtubules to the surface of a coverslip. Next, we added 6.5 µM TRITC-phalloidin-

stabilized F-actin in the absence (Figure 4.1A, top) or presence (Figure 4.1A, middle) of 100 nM purified

CLASP2α-GFP to the flow-cell. As expected, we observed specific CLASP2α-GFP localization along the

microtubule lattice (Figure 4.1A, middle). We quantified the correlation between the CLASP2α-GFP and

microtubule signals after 10 minutes of incubation using the PCC and measured a high degree of correlation

(PCC = 0.88 ± 0.06, SD, N = 9 fields of view (FOV) over 3 independent experimental days) (Figure 4.1B).

The investigation of TRITC-phalloidin-F-actin showed that F-actin robustly co-localized with microtubules

in the presence of CLASP2α-GFP (PCC = 0.86 ± 0.05, SD, N = 9 FOVs over 3 independent experimental
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days) (Figure 4.1A,C). No significant colocalization between microtubules and F-actin was observed in the

absence of CLASP2α (PCC = 0.022 ± 0.001, SD, N = 9 FOVs over 3 independent experimental days) (Fig-

ure 4.1A,C). Furthermore, we confirmed that the co-localization of F-actin with microtubules did not depend

on stabilization of F-actin using phalloidin, as F-actin also localized to CLASP2-coated microtubules in the

absence of phalloidin (Figure 4.2). Taken together, we conclude that CLASP2α directly crosslinks F-actin to

microtubules.

Figure 4.1: Human CLASP2α directly crosslinks actin filaments to microtubules.
A) Representative images of Taxol-stabilized microtubules incubated for 10 minutes with storage buffer, 100
nM CLASP2α-GFP, or 100 nM GFP-L-TOG2-S and 6.5 µM TRITC-Phalloidin F-actin. B) Quantification
of co-localization between either CLASP2α or L-TOG2-S with microtubules using the Pearson correlation
coefficient (PCC). C) Quantification of co-localization between actin filaments and microtubules, using the
PCC. Small data points are individual PCC measurements and large data points are the mean PCC for three
independent experimental days, represented by color. Error bars are the standard deviation. Kruskal-Wallis

test multiple comparisons, ** p < 0.01 and *** p < 0.001. Comparisons between CLASP2α and
L-TOG2-S are ns, p > 0.05.
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Since we were able to determine the relative binding affinity of the minimal CLASP2 construct and F-

actin, we wondered whether this CLASP2 construct is also sufficient to crosslink microtubules and F-actin.

We used the same TIRF-based approach to investigate TRITC-phalloidin-F-actin localization on microtubules

in the presence of purified 100 nM GFP-L-TOG2-S. As expected, GFP-L-TOG2-S showed strong localization

to microtubules (PCC = 0.87 ± 0.04, SD, N = 9 FOVs over 3 independent experimental days) (Figure 4.1A,B).

Furthermore, we found that F-actin also robustly colocalized with microtubules in the presence of GFP-L-

TOG2-S (PCC = 0.88 ± 0.04, SD, N = 9 FOVs over 3 independent experimental days) (Figure 4.1A,C).

Taken together, these results demonstrate that, despite the relatively weak direct interaction with F-actin,

the minimal CLASP2α construct containing a single TOG2 domain and the Serine-Arginine rich region is

sufficient to crosslink F-actin to microtubules.

Figure 4.2: Accumulation of multiple actin filaments on microtubules is not dependent on TRITC-phalloidin
stabilization.

Example TIRF time-lapse images of 1 µM phalloidin-stabilized F-actin and 1 µM F-actin (20%
Alexa647-labeled) localizing along CLASP2α-coated microtubules.

4.2.2 CLASP2α mediates sequential binding of actin filaments along the microtubule lattice

To further investigate how actin filaments interact with microtubules in the presence of CLASP2α , we imaged

TRITC-phalloidin-F-actin on microtubules over time for up to 40 minutes. We observed the initial landing of

actin filaments within two minutes (Figure 4.3A). Notably, the F-actin signal continued to increase over time,

reaching saturation within the duration of the experiment (Figure 4.3B). A closer inspection of the increasing

TRITC-phalloidin-F-actin intensity on individual microtubules revealed step-like increases in fluorescence

intensity on a region of microtubule lattice (Figure 4.3C), suggesting sequential binding of actin filaments.

Using a stepping analysis (Bronson et al., 2009), we measured the accumulation of F-actin within a 3-pixel-

wide (480 nm) microtubule segment over a period of 40 minutes. The mean number of landing events was

18 ± 0.6 (SD, N = 91, 99, and 54 microtubule lattice segments analyzed on three experimental days), with up

to 11 sequential F-actin landing events occurring on a single microtubule segment (Figure 4.3D).
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Figure 4.3: CLASP2 mediates sequential binding of actin filaments along the microtubule lattice.
A) Example time-lapse TIRFM images of Taxol-stabilized microtubules, in the presence of 100 nM

CLASP2α-GFP and addition of 6.5 µM TRITC-phalloidin-stabilized F-actin. White dotted line corresponds
to the kymograph in Panel C. B) Example normalized actin filament intensity in microtubule areas over time

for the images in panel A. Red dotted line represents the fit to the intensity over time equation. C) Top:
kymograph of the F-actin channel for an example microtubule (denoted by a dotted orange line in Panel A)
for the first 5 minutes. Red dotted line corresponds to the intensity line scan. Bottom: 3-pixel intensity line

scan for the F-actin channel in the kymograph. Red line represents the vbFRET stepping algorithm fit to
count steps of F-actin landing events (see Methods). D) Stacked histogram of the total number of F-actin

landing events on microtubule segments. Experiments done in triplicate (N = 91 (Trial 1), 99 (Trial 2), and
54 (Trial 3) microtubule regions analyzed).

4.2.3 Purified human CLASP2α does not bundle actin filaments

We wondered if the sequential accumulation of F-actin on microtubules could be supported by potential F-

actin bundling activity of CLASP2α . To test whether CLASP2α on its own can bundle F-actin, we incubated

200 nM CLASP2α-GFP with 1 µM TRITC-phalloidin-F-actin for 10 minutes at room temperature, and

then imaged using our in vitro reconstitution approach (see Methods). Our results showed that CLASP2α

on its own does not induce F-actin bundling in these conditions (Figure 4.4A). We only measured 3% of

the field of views to contain at least one bundle structure (Figure 4.4B). In contrast, robust F-actin bundles

were observed in the presence of 200 nM fascin, a well-known actin bundler (Figure 4.4). Additionally,

as expected, CLASP2α alone was sufficient to induce bundling of microtubules in these conditions (Figure

4.4). These results suggest that the CLASP2α-mediated F-actin accumulation on microtubules does not occur

through bundling of actin filaments by CLASP2α .
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Figure 4.4: Purified human CLASP2α does not bundle actin filaments
A) Example TIRF images of F-actin or microtubule (MT) structures in control (alone), with 200 nM

CLASP2α-GFP, or with 200 nM fascin. Scale is for heat map coloring. B) Quantification of the percent of
field of views (FOVs) with at least one bundle as defined by intensity thresholding (see Methods).

Experiments done in triplicate. F-actin alone, N = 29; microtubules alone, N = 24; F-actin + CLASP2α , N =
29; microtubules + CLASP2α , N = 27; and F-actin + fascin, N = 31 FOVs.

4.3 Discussion

Interestingly, the serine-arginine rich region contained within the minimal L-TOG2-S was previously impli-

cated in microtubule binding (Aher et al., 2018). Furthermore, the same serine-arginine region contains a

SxIP motif, which encodes CLASP’s direct interaction with EB proteins, facilitating targeting of CLASP to

growing microtubule ends (Maki et al., 2015; Patel et al., 2012). How interactions of the serine-arginine re-

gion with microtubules, actin and EBs are regulated in different cellular contexts is not known. Furthermore,

a previous report using co-immunoprecipitation and colocalization experiments in fibroblasts suggested that

the TOG1 domain of CLASP2α also interacts with F-actin (Tsvetkov et al., 2007). Our results show that the

TOG1 domain is not necessary for the CLASP-mediated crosslinking of microtubules with F-actin; to what

extent TOG1 domain may contribute to the direct CLASP-actin interaction warrants further investigation.

Notably, a recent report suggested that another TOG-domain protein, XMAP215, directly interacts with F-

actin to promote microtubule-actin coalignment in the neuronal growth cone (Slater et al., 2019). There, the

authors found that all five TOG domains of XMAP215 were required for XMAP215’s localization to F-actin.

Future work will be needed to determine the affinities of individual TOG domains for F-actin and their direct

effects on the microtubule-actin crosstalk.

Our finding that microtubule-associated CLASP2α supports the binding of up to 11 actin filaments to

a single microtubule region raises the question of F-actin organization on the microtubule lattice. Our re-

sults don’t show any evidence of actin bundling along microtubules. The number of F-actin landing events
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saturated within the duration of our experiment, and we never observed more than 11 sequential landing

events, suggesting a limit to the number of F-actin that can be linked to the microtubule lattice. Further-

more, we found no evidence of CLASP2α being able to directly bundle F-actin. This is different from the

effects of another well-studied MAP, tau, which directly bundles F-actin and facilitates actin elongation and

bundling along growing microtubules (Elie et al., 2015). Given that Taxol-stabilized bovine microtubules

typically contain 13 individual protofilaments (Amos and Klug, 1974; Arnal and Wade, 1995), and that the

full microtubule surface may not be accessible to F-actin binding in our experiments (due to the tethering

of microtubules to the coverslip), the number of landing events we observed is consistent with the model in

which individual actin filaments bind around the microtubule perimeter along microtubule protofilaments.

High resolution structural approaches, such as cryo-electron microscopy, will be needed to determine the

exact organization of F-actin on CLASP2α-coated microtubules. Overall, we conclude that CLASP2α can

simultaneously bind actin filaments to the microtubule lattice, a new function for CLASPs.

4.4 Methods

4.4.1 Protein Purification

His-CLASP2α-EGFP-Strep was expressed in baculovirus-infected Sf9 insect cells and His-EGFP-L-TOG2-

S was expressed in BL21(DE3) E.coli cells, purified and stored in CLASP storage buffer (25 mM PIPES

[piperazine-N,N’-bis(2-ethanesulfonic acid)] (pH 6.8), 150 mM KCl, 5% (v/v) glycerol, 0.1% (v/v) Tween-

20, 50 mM L-glutamate, 50 mM L-arginine, and 1 mM DTT). Tubulin and G-actin purification and labeling

are described in Chapter 2. Protein concentration was determined using absorbance at λ = 280 nM and 290

nM for G-actin.

4.4.2 F-actin binding along CLASP2-coated microtubule experiments

Taxol microtubules and phalloidin-stabilized F-actin were prepared as described in Chapter 2. Flow chan-

nels and sample preparation were done as described in Chapter 2. For the actin filament and microtubule

co-localization experiments, reaction mixes with imaging buffer, and either 100 nM CLASP2α-GFP or 100

nM L-TOG2-S, and 6.5 µM TRITC-phalloidin-stabilized F-actin were added to the imaging channel. Control

experiments were performed with CLASP storage buffer. Several images were taken throughout the channel

after the 10-minute incubation.

For F-actin accumulation experiments, a three-color image to visualize the CLASP2α-GFP (488-nm),

TRITC-phalloidin F-actin (561-nm), and microtubules (640-nm) was taken before adding the F-actin-CLASP

reaction mix as a control for fluorescence bleed through. Then, fast imaging at 5 fps for the 561-nm channel
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was started while flowing in the reaction mix to capture the initial F-actin landing events. After 5 minutes,

another three-color image to visualize the CLASP (488-nm), F-actin (561-nm), and microtubule (640-nm)

channels was taken and then 488-nm and 561-nm channels were imaged every 3 seconds for 35 minutes.

Once done, a final three-color image was taken. Experiments were performed in triplicate. Control experi-

ments with and without phalloidin were done in duplicate. Control experiments with and without phalloidin

stabilization were performed with 1 µM F-actin. All solutions were supplemented with 20 µM Taxol.

4.4.3 F-actin/Microtubule bundling experiments

TRITC-Phalloidin F-actin (2.8 µM) and Taxol-stabilized microtubules (2.5 µM, 24% TAMRA labeled) were

prepared as described in Chapter 2, however coverslips were passivated with a TRITC antibody. Reaction

mixes with imaging buffer, 1 µM F-actin, and 200 nM Fascin (Cytoskeleton, Inc) or 200 nM CLASP2α-GFP

or CLASP2α-GFP storage buffer were incubated at room temperature (17 C) for 10 minutes. As a positive

control, 200 nM CLASP2α-GFP or storage buffer was incubated with 1 µM Taxol microtubules, imaging

buffer, and 10 µM Taxol at room temperature (17 C) for 10 minutes. Then, reaction mixes were added to an

imaging channel and then immediately washed with imaging buffer. Ten to twelve TIRF images were taken

every 750 µm along the channel. 488-nm was used to visualize CLASP2α-GFP and 561-nm was used to

visualize F-actin or microtubules. Experiments were done in triplicate.

4.4.4 Colocalization using PCC

Three, three-color images of 488-nm (Control, CLASP2α-GFP, or GFP-L-TOG2-S), 561-nm (TRITC-phalloidin

F-actin), and 640-nm (5% A647-labeled microtubules) channels were cropped to 335 x 170 pixel size ( 54

µm x 27 µm). Then, the PCC was measured as described in Chapter 2. Individual PCC values with the stan-

dard deviation were plotted in GraphPad Prism. Kruskal-Wallis one-way ANOVA with multiple comparisons

test was used to test for significance in GraphPad Prism. Experiments were done in triplicate.

4.4.5 Average actin intensity on CLASP2-coated microtubules

All microscopy movies were first drift-corrected using the Image Stabilizer plugin for ImageJ. To avoid

heterogeneous illumination occurring in the TIRF field, all the microscope images were cropped ( 300 x

512-pixel size) to eliminate out of focus or dimmer microtubules. For F-actin landing experiments, the

microtubule channel image taken between the first 5-minute movie and the second 35-minute movie was used

to determine the microtubule region. This microtubule image was thresholded, using the Auto MaxEntropy

method, and recorded. Then a selection was created around the thresholded microtubule region and overlayed

on the F-actin channel. A ROI was created, and the average F-actin intensity along microtubules over time
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was measured using the Time Series Analyzer V3 ImageJ plugin. F-actin intensity was normalized to the

maximum intensity and fit to the following intensity equation,

I = A(1− e
−t
τ ), (4.1)

where I is the F-actin intensity, A is the maximum F-actin intensity, t is time, and τ is the half time in the

MATLAB Curve Fitting Tool. Results were plotted in MATLAB.

4.4.6 Kymograph and F-actin landing analysis

A method to quantify changes in fluorescent intensity as a function of space and time is to create a kymo-

graph, a distance versus time image of the mean intensity for each pixel. Before producing kymographs,

movies were drift corrected using the Image Stabilizer plugin in FIJI is just ImageJ (FIJI). For kymograph

production, straight or segmented lines were drawn along microtubules and then overlaid on the F-actin chan-

nel. Straight line kymographs were produced using a custom ImageJ plugin, and segmented line kymographs

(used occasionally for curvy microtubules), were produced using the KymographBuilder ImageJ plugin. Line

traces were analyzed separately for 5-minute and 35-minute movies and reported results are the summation

of the two movies to ensure all F-actin landing events are measured.

Since F-actin landing events appear as steps, we used the open-source, vbFRET Graphical user interface

(gui) to measure the number of “steps” (Bronson et al., 2009). This software was created to analyze single-

molecule Fluorescence resonance energy transfer (FRET) data using hidden Markov modeling and finds the

most probable fit using the variational Bayesian expectation maximization algorithm (Bronson et al., 2009).

For analysis, kymographs were loaded into a custom MATLAB function that extracts vertical line scans of

a designated width (3-pixels) and intensity values were normalized to 90% of the maximum intensity. This

normalization is recommended when analyzing non-single molecule FRET data using the vbFRET software

(Bronson et al., 2009). To use this software, the FRET efficiency, which is defined as

FRET E f f iciency =
IA

IA + ID
, (4.2)

was set equal to the F-actin intensity or donor intensity (ID), by defining the acceptor intensity (IA) as,

IA =
I2
D

1− ID
. (4.3)

Line scans were selected based on the center-most line scan and then additional line scans were selected
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in intervals of 15 pixels or 2.5 microns along the microtubule lattice, as permitted by individual microtubule

lengths. Selected line scans were then loaded into the vbFRET gui for stepping analysis (Bronson et al.,

2009). The number of possible states was set to a minimum of 1 and maximum of 20, and the number of

fitting attempts per trace was set to 25. The vbFRET session and idealized traces were saved, and steps were

extracted using custom MATLAB codes. Steps were measured after F-actin was visible in solution (after

30-40 seconds). Due to overfitting of noise, step fits were filtered, with steps of sizes smaller than the 3

standard deviations below the mean step size removed. F-actin landing events followed by F-actin unbinding

(negative steps) were additionally removed to consider the maximum number of F-actin accumulating on a

microtubule segment. This unbiased, automated analysis was beneficial in the ability to account for local

background noise and variability in fluorescence over time to give a more accurate estimation of the number

of F-actin accumulating on microtubules (Figure 4.5).

Previous literature used fluorescence intensity measurements to estimate the number of actin filaments

in an actin bundle (Breitsprecher et al., 2011; Park et al., 2021). In our experiments, we found that simply

measuring the fluorescence intensity of the actin filaments in microtubule regions was not a reliable approach.

We found a significant variability in the illumination across our field of view, which is not uncommon for

the TIRF imaging approach. Using microtubules as our intensity calibration because of their distinguished

morphology and brightness, we determined that the microtubule intensity can range between 3300 – 7500

au, depending on their location in the TIRF field (Figure 4.5A). The individual standard deviations are also

large (700 – 1000 au), meaning that there is additional significant variability along the microtubule lattice.

Such large variability can cause uncertainty in determining the absolute intensity of a single filament even for

microtubules, let alone for single F-actin filaments.

Also, we found that the background noise in our images increases greatly over time (Figure 4.5B). This

is not surprising, given that more and more actin particles are being retained at the surface in our experiments

over time. Notably, there are few publications specifically addressing how the background noise is accounted

for or how it may impact the determination and validity of a single-filament brightness ‘standard’ over time.

Lastly, using kymograph analysis and an established automated stepping algorithm (Bronson et al., 2009) in

lieu of a manual intensity analysis allowed us to be completely agnostic with respect to the size of the par-

ticles that land (i.e. whether we are observing landing of single actin filaments versus bundles). We strictly

reported the number of landing events, rather than the absolute number of actin filaments on microtubule

regions due to these reasons.
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Finally, we directly compared a manual analysis approach of estimating F-actin bundle size against our

kymograph-stepping analysis (Figure 4.5C,D). We took a closer look at our representative example from

Figure 4.3 for this comparison. We first manually determined the single F-actin intensity by producing

an intensity line scan for the first F-actin landing event (Figure 4.5C). Then, we estimated the background

intensity by averaging the intensity along the microtubule lattice. For the same line scan, we then measured

the F-actin signal intensity in the last frame. Dividing the last frame intensity by the single F-actin intensity,

we determined a total number of six F-actin on the microtubule. In contrast, our stepping analysis counted

a total of five F-actin landing events (Figure 4.5D). This was due to some variability in the intensity of the

F-actin landing events (Figure 4.5D). Overall, we think that our analysis more adequately represents the

properties of F-actin accumulation on CLASP2-coated microtubule lattice regions than a simpler intensity

calibration approach. Example F-actin intensity trace in Figure 4.3, with vbFRET generated fit, was produced

in MATLAB and F-actin landing event numbers were plotted in GraphPad Prism.

4.4.7 F-actin/Microtubule bundle quantification

Images were cropped (273 x 285 square pixels or 43.7 x 45.6 square microns) and the 561-nm (F-actin or

microtubule) channel was analyzed. First, the single filament intensity was determined from the F-actin alone

and microtubule alone images. This was determined by using the Adjust Threshold plugin in ImageJ, where

the ‘Auto’ ‘Default’ method was used to mask single filaments. The mean intensity in this area was measured

and averaged with other images from the same day. From this measurement, we determined a minimum

bundle intensity as defined by two times the intensity of the single filament. This value was determined for

each experimental day. Using the ‘Default’ threshold method, we thresholded intensities greater than the

minimum bundle intensity for all images. Then, the Analyze Particles plugin in ImageJ was used to identify

F-actin and microtubule bundles. The minimum particle size was set to 60 square pixels and the particle

size, mean intensity, and standard deviation were recorded for all conditions. Results are represented as the

number of field of views that contained at least one F-actin or microtubule bundle particle.
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Figure 4.5: Kymograph and stepping analysis improve the estimation of the number of F-actin landing events
onto CLASP2α-coated microtubules

A) Left: a TIRF image of microtubules corresponding to experiments done in Figure 10. Right: the mean
fluorescence intensities of the microtubules denoted by corresponding numbers on the left, with standard

deviation. B) The background intensity, as measured in the white box in panel A, for the 561-nm (F-actin)
channel over time. The initial jump in intensity corresponds to introduction of F-actin into the channel. C)

Example of a manual analysis used to estimate the number of F-actin based on an intensity calibration. Left,
the first F-actin landing event at 74 seconds. Right, the last frame of the analysis at 205 seconds. The two

images are scaled the same in intensity. Plots of the F-actin fluorescence intensity versus distance along the
line scans. Blue line is the raw intensity, and the red line is a representation of the background intensity and

average intensity measurements. D) Plot of the F-actin fluorescence intensity over time for a 3-pixel line
scan from the kymograph in Figure 4.3. Blue line is the raw intensity. Red brackets represent stepping

analysis estimation for F-actin step size. Step fit is shown in Figure 4.3.
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CHAPTER 5

CLASP mediates dynamic co-organization of actin filaments and microtubules

Adapted from: Rodgers, N.C., E.J. Lawrence, A.V. Sawant, N. Efimova, G. Gonzalez-Vasquez, T.T. Hick-

man, I. Kaverina, and M. Zanic. 2023. CLASP2 facilitates dynamic actin filament organization along the

microtubule lattice. Molec. Biol. Cell. 34(3). doi: 10.1091/mbc.E22-05-0149

Results section 5.2.2 was done in collaboration with the Kaverina group at Vanderbilt University with AV

Sawant, N Efimova, and I Kaverina. Experiments presented in Figure 5.2 were done by AV Sawant and N

Efimova and Figure 5.3 by AV Sawant.

5.1 Introduction

In the cell, microtubules and actin filaments are dynamic to remodel the cytoskeleton. Many crosslinking

proteins are involved in the dynamic coordination of microtubule and actin organization, observed in vitro

and in cells (Dogterom and Koenderink, 2019). Several in vitro reports have exemplified co-organization by

microtubule end guidance (López et al., 2014), hybrid bundle formation (Elie et al., 2015), and guided actin

polymerization (Nakos et al., 2022). One group demonstrated how an engineered spectraplakin, TipAct-

GFP, can pull and transport stabilized actin filaments to create co-organized networks (López et al., 2014).

Soon after, tau, a neuronal MAP was shown to be able to co-organize dynamic actin filaments and dynamic

microtubules, creating hybrid bundle networks (Elie et al., 2015). More recently, septins 2/6/7 were revealed

to be able to mediate actin polymerization along stabilized microtubules (Nakos et al., 2022). Podosomes are

actin-based adhesion structures that contains a core of polymerizing actin that are regulated by microtubules

(Biosse Duplan et al., 2014; Gil-Henn et al., 2007; Kopp et al., 2006). Interestingly, CLASPs are implicated to

provide stable microtubule tracks for proper podosome organization (Efimova et al., 2014; Zhu et al., 2016).

Thus, we wanted to better understand the CLASP-microtubule role in organization of dynamic actin in vitro

and in cells.

5.2 Results

5.2.1 CLASP2α facilitates dynamic actin filament organization templated by the microtubule ar-

rangement

We wondered if CLASP2α could facilitate dynamic actin polymerization along the microtubule lattice. To

probe this, we introduced 250 nM soluble, Alexa-647-labeled, G-actin into a flow-cell containing Taxol-

stabilized, coverslip-bound microtubules (Figure 5.1). In the presence of CLASP2α , we observed the binding
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and growth of dynamic actin filaments along the microtubule lattice, which continued to grow off the ends of

the microtubule polymer (Figure 5.1A,B). Although individual microtubules were sparsely distributed on the

coverslip surface, we often observed growing F-actin forming connections between microtubule polymers

(Figure 5.1A). We measured the length of the individual F-actin connections between microtubules to be

7 ± 3 µm (SD, N = 26 F-actin bridges over 3 independent experimental days, Figure 5.1C). Thus, under

these conditions, CLASP2α can promote linking of microtubules by actin filaments. Without CLASP2α ,

microtubules were not covered by F-actin and no connections were observed (Figure 5.1A). These results

demonstrate that CLASP2α can support dynamic F-actin organization templated by microtubules, and that

F-actin can bridge microtubules forming an interconnected network.

Figure 5.1: CLASP2 facilitates dynamic actin filament organization templated by the microtubule network
A) Example time-lapse images demonstrating dynamic F-actin (cyan) connecting multiple microtubules
(red). White arrow highlights an example of growing F-actin shown by a kymograph in Panel B. Th last

image in the sequence represents CLASP2 storage buffer control after 30 minutes. B) Example kymograph
demonstrating growing F-actin along a microtubule lattice (left: actin channel alone, right: merged image).

C) Quantification of the individual lengths of F-actin connections between microtubules. Smaller data points
are the individual measurements and larger data points are the mean lengths for each repeat (N = 12, 7, and

7). The error bar is the standard deviation of the mean lengths.

5.2.2 CLASP depletion results in disruption of ventral stress fiber organization in rat vascular smooth

muscle cells

Lastly, we were interested in furthering our understanding of CLASPs’ role in the organization of the actin

cytoskeleton in cells. We collaborated with the Kaverina laboratory at Vanderbilt University to explore this.

To probe CLASPs’ role in actin organization in cells, we depleted CLASPs in a rat vascular smooth muscle

cell line A7r5, chosen due to its notable actin stress fiber structure (Figure 5.2). For prominent phenotypes,

both CLASP paralogs (CLASP1 and CLASP2) were depleted by siRNA oligo combinations, achieving re-

liable reduction of CLASP protein levels and carefully validated in previous work (Figure 5.3) (Efimova

et al., 2014; Zhu et al., 2016). Our results revealed that actin fiber organization was severely disturbed in

CLASP-depleted cells (Figure 5.2B-C). Actin organization was efficiently rescued by ectopic overexpression

of non-silenceable mutant of CLASP2 in depleted cells (Figure 5.2D), indicating that the CLASP2 paralog is
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likely sufficient for proper actin organization in this context. Interestingly, co-alignment of actin fibers with

microtubules in CLASP-depleted cells (Figure 5.2F-G) was reduced as compared to the control (Figure 5.2E),

suggesting a diminished coordination of these filaments. These findings suggest that CLASPs contribute to

co-organization of higher-order actin structures with microtubules in cells.

5.3 Discussion

Our results demonstrate that CLASP2α-coated microtubules can template dynamic F-actin organization,

specifically by F-actin linking multiple microtubules and forming an interconnected cytoskeletal network.

Other crosslinking proteins have been shown to organize F-actin in a microtubule-centric fashion, with no-

table examples belonging to the spectraplakin protein family (Dogterom and Koenderink, 2019; Pimm and

Henty-Ridilla, 2021; Rodriguez et al., 2003; Suozzi et al., 2012). Some of the +TIPs may not be able to

directly crosslink F-actin and microtubules, thus interactions among +TIPs in combination with other actin

binding proteins result in the collective regulation of microtubule-actin crosstalk. For example, the combina-

tion of CLIP-170 and EB1 with actin-regulators formin, mDia1, and profilin mediates F-actin polymerization

from growing microtubule ends in vitro (Henty-Ridilla et al., 2016). In another example, the +TIP protein

APC was reported to promote actin assembly, activity that is negatively regulated by interaction of APC with

EB1 (Juanes et al., 2020). Future work investigating how CLASP’s interactions with its binding partners may

impact the crosstalk between the microtubule and actin networks is needed. It remains unclear if CLASP

can interact with F-actin when targeted to growing microtubule ends via EBs, and whether such interaction

could also promote actin polymerization from the dynamic microtubule ends, as shown for the complex with

CLIP-170 (Henty-Ridilla et al., 2016).

The result that CLASP2 mediates actin polymerization along microtubule templates is very similar to

the interactions reported between microtubules, septins, and dynamic actin filaments. Here, SEPT2/6/7, the

minimum septin complex to bind either actin or microtubules, was shown to crosslink actin filaments when

microtubules were coated with septin (Nakos et al., 2022). Furthermore, they demonstrated that dynamic

actin filaments are recruited to microtubule lattices and can grow along the microtubule, like the microtubule-

CLASP-actin interaction found here. There is still much to learn about the role of actin polymerization

templated by microtubules and its relevance in cells.

Microtubule-dependent actin filament coalescence demonstrated in our minimal component system could

be important for building higher-order actin structures in cells. In our study, we find that both actin-microtubule

association and the architecture of contractile actin fibers are severely disrupted when CLASPs are depleted
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in vascular smooth muscle cells. Actin defects observed in actin stress fiber structures are consistent with pre-

vious findings that CLASP depletions cause defects in actin-based invasive protrusions in vascular smooth

muscle cells (Efimova et al., 2014; Zhu et al., 2016). Overall, our results identify a potential role for CLASP-

mediated organization of actin filaments along microtubules in the process of actin fiber assembly in contrac-

tile cells.

5.4 Methods

5.4.1 Actin dynamics on CLASP2-coated microtubule experiments

Taxol microtubules and channels were prepared as described in Chapter 2; however microtubules were labeled

with 16% biotin and 5% Alexa555 tubulin and stored in BRB80T (BRB80; 80 mM PIPES, 1 mM MgCl2, 1

mM EGTA, pH 6.8; and 10 µM Taxol). Before adding the reaction mix, the chamber was washed with imag-

ing buffer (BRB80, 0.1% methylcellulose, 40 µg/ml glucose oxidase, 40 mM D-glucose, 18 µg/ml catalase,

0.8 mg/ml casein, 10 mM DTT, and 0.2 mM ATP). Then, either 100 nM CLASP2α-GFP or CLASP2α-GFP

storage buffer in imaging buffer was added to the chamber and incubated for 5 minutes to allow for full coat-

ing of Taxol microtubules. Then a reaction mix with 250 nM, 20% Alexa647 labeled G-actin and either 100

nM CLASP2α-GFP or CLASP2α-GFP storage buffer were added. Three-color imaging every 5 seconds for

30 minutes immediately followed. All solutions were supplemented with 20 µM Taxol. Experiments were

done in triplicate.

5.4.2 F-actin Bridge Length

After 30 minutes, F-actin bridge lengths were measured by drawing segmented lines along F-actin in ImageJ.

Error bars are the standard deviation of the mean F-actin bridge lengths for each repeat. Analysis and plots

were done in Microsoft Excel and GraphPad Prism.

5.4.3 Cell culture

A7r5 rat smooth muscle cells (ATCC # CRL-1444) were grown in low-glucose (1000 mg/l) Dulbecco’s

modified Eagle’s medium (DMEM) without Phenol Red, supplemented with 10% fetal bovine serum at 37°C

and 5% CO2. Cells were plated on glass coverslips coated with 10 µg/ml fibronectin 24 hours prior to

experiments.

5.4.4 siRNA sequences, CLASP2 expression rescue, and transfection

Two different combinations of mixed siRNA oligonucleotides against CLASP1 and CLASP2 were used.

Combination 1 (custom design, Sigma) included the CLASP1-targeted siRNA sequence

5’-CGGGAUUGCAUCUUUGAAA-3’ and the CLASP2-targeted siRNA sequence 5’-
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CUGAUAGUGUCUGUUGGUU-3’. Combination 2 (Mimori-Kiyosue et al., 2005) included the CLASP1-

targeted siRNA sequence 5’-CCUACUAAAUGUUCUGACC-3’ and the CLASP2-targeted siRNA sequence

5’-CUGUAUGUACCCAGAAUCU-3’. Non-targeting siRNA was used for controls. For siRNA oligonu-

cleotide transfection, HiPerFect was used according to the manufacturer’s protocol. Experiments were con-

ducted 72 hours after siRNA transfection, as at this time minimal protein levels were detected. For CLASP2

expression rescues, a GFP-labeled CLASP2 mutant using alternative codons and therefore non-silenceable

by anti-CLASP2 siRNA from combination 2 (Mimori-Kiyosue et al., 2005) was transfected into depleted

cells at 48 hours after siRNA transfection. For Deoxyribonucleic acid (DNA) transfection, Fugene6 was used

according to the manufacturer’s protocol. Cells were processed for imaging after additional 24 hours to meet

the 48-hour depletion optimum.

5.4.5 Cell labeling, imaging, and image processing

For actin imaging, cells on coverslips were fixed in 4% paraformaldehyde plus 0.3% Triton X-100 in cy-

toskeleton buffer (10 mM MES, 150 mM NaCl, 5 mM EGTA, 5 mM glucose and 5 mM MgCl2, pH 16) for

10 minutes. For co-staining with tubulin, 0.1% glutaraldehyde was added into the fixative solution. The actin

cytoskeleton was visualized by phalloidin conjugated to Alexa Fluor 488. Tubulin was immunostained using

anti-alpha-tubulin monoclonal antibodies, DM1a and Alexa 568-conjugated goat anti-mouse IgG antibodies

as secondary antibodies. CLASPs were immunostained by non-paralog-specific rabbit polyclonal antibodies

VU-83 (pan-CLASP antibodies) (Efimov et al., 2007). Nuclei were visualized by DAPI. Staining was per-

formed at room temperature. After washing, samples were mounted into ProLong® Gold Antifade Reagent

on glass slides and stored at -20°C.

Wide-field fluorescence imaging (Figure 5.2A-D and Figure 5.3) was performed using a Nikon 80I micro-

scope with a CFI APO 60× oil lens, NA 1.4 and CoolSnap ES CCD camera. Laser-scanning confocal imaging

was performed using Nikon A1r based on a Ti-E inverted microscope with SR Apo TIRF 100× NA1.49 oil

lens run by NIS Elements C software. Laser scanning confocal imaging (Figure 5.2E-G) was performed

using a Nikon A1r with a 100x lens NA 4.5. Maximum intensity projection over the whole cell is shown in

overview images. Single confocal slices processed through the emboss filter are shown in insets. In all cell

images, each fluorescent channel was contrasted by whole-image histogram stretching. In overview images

in Figure 5.2E-G, the tubulin channel was gamma-adjusted to highlight microtubules at the cell periphery.
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5.4.6 Phenotype verification

Actin channel images (as in Figure 5.2A-C) were separated and coded for double-blind phenotype verifica-

tion. Three researchers independently sorted images to detect actin fiber disturbance. These blinded analyses

resulted in >84% of correct image designation into NT control and CLASP-depleted phenotypes.

5.4.7 CLASP Western Blotting

Western blotting was performed using the Protein Electrophoresis and Blotting System (Bio-Rad). Briefly,

A7r5 cells were transfected with two different combinations of mixed siRNA oligonucleotides against CLASP1

and CLASP2 using TransIT-X2 (Mirus). After 72 h, the cells were collected, lysed, and resuspended in

Laemmli Sample Buffer. 20 µg total protein for each condition was resolved on 12% SDS-PAGE gels and

transferred to nitrocellulose membranes at 350 mA for 3 h for blotting. The membranes were then blocked

with 5% nonfat dried milk for 1 h and incubated overnight with primary antibodies: anti-rat CLASP1 (KT

67, Absea), anti-rat CLASP2 (KT69, Absea) and anti-mouse GAPDH (Santa Cruz). IRDye 700 or 800 (LI-

COR Biosciences) were used as secondary antibodies. The membranes were imaged on an Odyssey Infrared

Imaging system.
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Figure 5.2: CLASPs are essential for correct stress fiber organization in vascular smooth muscle cells
A) Prominent actin stress fibers in cells treated with a control (non-targeting, NT) siRNA. B-C)

Disorganized actin mesh in cells treated with two alternative combinations of siRNA oligos.
Phalloidin-stained actin, green. 4’,6-diamidino-2-phenylindole (DAPI), blue. Yellow boxes are enlarged

below to highlight details. The phenotypes have been vetted by a double-blinded evaluation (see Methods).
D) Cells treated with siRNA combination 2 and transfected with GFP-CLASP2 (pseudo-colored magenta)
resistant to this siRNA. Separate channels from the yellow box are enlarged at the right. Actin organization
in GFP-CLASP2-rescued cells (R) is like control (as in Panel A), while in a non-expressing cell (KD) it is
like knockdown phenotype (as in Panel C). Phalloidin-stained actin, green. GFP-CLASP2, magenta. E-F)

Actin and microtubules in cells treated with a control (non-targeting, NT) siRNA (E) or with siRNA
combinations 1 (F) or 2 (G). Phalloidin-stained actin, green. Tubulin, magenta. DAPI, blue. Yellow boxes in

overview images are enlarged in insets. Inset images are processed through the emboss filter for exclusive
visualization of fibers and illustration of their alignment with microtubules, which is diminished in (F, G) as
compared to (E). Scale bars, 20 µm in overviews and 5 µm in insets. All panels show representative images

out of more than 45 cells per condition over 3 or more repeated experiments.
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Figure 5.3: CLASPs are efficiently knocked down by siRNA in A7r5 cells
A-C) immunostaining with pan-CLASP antibody (grayscale). A) Non-targeting (NT) control, B) siRNA

combination 1, and C) siRNA combination 2. Yellow boxes are enlarged below to highlight details. +TIPs
label highlights CLASP signal at microtubule ends and G label highlights CLASP signal at the Golgi. D)
Western blotting indicating CLASP1 and CLASP2 protein level reduction in cell population treated with

siRNA combinations 1 and 2 as compared to control. Loading control, Glyceraldehyde-3-phosphate
dehydrogenase (GAPDH).
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CHAPTER 6

Conclusions and Discussion

Microtubule and actin filament coordination is essential for proper cellular function. Many proteins have

been identified to be involved in this crosstalk, however numerous questions remain regarding the underlying

molecular mechanisms and interactions that occur. Here, we investigated the role of CLASPs in the interac-

tions between microtubules and actin filaments. Our results demonstrate that CLASP2α can directly crosslink

multiple actin filaments to microtubules. We find that a minimal CLASP construct, containing the TOG2 do-

main and the Serine-Arginine (Ser-Arg) rich region of CLASP2, is sufficient for this crosslinking activity.

The F-actin – microtubule crosslinking is achieved despite the relatively weak direct interaction between

L-TOG2-S and F-actin. We propose that the strong interaction with microtubules concentrates L-TOG2-S

(as well as full length CLASP2α) along the microtubule lattice, thus providing a local abundance of weak

F-actin binding sites, and ultimately facilitating robust microtubule–CLASP–F-actin crosslinking. Here, I

will discuss how these findings add to the broader microtubule-actin crosstalk field and its implications in

providing mechanical stability to the cell.

6.1 Domains of CLASP2 that facilitate crosslinking of microtubules and actin filaments

The spectraplakin family of proteins that crosslink actin and microtubules, contain well-studied calponin ho-

mology (CH) and Gas2-related (GAR) domains (Suozzi et al., 2012). The CH domain is responsible for actin

filament binding and the GAR domain interacts with microtubules. However, in recent years, crosslinkers

have been identified that do not contain the typical binding domains for both filaments. One such protein fam-

ily identified were CLASPs. CLASPs are primarily MAPs that contain TOG domains that directly interact

with tubulin and the microtubule lattice (Lawrence et al., 2020). Yet, CLASPs do not contain any established

actin binding domain. The first report revealing that CLASPs can interact with actin filaments suggested that

the TOG1 domain or the Ser-Arg rich region of the protein was responsible for actin filament interaction

(Tsvetkov et al., 2007). Later, an additional study confirmed this result, reporting that purified, full length

CLASP2α can co-sediment with actin filaments (Engel et al., 2014). We then discovered that the TOG2 and

the Serine-Arginine rich region can bind actin filaments with a relatively low affinity and is sufficient for

microtubule and actin crosslinking (Figure 6.1).

Interestingly, the TOG2 domain of CLASP2α has been reported to have a weak affinity for microtubules,

while the Ser-Arg rich region interacts electrostatically with the microtubule lattice (Aher et al., 2018; Al-
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Figure 6.1: CLASP2α cartoon highlighting a region sufficient to directly crosslink microtubules and actin
filaments.

Dark green regions correspond to the TOG2 and Serine-Arginine rich regions of the protein. Light green
shapes represent other domains within CLASP2α , such as the TOG1, TOG3, and CLIP-ID domains. Refer

to Figure 1.2 for CLASP2α domain structure.

Bassam et al., 2010). This leaves the question if TOG2 can directly interact with actin filaments? Tsvetkov

and colleagues reported no evidence for actin binding by a CLASP2 deletion mutant only containing the

TOG2 domain (CLASP2-N3) (Mimori-Kiyosue et al., 2005) as determined by coimmunoprecipitation and

colocalization studies in fibroblasts (Tsvetkov et al., 2007). The TOG2 domain was only found to colocalize

and co-immunoprecipitate with actin when portions of the Ser-Arg rich region, CLASP2-N2 (36-443 aa) and

CLASP2-N1 (36-580 aa), were included in the protein (Mimori-Kiyosue et al., 2005; Tsvetkov et al., 2007).

The CLASP2 deletion mutant containing a portion of the Ser-Arg rich region (CLASP2-M, 444-580 aa) was

found to interact with actin. This work suggests that the Ser-Arg rich region is likely interacting with F-actin,

rather than the TOG2 domain. However, these results are concluded from indirect biochemical assays, where

it is still unknown how and if these CLASP2 constructs can directly interact with F-actin. Alternatively, these

CLASP2 constructs could be binding to other ABPs present in the cell lysate, thus indirectly interacting with

F-actin. Altogether, our finding that the minimal CLASP2 construct, containing the TOG2 and Ser-Arg rich

region, can directly bind F-actin is consistent with these previous results and is the strongest evidence to date

of CLASP direct interaction with F-actin.

Other TOG domain proteins have been implicated to directly interact with F-actin, such as the MAP,

XMAP215. XMAP215 is a microtubule polymerase and its array of five TOG domains is necessary for its

polymerase function (Widlund et al., 2011). The five TOG domains have recently been shown to be necessary

to facilitate XMAP215 colocalization with actin in the growth cone periphery (Slater et al., 2019). Further-

more, the authors reported full length XMAP215 to bind F-actin with a relative affinity of 32 nM (Slater

et al., 2019). CLASP2α has one TOG domain that is homologous to XMAP215 TOG domains, the TOG1

domain (Akhmanova et al., 2001)). The TOG1 domain from CLASP2 is also implicated to interact with

F-actin (Tsvetkov et al., 2007). Interestingly, the TOG2 domains in CLASPs have been found to have some

sequence divergence from polymerase TOG domains (Lawrence et al., 2020; Leano et al., 2013; Maki et al.,
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2015). To date, there is little evidence supporting CLASP TOG2 domain interaction with F-actin (Tsvetkov

et al., 2007). Notably, we measured a lower affinity for F-actin binding than XMAP215 for the minimal

CLASP2 construct, containing the CLASP TOG2 domain. Is this weaker affinity due to the CLASP specific

TOG domain, TOG2, or due to fewer TOG domains present? Future work, investigating whether CLASP or

XMAP215 TOG domains can directly interact with F-actin will be necessary to better understand the role

of CLASPs and XMAP215 in microtubule and actin crosstalk. Also, it has still not been demonstrated that

XMAP215 can directly crosslink microtubules and actin filaments.

The minimal L-TOG2-S construct involved in actin filament interaction and crosslinking to microtubules

contains a Ser-Arg rich region along with the TOG2 domain. The Ser-Arg rich region of CLASP not only

provides electrostatic interactions with microtubules, but also includes the SxIP motif known to directly in-

teract with EBs (Mimori-Kiyosue et al., 2005). EBs localize +TIPs to growing ends of microtubules and can

then serve as a hot spot for actin interaction, crosslinking the two networks together (Dogterom and Koen-

derink, 2019; Pimm and Henty-Ridilla, 2021). One such example is with EB proteins binding to APC, where

APC concentrates on microtubule ends and is transported to the leading edge of epithelial cells, where it can

interact with the actin nucleator formin (Mimori-Kiyosue et al., 2000; Wen et al., 2004). Here, mDia1 was

also shown to localize at microtubule ends (Wen et al., 2004). The APC has been linked to regulation of

actin dynamics at focal adhesions as well. Migrating cells with a mutant of APC, that is defective in actin

nucleation, was shown to have slower focal adhesion disassembly, with increased number and duration of

microtubule capture events (Juanes et al., 2019). These studies emphasize the importance of EB interactions

for the microtubule and actin crosstalk involved in cell migration, where CLASPs are strongly implicated

(Lawrence et al., 2020).

It remains unknown how the CLASP-EB interaction regulates actin and microtubule crosstalk, in vitro

or in cells. Whether EB interaction blocks the Ser-Arg rich region for binding with F-actin and whether

the other domains of CLASP2α suffice for interactions with F-actin is an interesting question that can be

answered in our assays. Our approach would involve creating smaller constructs of CLASP2α to interrogate

the specific domains and their ability to crosslink F-actin to microtubules. For truncated constructs that do

not localize to microtubules, we could also investigate actin filament interaction using colocalization or co-

sedimentation experiments in case the CLASP affinity shifted to prefer F-actin over microtubules. Abelson

(Abl) non-receptor tyrosine kinase -induced CLASP2 phosphorylation has been shown to shift CLASP lo-

calization to adhesive plaques in neuronal growth cones (Engel et al., 2014). Additionally, experiments with

dynamic microtubules, actin filaments, CLASPs, and EBs are needed to better understand the interplay in
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+TIP crosstalk mechanisms observed in cells.

6.2 Organization of actin filaments along the microtubule lattice

In our work, we observed multiple actin filaments landing along CLASP2-coated microtubules (Chapter 4).

We were curious about the organization of the actin filaments on the microtubule. One type of organization

could be actin bundle structures, where CLASP2 would mediate actin filaments binding to each other. An-

other type of structure could be actin filaments binding around the outside surface of the microtubule (Figure

6.2). To discern between the two potential structures, we investigated the ability of CLASP2 to bundle actin

filaments alone. Ultimately, we found no evidence that CLASP2α can bundle F-actin (Chapter 4). Impor-

tantly, these experiments were done in identical buffer conditions as the F-actin landing experiments with

CLASP2-coated microtubules. These findings suggest the latter structure, where actin filaments bind around

the shaft of the microtubule (Figure 6.2).

Figure 6.2: Cartoon of proposed organization of actin filaments on CLASP2α-coated microtubules
Gray dashed boxes represent cross-sectional view of a potential model for F-actin organization along

microtubules coated with CLASP2α , where F-actin are binding around the microtubule shaft.

Another intriguing result that supports this prospective actin filament organization arises from the aver-

age number of actin filaments on microtubules. We measured an average of 6 actin filaments binding along

microtubules and measured up to 11. Typically, microtubules are composed of 13 protofilaments, compara-

ble to the maximum number of actin filaments we recorded. Due to the geometric constraints of our TIRF

imaging experiments with microtubules tethered to the cover glass via a NeutrAvidin-biotin link (Chapter 2),

the microtubule surface near the cover glass is likely inaccessible for F-actin binding. For the most part, we
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found that actin filaments bound along the microtubules, regardless of the orientation of the microtubule to

flow. This strong alignment speaks to the robust crosslinking interaction, as seen for hybrid bundle structures

formed by tau, SB401, coronin, and doublecortin (Elie et al., 2015; Huang et al., 2007; Rothenberg et al.,

2003; Tsukada et al., 2005). Surprisingly, a recent publication reported that actin filaments can reside inside

the microtubule lumen in kinesore treated cells (Paul et al., 2020). We doubt that actin filaments are inside the

microtubule in our experiments, since all polymers are stabilized with set lengths. High resolution structural

approaches, such as cryo-electron tomography (cryo-ET), to determine the organization of actin filaments on

CLASP2-coated microtubules would enlighten this study.

Cytoskeletal crosstalk has been observed in cells through instances of overlapping microtubules and bun-

dled actin filaments. One protein implicated in such crosstalk is the well-studied neuronal MAP, tau, that is

important in supporting microtubule navigation into the actin-rich area of growth cones (Biswas and Kalil,

2018). Tau binds, bundles, and crosslinks microtubules and actin filaments (Elie et al., 2015). Unlike tau,

we have no evidence that CLASPs can bundle actin filaments. A question we wish to pursue in the future

is, whether CLASP2-coated microtubules can support actin bundle formation by actin bundling proteins?

Here, we would perform similar experiments as performed in Chapter 4, however we would include an actin

bundling protein, such as α-actinin or fascin (Winkelman et al., 2016). These two proteins are of interest

because they have implications in different structures in the cell (Castaneda et al., 2021). Actin stress fibers

are formed by α-actinin, while filopodia are fascin-bundled actin filaments, two different networks that are

involved in the crosstalk with microtubules. Interestingly, fascin bundles are tightly organized, with an 8 nm

spacing, while α-actinin bundles have 35 nm spacing (Winkelman et al., 2016). Whether the different bundle

architecture impacts actin filament organization along CLASP2-coated microtubules is a question of interest

when considering interactions at the leading edge versus stress fibers in motile cells. However, there is no

evidence to date that CLASPs interact directly with either fascin or α-actinin leading to enhanced bundle

formation. This line of investigation is of particular interest considering our results in rat smooth muscle cells

showing lack of robust ventral actin stress fibers when CLASPs are depleted. Whether and how CLASP2

is involved in the specific organization of actin filaments linked to microtubules to form actin stress fibers

remains to be elucidated.

6.3 Dynamic co-organization of actin filaments and microtubules

In Chapter 5, we explored the ability of CLASP to organize dynamic actin filaments along microtubules.

We demonstrated that CLASP2 can template dynamic actin, bridging between microtubules (Figure 6.3).

Other crosslinking proteins of interest have been reported to facilitate similar crosslinking interactions, such
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as septins. SEPT2/6/7 was very recently reported to be able to crosslink actin filaments to the microtubule

lattice in vitro (Nakos et al., 2022). Strikingly, SEPT2/6/7 are also able to recruit polymerizing actin fila-

ments, as described here for CLASP2 (Chapter 5). In contrast to our observations, they also reported partial

attachments of dynamic actin filaments where the unbound segment branches off at an angle (Nakos et al.,

2022). However similar, there may be subtle differences between the crosslinking interactions facilitated by

CLASPs and septins that remain to be explained. Septins are filamentous proteins that interact with multiple

components of the cytoskeleton. Septins form a heteromeric complex suggesting multivalent interactions

with microtubules and actin filaments (Nakos et al., 2022), allowing for crosslinking interactions. Our results

for CLASP and that reported for septins, demonstrate that the ability for actin filaments to polymerize on

microtubules is indicative for low-affinity, transient interactions with actin, as thought for decades (Griffith

and Pollard, 1982). We measured relatively low affinities for the F-actin: CLASP interaction (Chapter 3),

supporting the mechanism by which CLASPs are also able to facilitate actin polymerization templated by

microtubules.

Figure 6.3: Cartoon representing dynamic organization of actin filaments as templated by microtubules
Here, several instances of actin filament and microtubule co-organization are illustrated, i.e., actin filaments

growing along microtubules, continued actin filament elongation from microtubule ends, and linking
microtubules together by actin filaments bridges. These interactions were observed in this work and reported

for other proteins involved in microtubule-actin crosstalk.

Another interesting potential role of CLASPs in these interactions include mechanisms from a recent

report establishing how the +TIP complex, i.e. CLIP-170, EB, and mDia1, helps govern actin filament orga-

nization by microtubules (Henty-Ridilla et al., 2016). Here, the authors demonstrate how CLIP-170 localizes

to growing microtubule ends by EB and bind mDia1 to initiate actin polymerization from microtubules.

CLIP-170 was suggested to interact with mDia1 through the formin elongation effector domain (FEED)
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sequence within the protein. These interactions are of particular interest due to the connections between

CLASPs and CLIPs. CLASPs were first discovered by identifying the binding partners of CLIP-170 and

CLIP-115, where CLASPs were shown to directly interact with CLIPs and microtubules (Akhmanova et al.,

2001). Like CLASPs, CLIP-170 regulates the microtubule network by tip-tracking microtubules in vitro and

in cells (Bieling et al., 2008; Dixit et al., 2009; Folker et al., 2005). Remarkably, CLIP-170 has also been

reported to directly interact with actin, though appears to be unable to simultaneously bind microtubules and

actin filaments as established with CLASPs in our study (Wu et al., 2021). This, however, does not rule out

the possibility that in the cell, CLASPs and CLIPs work together to facilitate microtubule-actin crosstalk,

such as described by Henty-Ridilla and colleagues. Potentially, CLASPs can help localize actin filaments

to microtubules and interact with CLIPs at the end of the microtubule, where CLIPs attract formins through

the FEED sequence to accelerate actin polymerization. In that context, CLASPs could further stabilize actin

filament connections to microtubules through their crosslinking function. EBs provide additional anchoring

of CLASPs and CLIPs to the microtubule end. The interplay between CLASPs, CLIPs, and EBs in these

crosstalk interactions require further investigation.

Actin filaments connected to the microtubule ends have also been shown for APC, +TIPs, and branched

actin networks as visualized using platinum replica electron microscopy (PREM) in hippocampal neurons

(Efimova et al., 2020). Here, branched actin appeared to be connected to microtubule ends by immunogold

labeled APC proteins in the growth cone. An additional density was identified to be a +TIP complex, which

could include CLASPs. Furthermore, APC-mediated actin polymerization has been linked to focal adhe-

sion dynamics. Here, human osteosarcoma cells with a separation of function APC mutant, abolishing actin

nucleation, resulted in prolonged focal adhesion disassembly resulting from altered microtubule capture at

focal adhesions and autophagosome transport (Juanes et al., 2017, 2019). CLASPs are also implicated in the

disassembly of focal adhesions reported to facilitate interactions with the cell cortex (Efimova et al., 2014;

Lawrence et al., 2020; Stehbens et al., 2014). The crosstalk between focal adhesions, actin stress fibers, and

microtubules is very important in cell motility.

Overall, our results suggest a role of CLASP2 in organizing actin filaments along microtubules. We

propose a model where CLASP2 can facilitate crosslinking between microtubules and actin filaments, when

concentrated along the microtubule lattice due to the strong affinity of CLASPs for microtubules. Concen-

trated CLASP2 on microtubules provides a local abundance of weak F-actin binding sites, allowing for robust

microtubule and actin coalignment. We determined that the minimal CLASP construct has a relatively low

affinity for F-actin, which supports the ability of concentrated CLASP2 to crosslink actin filaments, as well

55



as support actin filament elongation along microtubules.

6.4 CLASP-mediated microtubule and actin crosstalk in cells

CLASPs in migrating cells, neuronal development, and plants have been well-studied and are considered es-

sential for proper function of these processes (Lawrence et al., 2020). Microtubule-actin networks coordinate

to remodel the cytoskeleton during cell migration, as observed through studies investigating both networks

(Dogterom and Koenderink, 2019). One such example of microtubule and actin coordination in migrating

cells are the interactions between microtubules and the cortical actin network. Cortical microtubule stabi-

lizing complexes (CMSCs) are micron-size patches that capture microtubules once the plus end reaches the

cortex (Bouchet et al., 2016). KANK1 is a protein known to recruit proteins to the CMSC and its interaction

with talin mediates proper CLASP2 clustering at the cortex (Bouchet et al., 2016). It is thought that KANK1

is recruited by talin to the outer rims of focal adhesions for transport of CMSC proteins, such as CLASPs,

to the actin cortex for focal adhesion regulation (Bouchet et al., 2016). Other +TIPs and partners of CLASP

are implicated in this crosstalk (Kumar et al., 2009; Mimori-Kiyosue et al., 2005). These studies motivate

the need to study the direct effect of CLASPs on the organization of the actin network near focal adhesion

structures.

In our study, we examine the result of ventral stress fiber organization in CLASP-depleted rat vascular

smooth muscle cells. Previous work demonstrated that microtubules and kinesin motor, KIF1C, are required

for proper formation of actin-based protrusions called podosomes (Efimova et al., 2014). CLASP-rich micro-

tubules are essential for KIF1C-mediated transport to the cortex, where lack of CLASPs also disrupts proper

podosome formation (Efimova et al., 2014; Zhu et al., 2016). Further investigation has shown that CLASP

depletion in these cells also disrupts ventral stress fiber organization. The disruption in the formation of

ventral stress fibers due to a lack of CLASPs could be caused by the difficulty of microtubules to anchor to

the cell cortex and template stress fiber formation. Also, CLASPs stabilize microtubule growth by promoting

rescue, providing a stable highway for motor proteins to transport ABPs and other crosstalk factors needed.

This result is consistent with podosome defects reported previously (Efimova et al., 2014; Zhu et al., 2016).

Something else to consider, is that depletion of CLASPs leads to less dense microtubule networks and radially

oriented microtubule network, rather than polarized (Efimov et al., 2007). Thus, there are fewer microtubules

present near the edge of the cell to facilitate essential actin-microtubule crosstalk important for stress fiber

organization.

Finally, our in vitro results indicate a strong crosslinking interaction while CLASPs are localized on the
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microtubule lattice. In migrating epithelial cells, CLASPs are localized at microtubule ends in the cell body

and shift to the lattice in the lamella (Wittmann and Waterman-Storer, 2005). This shift in CLASP localization

occurs along the lattice when the microtubule is navigating the dense actin network, composed of branched

filaments and bundles. A gradient of glycogen synthase kinase 3β (GSK3β ) has been linked to inducing

this shift in CLASP localization, where GSK3β phosphorylation inhibits plus end localization (Kumar et al.,

2009). If CLASP localization is along the microtubule lattice in lamella, this could then function to guide,

stabilize, and protect the microtubule as it navigates the actin-rich cortical network.

6.5 Implications for CLASP-mediated mechanical support of the cytoskeleton

Mechanical properties of cells are strongly influenced by the cytoskeleton (Fletcher and Mullins, 2010; Kasza

et al., 2007). Notably, when the actin or microtubule networks are disrupted, using either cytochalasin D or

nocodazole, respectively, the viscoelastic properties of the cell are affected (Wu et al., 2006). The mechan-

ical stability of the cytoskeleton in a single-polymer context is a poorly studied concept, although known to

change cytoskeletal architecture and dynamics in cellular physiology (Fletcher and Mullins, 2010; Hawkins

et al., 2010; Stricker et al., 2010). Recent studies reported that the microtubule cytoskeleton can self-repair

in response to mechanical damage to the lattice (Aumeier et al., 2016; Gazzola et al., 2023; Portran et al.,

2017; Schaedel et al., 2015; Xu et al., 2017), and these sites of self-repair influence microtubule dynamics,

promoting rescue, the transition from microtubule shrinkage to growth (Aumeier et al., 2016). With regards

to actin filament networks, optical trapping was used to demonstrate that bundled actin filaments can adapt to

buckling and stretching over time, indicating that mechanical stress can impact the underlying architecture of

the actin bundle (Rückerl et al., 2017). Moreover, crosslinking proteins are known to change the mechanical

properties of cytoskeletal polymers (Bathe et al., 2008; Claessens et al., 2006; Fletcher and Mullins, 2010;

Hawkins et al., 2013). However, it is unclear how physical crosslinking of microtubules and actin filaments

mechanically supports the cytoskeleton.

A new report investigating tubulin incorporation into the microtubule lattice in cells, compared the num-

ber of incorporations to the relative density of the actin network (Gazzola et al., 2023). The authors found

that there were significantly more tubulin incorporation sites in microtubules located toward the rear of a mi-

cropatterned crossbow shaped cell, where the actin network is less dense. Here, the authors propose that more

incorporation sites in this population of microtubules are due to microtubules experiencing more fluctuations

and bending forces in the cytoplasm (Gazzola et al., 2023). Alternatively, could fewer tubulin incorporation

sites in microtubules result from stable, protective interactions with proteins that mechanically support the

lattice at the lamella of cells, such as CLASPs? Interestingly, CLASP2α has been reported to maintain mi-

57



crotubule integrity, specifically when microtubules are damaged with laser ablation or microfluidic-induced

bending (Aher et al., 2020). By the same group, CLASP2α has also been shown to protect microtubule ends

from force-induced catastrophe (Aher et al., 2018). CLASPs’ stabilizing function on microtubules could aid

in resisting lattice damage due to buckling and pushing forces imposed by contractile, dense actin networks.

Elucidating the function of MAPs and repair of microtubules by tubulin incorporation in cells remains to be

fully explored.

Larger scale mechanics, such as the mechanical response of bundles, are of great interest as well in our un-

derstanding of the mechanical stability of the cell. Bending forces are experienced by microtubules linked to

filopodial bundle structures in cell migration and growth cone guidance. How does the crosslinking of micro-

tubules to multiple actin filaments change the mechanical integrity of the structure when exposed to bending

or pushing forces? Very few researchers have explored the mechanics of microtubule-actin hybrid structures.

Using optical tweezers microrheology, one group has characterized the mechanical behavior of co-entangled

microtubule and actin filament composites either randomly mixed (Ricketts et al., 2018) or crosslinked arti-

ficially and/or with MAP65 (Farhadi et al., 2020; Ricketts et al., 2019). Artificially crosslinked composites

of microtubule and actin filaments, using biotin-NeutrAvidin links, exhibit an elastic response to mechanical

perturbation, while networks not connected respond viscoelastically and soften (Ricketts et al., 2019). This

group recently reported that MAP65 bundling of microtubules can reorganize the microtubule-actin network,

where actin colocalizes with MAP65-bundled microtubules. However, they found little impact on the me-

chanical properties of these composites, suggesting mechanics are influenced by the actin network more so

than the microtubule network (Farhadi et al., 2020). It would be interesting to investigate CLASP-mediated

organization of microtubule-actin networks and mechanics, since like MAP65, CLASPs can bundle micro-

tubules and unlike MAP65, CLASPs can weakly interact with F-actin. To date, MAP65 has not been reported

to interact with actin. Thus potentially, CLASP-bundled microtubules would form larger hybrid structures of

microtubules-actin and change the mechanical properties of the network.

Microfluidics and micropatterning can also be used to cross-examine mechanical properties of microtubule-

actin structures. I propose future experiments where microfluidics is used to bend CLASP2-coated microtubule-

actin structures over time to measure any changes in the integrity of the structure, mechanically or dynami-

cally. Furthermore, using micropatterning, we can investigate microtubule buckling forces when guided and

linked along actin bundles that then encounter a barrier. More modifications could be made in the experi-

mental design to create barriers that mimic the cortical actin network and membrane to reconstitute capture

of microtubules. I look forward to future investigations connecting mechanical function to microtubule-actin
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crosstalk and more specifically, the role of CLASP-mediated crosslinking in the mechanics of the cytoskele-

ton.

6.6 Conclusions

Figure 6.4: CLASP2 facilitates dynamic actin filament organization along the microtubule lattice
Microtubules are in red, actin is in blue, and CLASP2 is green throughout figure. Gray dashed boxes

represent cross-sectional view of a potential model for F-actin organization along microtubules coated with
CLASP2α , where F-actin are binding around the microtubule shaft. Black dashed boxes are highlighted

zoom ins representing instances of co-organization of actin filaments and microtubules observed in vitro and
in cells.

Altogether, this work confirms the role of CLASPs in microtubule and actin filament crosstalk, notably

demonstrating that CLASP2α can directly crosslink microtubules and actin filaments, a novel mechanism

for CLASPs (Figure 6.4). Using newly developed in vitro reconstitution assays and rigorous image analysis

techniques, we determined that CLASP weakly interacts with actin filaments and its interaction is stronger

when concentrated on the microtubule lattice. In addition, CLASP2α can mediate dynamic filament organi-

zation as templated by the other cytoskeletal polymer. Finally, insights into the role of CLASPs in ventral

actin stress fiber organization confirm the importance of the microtubule-CLASP-actin interaction in form-

ing higher-order actin structures in cells. This work augments our understanding of the molecular players

involved in the physical coordination of the cytoskeleton; nevertheless many questions and new directions

are still left to explore.
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Appendix A

Microtubule minus-end stability is dictated by the tubulin off-rate

Adapted from: Strothman, C., V. Farmer, G. Arpag, N. Rodgers, M. Podolski, S. Norris, R. Ohi, and M.

Zanic. 2019. Microtubule minus-end stability is dictated by the tubulin off-rate. J. Cell Biol. 218:2841-2853.

doi: 10.1083/jcb.201905019

I contributed to the experimental design, performance, and analysis of tubulin dilution experiments by mi-

crofluidics. I also performed tubulin dilution experiments with HSET. Included in this chapter are adaptations

of figures from the above cited manuscript for which I contributed.

A.1 Introduction

Microtubules are dynamic polymers that undergo a unique behavior called ‘dynamic instability.’ Dynamic

instability describes the stochastic switching between phases of microtubule growth and shrinkage. Micro-

tubules are structurally polar, where the plus and minus end exhibit different rates of dynamic instability

(Horio and Hotani, 1986; Mitchison and Kirschner, 1984; Walker et al., 1988). Distinctly, the minus ends

have slower growth rates and less frequent catastrophe events, or the transition from growth to shrinkage.

Tubulin is a GTPase, where microtubule polymerization occurs with the addition of GTP-tubulin subunits

and incorporation into the microtubule lattice initiating GTP hydrolysis in the β -tubulin, after a short de-

lay. This delay results in a ‘cap’ of GTP-tubulin at the ends of microtubules, where the rest of the lattice

is composed of Guanosine diphosphate (GDP)-tubulin. Dynamic instability results from structural changes

that occur within the lattice due to GTP hydrolysis, resulting in catastrophe when the GDP-tubulin is exposed

(Duellberg et al., 2016; Nogales et al., 1998; Voter et al., 1991; Zhang et al., 2015). Minus ends are under-

studied due to their common anchoring or capping in cells, while the plus ends tend to be more dynamic

(Akhmanova and Steinmetz, 2015). However, several cell types rely on microtubule networks with free mi-

nus ends.

Our current model for dynamic instability is based mostly on plus-end specific dynamics, where we

know the minus-end dynamics are very different. It is thought in the field that a larger GTP-cap, leads to

faster growth rates and less frequent catastrophes. In contrast, the minus end has slower growth rates and

less frequent catastrophes (Horio and Hotani, 1986; Mitchison and Kirschner, 1984; Walker et al., 1988). It

remains unclear how this contradiction exists for the minus end, hence we use a combination of microfluidics,
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in vitro reconstitution, and TIRF microscopy to approximate the size of the GTP-cap of minus ends using

tubulin dilution (Duellberg et al., 2016; Walker et al., 1991).

A.2 Results

A.2.1 Microtubule minus ends have small GTP-cap sizes, set by slower growth rates

To characterize the minus end, we performed tubulin dilution experiments to approximate the GTP-cap size.

Here, we grew dynamic microtubules in the presence of 6, 12, or 18 µM tubulin in a microfluidic device

and, while imaging, rapidly exchanged solutions to remove soluble tubulin from solution with sub-second

resolution. Consistent with previous reports (Duellberg et al., 2016; Ti et al., 2016; Voter et al., 1991), we

observed a characteristic delay between tubulin washout and the onset of microtubule catastrophe. This

we interpreted as the time during which the stabilizing GTP-cap is lost. We found that, in all investigated

conditions, minus ends displayed lower average delay times than plus ends (average across conditions: minus

end: 4.7 ± 0.3 s, SE, N = 160; plus end: 8.6 ± 0.3 s, SE, N = 271) (Appendix Figure A.1A,B). Delay times

increased with instantaneous growth rate determined prior to dilution (Appendix Figure A.1C), consistent

with the idea that faster growth rates result in larger stabilizing caps. Like a recent finding for microtubule plus

ends (Duellberg et al., 2016), we observed slight depolymerization of both microtubule ends during the delay

period, distinct from the fast microtubule depolymerization that follows catastrophe. Based on these results,

we conclude that growing minus ends have smaller stabilizing GTP-caps than plus ends, corresponding to

their slower growth rates. Therefore, the increased stability of minus ends cannot be explained by the relative

size of their stabilizing caps.

Figure A.1: Microtubule minus ends have small GTP-cap sizes, set by slower growth rates
A) Representative time lapse images of a microtubule pre-grown with 18 µM tubulin undergoing tubulin
washout. 0:00 timepoint indicates time of washout; asterisks indicate time of catastrophe for each end. B)
Mean delay times for each microtubule end are shown from three independent experiments of each tubulin
concentration. C) Delay time as a function of instantaneous growth rate at plus and minus ends grown in 20

µM tubulin. Corresponding delay times after dilution per microtubule are shown. All points shown from
three independent repeats. Spearman’s rho test = 0.57; ****, P < 0.0001.
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A.2.2 Kinesin-14, HSET, regulates GTP-tubulin off-rate at the microtubule minus end

We were next curious to probe the GTP-tubulin off rate using a minus end motor protein, kinesin-14 HSET/K-

IFC1. Little is known about how HSET regulates the microtubule minus end and it is of great interest due

to its minus-end motor activity (Norris et al., 2018; Reinemann et al., 2018). To investigate whether HSET

directly suppresses tubulin off-rate, we repeated tubulin dilution experiments using microtubules grown with

12 µM tubulin in the presence or absence of 100 nM GFP-HSET during both the growth and washout phases

(Appendix Figure A.2A). We found that HSET had no significant effect on plus-end delay times; however, we

observed a significant increase in minus-end delay times in the presence of HSET (Appendix Figure A.2B).

Individual delay times correlated with the average GFP-HSET fluorescence intensity at the microtubule tip

following tubulin washout (Appendix Figure A.2C), indicating that HSET directly stabilized minus ends after

washout, consistent with suppressing the GTP-cap removal. We thus conclude that HSET directly suppresses

the GTP-tubulin off-rate at microtubule minus ends.

Figure A.2: Kinesin-14, HSET, regulates GTP-tubulin off-rate at the microtubule minus end
A) Representative timelapse images of dilution experiments in the absence or presence of 100 nM HSET.

Asterisks mark time of catastrophe at either microtubule end. Arrow in HSET condition indicates
GFP-HSET tip localization. Timestamp indicates time after washout (min:s). B) Delay times per end in the

absence or presence of 100 nM HSET. N = 3 independent experiments for the control, and N = 4
independent repeats for +HSET condition. C) Minus end + HSET delay times as a function of GFP

fluorescence intensity (background subtracted, see methods). N = 97 delay times from 4 independent
experiments. Spearman rho’s test r = 0.060, **** p < 0.0001.

A.3 Discussion

Microtubule catastrophe occurs via the loss of a protective cap of GTP-tubulin, the size of which is widely

considered to be the determinant of microtubule plus-end stability. When microtubule growth rate is increased

in vitro by increasing tubulin concentrations, the plus-end EB-comet size also increases (Bieling et al., 2007),

while microtubule catastrophe is suppressed (Drechsel et al., 1992; Gardner et al., 2011; Walker et al., 1988).

Furthermore, larger EB comets have been directly correlated with prolonged stability against dilution-induced

catastrophe at microtubule plus ends (Duellberg et al., 2016). Correlating growth rate before washout to the

delay time, we report that the minus end delay time scales with its lower growth rate. Despite less catastrophe
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at the minus end, the GTP-cap size is not inherently bigger than the plus end. However, we also found that

HSET can modulate the tubulin off-rate at the minus end. HSET can stabilize the GTP-tubulin at the minus

end, prolonging the delay time or loss of the GTP-cap. This result added to our understanding of microtubule

minus-end stability and the broader model of dynamic instability.

A.4 Methods

A.4.1 Protein Purification

Tubulin was purified and labeled as previously described in Chapter 2. His6-HSET tagged with enhanced

GFP was expressed in Spodoptera f rugiperda (Sf9 cells) and purified as previously described Norris et al.

(2018) and stored in 10 mM K-HEPES, pH 7.7, 300 mM KCl, 1 mM dithiothreitol, 100 µM MgCl2, 100 µM

ATP, and 20% sucrose. Human MCAK-His6 was expressed in Sf9 cells and purified as previously described

(Helenius et al., 2006) and stored in BRB20 (20 mM Pipes/KOH, pH 6.8, 1 mM MgCl2, and 1 mM EGTA).

Protein concentration was determined using absorbance at λ = 280 nm or a Bradford assay.

A.4.2 Microfluidic device preparation

Y-shaped microfluidic devices were prepared similarly to those previously described by Duellberg and col-

leagues, but with two branched inlets instead of three (Duellberg et al., 2016). Silicon molds with negative

channel patterns were produced using deep reactive ion etching. A mixture of polydimethylsiloxane (PDMS)

and curing agent (10:1 wt/wt) was poured over a mold, degassed for 20 min at room temperature, and poly-

merized for 4 h at 60°C. Holes for the inlet and outlet channels were created in the peeled-off PDMS block

using biopsy punchers. The structured side of the PDMS and a 22 × 22-mm glass coverslip were treated with

air plasma for 20 seconds. A small area of 4 × 10 mm, where imaging was to occur, was protected from

plasma radiation by a small PDMS block to ensure the integrity of the surface functionalization. Immedi-

ately after plasma treatment, the exposed sides were bonded to form the channels, and tubing (Tygon; inner

diameter of 0.5 mm) was connected to the PDMS inlets/outlet and Hamilton gas tight syringes (1,000 ml

total volume; used for channel preparation only). The microfluidic devices were used for TIRF microscopy

experiments immediately after assembly.

A.4.3 Tubulin dilution experiments

Fast solution exchange in the micro-channel was achieved by switching the flow from two different inlets

that were controlled by independent and flow sensors between pumps and inlets. To assemble a sample,

short GMPCPP-stabilized, TMR-labeled microtubule seeds were introduced through one inlet and allowed to

attach to the functionalized glass surface. To initiate microtubule growth, 6, 12, or 18 µM 20% Alexa Fluor
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647–labeled tubulin was introduced through the first inlet at a constantly maintained flow rate of 7 µl/min

for 90 s, and then flow was stopped for the remaining growth period. Imaging buffer was supplemented with

0.05% methylcellulose. After a short period of growth (5–10 min), sub-second tubulin washout was induced

using a 50 µl/min flow of a washout reaction containing BRB80 and imaging buffer, unchanged from the

initial growth reaction besides tubulin. Plus and minus ends were differentiated by average growth rates

before washout. Imaging during the growth phase was performed at 0.2 FPS and imaging of the 640-nm

channel just before, during, and after washout was performed at 10 FPS for tubulin-only conditions using the

CMOS camera (70-nm pixel). Reactions containing HSET were additionally supplemented with 1 mM ATP.

GFP-HSET was diluted in BRB80, and control conditions contained an equivalent volume of HSET storage

buffer (10 mM K-HEPES, pH 7.7, 300 mM KCl, 1 mM dithiothreitol, 100 µM MgCl2, 100 µM ATP, and

20% sucrose).
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Appendix B

Chlamydomonas reinhardtii, axonemes and crowding agents can be used to induce microtubule

bundle formation to study bundle dynamics in vitro

Adapted from: Wright, CJ., Richardson, LB., and Rodgers, NC. 2022. Purifying Chlamydomonas Rein-

hardtii Axonemes to Study Microtubule Bundles. In review at Young Scientist (A High School Research

Journal)

This work was done with a high school summer-intern from the School for Science and Math at Vanderbilt

(SSMV). The goal of the program is to provide hands-on, real world educational experiences in STEM for

students from the Metropolitan Nashville Public School system. This work is under review in the Young

Scientist, a High School Research Journal a peer-reviewed journal at Vanderbilt University.

B.1 Introduction

Microtubules are found to form complex structures in the cell, such as in the mitotic spindle, axonal bun-

dles, and axonemes (Conde and Cáceres, 2009; Ishikawa, 2017; Prosser and Pelletier, 2017). Specifically,

malfunctioning axonemes in sperm can lead to infertility, while malfunctioning axonemes in cilia can lead to

Primary Ciliary Dyskinesia (PCD), a respiratory disease (Davis and Katsanis, 2012). Microtubules have been

studied thoroughly individually, however it not reflective of how they perform in complex structures, such as

in axonemal bundles. Thus, understanding larger microtubule bundle structure dynamics is very important

for providing implications in disease treatment.

Axonemes consist of nine microtubule doublets in a circle, surrounding a central microtubule doublet

in the middle (Nicastro et al., 2006). Axonemes can be found in flagella and cilia and, via motor proteins,

provide a beating motion for cell motility (Nicastro et al., 2006; Owa et al., 2019). We propose to use

axonemes to nucleate microtubules, since axonemes are composed of 9 microtubule-doublets that can serve as

templates to grow multiple microtubule extensions in a controlled manner. Typically, microtubules nucleated

from axonemal templates grow splayed out and plan to use crowding agents to bundle microtubules near each

other (Park et al., 2021). Alternatively, MAPs are known to bundle microtubules in close proximity (Lansky

et al., 2015; Prezel et al., 2018; Stoppin-Mellet et al., 2013; Subramanian et al., 2010) , however can be time

consuming and costly to produce. Hence, we use cheaply available methylcellulose to create a bundling assay

with microtubules nucleated from axonemes.
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B.2 Results

B.2.1 Purification of axonemes from Chlamydomonas reinhardtii

To investigate microtubule dynamics in ensembles, we grew Chlamydomonas reinhardtii cells to then purify

axonemes from (Appendix Figure B.1A). Once culture growth reached 3 - 7 x 106 cells per mL (Appendix

Figure B.1C), we collected the cells for axoneme purification. Axonemes were purified by performing the

following steps, i) washing cells, ii) deflagellation, iii-iv) collecting flagella, v) demembranation of flagella

and isolation of pure axonemes (Appendix Figure B.1D-H). During the collection of the flagella, the resulting

pellet contained a white halo with some green in the center, indicating a level of contamination (Appendix

Figure B.1G). Since the pellet had a concentrated white halo, we were able to continue with our purification

with negligible risk from the minor contamination (Alper et al., 2013). The final purification yielded 95 µL

of axonemes, which is near our 100 µL aim (Appendix Figure B.1H).

Figure B.1: Example flowchart of axoneme purification from Chlamydomonas reinhardtii
A) Chlamydomonas cell culture in TAP+agar plate. B) Small liquid culture of Chlamydomonas cells in

spinner flask of TAP media, configured with a stir bar to hinder cell clumping and provide more aeration.
Two desk lamps surround culture to allow for more cell growth. C) Large liquid culture of Chlamydomonas
cells in spinner flask of TAP media. D) First wash spin of Chlamydomonas cells and pellet was kept. E) The

first spin in deflagellation step, supernatant containing flagella is kept. F) Sucrose cushion spin to further
remove cell bodies from flagella. Supernatant contains flagella G) Hard spin to concentrate flagella (pellet)

to then be stored overnight at 4C. H) Demembranation spin resulting with axonemes in the pellet. Pellet was
resuspended and sample was snap frozen and used for experiments. Green indicates Chlamydomonas cell
(A-D) and cell debris (E-H). White/clear indicates flagella, which is the desired product for steps in panels

E-H.
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B.2.2 Dynamic microtubules, nucleated from axonemes, can be bundled by crowding agents

We next wanted to test axoneme functionality for nucleating microtubule extensions. Briefly, axonemes, with

stable microtubule seeds used as a positive control, were added to non-specifically absorb to a coverslip sur-

face for imaging. Using Internal reflection microscopy (IRM), widefield, and TIRF microscopy, we captured

movies of the axoneme over time, and found axonemes growing multiple, dynamic microtubule extensions

(Appendix Figure B.2A). As expected, microtubule extensions from stabilized microtubule seeds and ax-

onemes underwent dynamic instability, indicating our conditions and axonemes are functioning correctly in

our assays (Appendix Figure B.2B,C). In these low methylcellulose conditions (0.1%) multiple microtubules

grew from one end of the axoneme, however mostly were splayed away from each other (Appendix Figure

B.2A). There were a few instances of overlapped growth, suggesting an interaction between microtubules in

a bundled organization. In low crowding conditions and with no additional microtubule associated proteins,

microtubule extensions nucleated from axonemes behave like single microtubules, where there are very few

overlapping interactions.

Figure B.2: Individual axonemes growing multiple microtubule extensions over time
A) Widefield (red) indicates microtubule seeds, TIRF (green) indicates tubulin localization which highlights

microtubule extensions, IRM (gray) indicates axonemes and extensions. Images were taken from a
15-minute movie and demonstrate dynamic microtubule growth and decay over time with low, 0.1%

methylcellulose concentration. Black and white dashed lines correspond to panels B and C, respectively. B)
Kymograph of control, single microtubule growing from GMPCPP stabilized microtubule. C) Kymograph
of 488-tubulin microtubule extension from axoneme undergoing dynamic instability. Experiments done in

triplicate.

With the initial axoneme movie taken and repeated, we hypothesized that higher methylcellulose would
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increase the number of overlapping microtubule events to measure microtubule bundle dynamics. High

amounts of methylcellulose, ranging between 0.3-0.6%, have been reported to increase microtubule interac-

tions and induce bundling in microtubule gliding assays (Farhadi et al., 2018). To test our hypothesis, we first

grew microtubule extensions from axonemes in 0.1% methylcellulose conditions for 10 minutes (Appendix

Figure B.3A). Then we added a new reaction mix with the same reagents, but with 0.3% methylcellulose,

and imaged the microtubules for 15-30 minutes. Following the introduction of triple the crowding agent, we

observed more microtubule extensions from axonemes, more bundled microtubules, and overall, the micro-

tubule network was less dynamic (Appendix Figure B.3A). Drawing a kymograph along an extension with

overlapping microtubules (Appendix Figure B.3B), we counted 4 microtubules to be growing stably together

as a bundle (Appendix Figure B.3C). Overall, higher concentrations of methylcellulose can increase events

of overlapping microtubules templated from axonemes to form networks of microtubule bundles.

Figure B.3: Microtubule extensions from axonemes exposed to 0.1% and 0.3% methylcellulose (MC) induces
overlapping of dynamic microtubules
A) First column is visualized with IRM, second and third columns are visualized using 488-nm TIRF. Row
one depicts microtubule growth from an axoneme end over time (0 - 5.5 minutes) with 0.1% MC. Row two
depicts microtubule growth from an axoneme end over time (0 - 5.5 minutes) with 0.3% MC. Arrows point
to focal axonemes. White dashed line corresponds to kymograph in Panel B. B) Kymograph of overlapped
microtubule extensions from axoneme structure in Panel A. Dotted line corresponds to intensity profile in

Panel C. C) Microtubule extension intensity over the distance of the dotted white line in Panel B. Intensity is
shifted to the average local background. Asterisks highlight intensity peaks analogous to a single

microtubule.
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B.3 Discussion

Microtubules are essential structures for cell function due to the many vital functions they perform. If mi-

crotubules, or the more complex structures they make up, malfunction: it could lead to disease. For this

reason, it is extremely important to understand basic microtubule function. However, while microtubules are

frequently studied, they are usually studied individually. This is not reflective of how microtubules exist in

cells since microtubules here tend to work together in ensembles. Because of this, we attempted to determine

a way to study microtubule ensembles in vitro for more reflective data of how they operate in cells. Our

findings indicate that microtubule bundles can be grown in vitro from axonemes for a more reflective study

to model microtubules within cells. Building off this experiment, future directions should aim to replicate

growing microtubule extensions from axonemes. From there, our assay can be used for different methods

of crowding, such as using different crowding reagents (Park et al., 2021) or bundling MAPs (Prezel et al.,

2018; Stoppin-Mellet et al., 2013; Subramanian et al., 2010). Future work should also research the dynamics

of bundled microtubules in larger bundle structures.

The process for growing Chlamydomonas cells was successful. There was a period of cell decay when

they were growing in 25 ml spinner flask, but the decay stopped and reversed after we moved the cells to the

larger culture and introduced aeration. The process of purifying axonemes was also successful. During the

flagellar pellet stage of the purification, there was a slightly visible white halo with green in the center indica-

tive of contamination. We used our protocols to judge that the green present in the pellet was not abundant

enough to justify ending our purification. There were minimal consequences to the contamination; debris

was occasionally visible when observing our final solution under the microscope. The step in the purification

we believe to have caused some contamination was during the sucrose cushion step to separate flagella from

remaining cell debris. We can optimize this step by adding another sucrose cushion spin (Alper et al., 2013;

Orbach and Howard, 2020).

The procedure of visualizing our purified axonemes under a microscope was successful as well. Initially,

we had issues seeing the axonemes, because they were not binding well to the microscope coverslip. This was

solved by adding stable, microtubule seeds as a control, in addition to the axonemes, which had an unintended

effect of crowding the axonemes near the surface to nonspecifically absorb to the coverslip. Upon imaging

the axonemes, we observed multiple microtubule extensions growing from single axoneme ends. We can tell

axonemes and microtubules apart by using IRM and TIRF imaging, confirming that our axonemes did grow

microtubule extensions. The final process of bundling microtubule extensions together was successful. By
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tripling the crowing agent (0.3%) and utilizing the same imaging techniques as before, we observed more

bundling, indicated by brighter signal, and more stable extensions. This resulted in more stable extensions

growing and encountering other microtubules, causing them to join and bundle together to create larger bun-

dles with other axonemes.

Microtubule bundle dynamics have been studied previously, however as induced by MAPs (Prezel et al.,

2018; Stoppin-Mellet et al., 2013). These experiments used stable microtubule seeds and grew single mi-

crotubule extensions, where microtubule extensions would eventually encounter each other at an angle and

promote bundle formation by MAPs. However, bundle size was limited to 2-3 microtubules and computa-

tional simulations were needed to understand larger bundle sizes. Depending on the type of cell, there are

instances of larger microtubule bundle networks, such as in the axon, where there can be 10-100 microtubules

bundled in a crosssection (Fadić et al., 1985; Stoppin-Mellet et al., 2013). Our in vitro, axoneme assay for

studying microtubule bundle dynamics allows for study of bundle sizes up to 9 microtubules from the same

axoneme and can potentially go bigger with the microtubule extensions from nearby axoneme templates.

Furthermore, methylcellulose is a relatively inexpensive reagent as compared to the cost of purifying MAPs

to use as crosslinkers.

B.4 Methods

B.4.1 Chlamydomonas reinhardtii culture and axoneme purification

Methods for growing cells were derived from previously published work and adapted to scale (Alper et al.,

2013; Orbach and Howard, 2020).

B.4.2 Microtubule dynamics from axonemes

Imaging channels and GMPCPP stabilized microtubules were prepared as described in Chapter 2 and Chapter

3, respectively. To prepare flow cells for experiments, 4 µl of microtubule seeds, 4 µl of axonemes, and 2 µl of

BRB80 were flown into an imaging-channel and incubated for 15 minutes at room temperature to allow for

non-specific absorption to the surface. Then the channel was washed with BRB80, and then blocked with 1%

Pluronic F127 for 20 minutes at room temperature. Finally, the imaging channel was washed with BRB80,

5x the channel volume to ensure complete washout of reagents. To grow microtubule extensions, reaction

mixes were prepared with the following reagents, 10 µM tubulin, 8-10% labeled with Alexa488 and imaging

buffer (BRB80, 1 mM GTP, 40 mM Di-glucose, 40 µg/ml Glucose Oxidase, 16 µg/ml Catalase, 0.08 mg/ml

casein, 10 mM DTT, and 1 mM MgCl2). For baseline conditions, 0.1% methylcellulose (MC) was added to

the imaging buffer to help visualize growing microtubule extensions. In microtubule bundle conditions, 0.3%
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methylcellulose was added to induce bundling. The axonemes were pushed to the surface of the coverslip

due to the addition of the crowding agent.

Microtubule extensions and axonemes were visualized using IRM to visualize axoneme and microtubule

extensions, TIRF microscopy to visualize microtubule extensions, and widefield microscopy to visualize the

microtubule seeds on a Nikon Eclipse Ti2 microscope with 100x/1.49 n.a. TIRF objective, equipped with

NEO sCMOS camera and 488-nm laser. Objective heater was used to maintain a sample temperature of 35

C. Images of microtubule extension growth in IRM and 488-nm TIRF were taken every 5 seconds for 15-30

minutes. Widefield images of microtubule seeds (TRITC filter) were imaged for the first frame.
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Bazellières, E., Massey-Harroche, D., Barthélémy-Requin, M., Richard, F., Arsanto, J.-P., and Le Bivic, A.
(2012). Apico-basal elongation requires a drebrin-E–EB3 complex in columnar human epithelial cells.
Journal of Cell Science, 125(4):919–931.

Bieling, P., Kandels-Lewis, S., Telley, I. A., Van Dijk, J., Janke, C., and Surrey, T. (2008). CLIP-170 tracks
growing microtubule ends by dynamically recognizing composite EB1/tubulinbinding sites. Journal of
Cell Biology, 183(7):1223–1233.

Bieling, P., Laan, L., Schek, H., Munteanu, E. L., Sandblad, L., Dogterom, M., Brunner, D., and Surrey, T.
(2007). Reconstitution of a microtubule plus-end tracking system in vitro. Nature, 450(7172):1100–1105.

Biosse Duplan, M., Zalli, D., Stephens, S., Zenger, S., Neff, L., Oelkers, J. M., Lai, F. P. L., Horne, W.,
Rottner, K., and Baron, R. (2014). Microtubule Dynamic Instability Controls Podosome Patterning in
Osteoclasts through EB1, Cortactin, and Src. Molecular and Cellular Biology, 34(1):16–29.

Biswas, S. and Kalil, K. (2018). The microtubule associated protein tau mediates the organization of mi-
crotubules and their dynamic exploration of actin-rich lamellipodia and filopodia of cortical growth cones.
The Journal of Neuroscience, 38(2):2217–2281.

Blanchoin, L., Boujemaa-Paterski, R., Sykes, C., and Plastino, J. (2014). Actin Dynamics, Archi-tecture, and
Mechanics in Cell Motility. Physiol Rev, 94:235–263.

Bolte, S. and Cordelières, F. P. (2006). A guided tour into subcellular colocalization analysis in light mi-
croscopy. Journal of Microscopy, 224(3):213–232.

Bosveld, F., Markova, O., Guirao, B., Martin, C., Wang, Z., Pierre, A., Balakireva, M., Gaugue, I., Ainslie,
A., Christophorou, N., Lubensky, D. K., Minc, N., and Bellaiche, Y. (2016). Epithelial tricellular junctions
act as interphase cell shape sensors to orient mitosis. Nature, 530(7591):495–498.

Bouchet, B. P., Gough, R. E., Ammon, Y. C., van de Willige, D., Post, H., Jacquemet, G., Maarten Altelaar,
A. F., Heck, A. J. R., Goult, B. T., and Akhmanova, A. (2016). Talin-KANK1 interaction controls the
recruitment of cortical microtubule stabilizing complexes to focal adhesions. eLife, 5(JULY):1–23.
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associated protein MISP is involved in mitotic spindle positioning in human cells. Cell Cycle, 12(9):1457–
1471.

Maki, T., Grimaldi, A. D., Fuchigami, S., Kaverina, I., and Hayashi, I. (2015). CLASP2 has two distinct TOG
domains that contribute differently to microtubule dynamics. Journal of Molecular Biology, 427(14):2379–
2395.

Marx, A., Godinez, W. J., Tsimashchuk, V., Bankhead, P., Rohr, K., and Engel, U. (2013). Xenopus cyto-
plasmic linker-associated protein 1 (XCLASP1) promotes axon elongation and advance of pioneer micro-
tubules. Molecular Biology of the Cell, 24(10):1544–1558.

Merriam, E. B., Millette, M., Lumbard, D. C., Saengsawang, W., Fothergill, T., Hu, X., Ferhat, L., and Dent,
E. W. (2013). Synaptic regulation of microtubule dynamics in dendritic spines by calcium, F-actin, and
Drebrin. Journal of Neuroscience, 33(42):16471–16482.

Mimori-Kiyosue, Y., Grigoriev, I., Lansbergen, G., Sasaki, H., Matsui, C., Severin, F., Galjart, N., Grosveld,
F., Vorobjev, I., Tsukita, S., and Akhmanova, A. (2005). CLASP1 and CLASP2 bind to EB1 and regulate
microtubule plus-end dynamics at the cell cortex. Journal of Cell Biology, 168(1):141–153.

Mimori-Kiyosue, Y., Shiina, N., and Tsukita, S. (2000). Adenomatous polyposis coli (APC) protein moves
along microtubules and concentrates at their growing ends in epithelial cells. Journal of Cell Biology,
148(3):505–517.

Mitchison, T. and Kirschner, M. (1984). Dynamic instability of microtubule growth. Nature, 312(5991):237–
242.

Moon, H. M. and Wynshaw-Boris, A. (2013). Cytoskeleton in action: lissencephaly, a neuronal migration
disorder. Wiley Interdisciplinary Reviews: Developmental Biology, 2(2):229–245.

Morales, E. A., Arnaiz, C., Krystofiak, E. S., Zanic, M., and Tyska, M. J. (2022). Mitotic Spindle Positioning
(MISP) is an actin bundler that selectively stabilizes the rootlets of epithelial microvilli. Cell Reports,
39(3):110692.

Mostowy, S. and Cossart, P. (2012). Septins: The fourth component of the cytoskeleton.

Nakos, K., Alam, M. N. A., Radler, M. R., Kesisova, I. A., Yang, C., Okletey, J., Tomasso, M. R., Padrick,
S. B., Svitkina, T. M., and Spiliotis, E. T. (2022). Septins mediate a microtubule–actin crosstalk that
enables actin growth on microtubules. Proceedings of the National Academy of Sciences, 119(50):2017.

Nakos, K., Radler, M. R., and Spiliotis, E. T. (2019). Septin 2/6/7 complexes tune microtubule plus-end
growth and EB1 binding in a concentration- and filament-dependent manner. Molecular Biology of the
Cell, 30(23):2913–2928.

Nejedla, M., Sadi, S., Sulimenko, V., de Almeida, F. N., Blom, H., Draber, P., Aspenström, P., and Karlsson,
R. (2016). Profilin connects actin assembly with microtubule dynamics. Molecular Biology of the Cell,
27(15):2381–2393.

78



Nicastro, D., Schwartz, C., Pierson, J., Gaudette, R., Porter, M. E., and McIntosh, J. R. (2006). The Molecular
Architecture of Axonemes Revealed by Cryoelectron Tomography. Science, 313(5789):944–948.

Noble, M., Lewis, S. A., and Cowan, N. J. (1989). The microtubule binding domain of microtubule-associated
protein MAP1B contains a repeated sequence motif unrelated to that of MAP2 and tau. Journal of Cell
Biology, 109(6):3367–3376.

Nogales, E., Whittaker, M., Milligan, R. A., Downing, K. H., and Berkeley, L. (1999). High-Resolution
Model of the Microtubule University of California at Berkeley. Cell, 96:79–88.

Nogales, E., Wolf, S. G., and Downing, K. H. (1998). Structure of the aB tubulin dimer by electron crystal-
lography. Nature, 391(January):199–204.

Noordstra, I., Liu, Q., Nijenhuis, W., Hua, S., Jiang, K., Baars, M., Remmelzwaal, S., Martin, M., Kapitein,
L. C., and Akhmanova, A. (2016). Control of apico-basal epithelial polarity by the microtubule minus-end
binding protein CAMSAP3 and spectraplakin ACF7. Journal of Cell Science, pages 4278–4288.

Norris, S. R., Jung, S., Singh, P., Strothman, C. E., Erwin, A. L., Ohi, M. D., Zanic, M., and Ohi, R.
(2018). Microtubule minus-end aster organization is driven by processive HSET-tubulin clusters. Nature
Communications, 9(1):2659.

Oberhofer, A., Reithmann, E., Spieler, P., Stepp, W. L., Zimmermann, D., Schmid, B., Frey, E., and Ökten,
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